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ABSTRACT 

The phosphodiester and glycosidic bonds are essential for the function of nucleic acids, 

binding nucleotides together and nucleobases to (deoxy)ribose. However, many cellular 

processes require cleaving these bonds, including DNA repair, RNA processing, and viral 

defense. To enable these processes to occur at biologically-relevant timescales, cells utilize 

glycosylases and nucleases to facilitate this chemistry. Due to their important roles in cell survival, 

glycosylases and nucleases are implicated in many different diseases and disorders, including 

neurodegeneration, inflammation, and cancer. Despite this, the catalytic mechanism for many of 

these enzymes is poorly understood, with multiple proposals often present in the literature. In this 

thesis, computational methodologies, including molecular dynamics (MD) simulations, free energy 

techniques, quantum mechanics/molecular mechanics (QM/MM) calculations, and QM/MM MD 

simulations were used to clarify the atomic level details of glycosylase and nuclease catalytic 

mechanisms. Specifically, the monofunctional glycosylases MutY, MBD4, and AlkA were 

investigated, focusing on their potential to invoke a novel mechanism that involves a DNA−protein 

crosslinked intermediate. To complement the work on monofunctional glycosylases, the 

bifunctional glycosylase hOGG1 was also studied, with this work representing the first 

characterization of a bifunctional glycosylase β-lyase mechanism. Finally, phosphodiester bond 

cleavage was further investigated by studying the Dicer mechanism of action, with the elucidated 

mechanism used to gain insight into the disease-causing nature of DICER1 hotspot mutants. The 

improved understanding of nuclease and glycosylase mechanisms will allow for the rational 

design of small molecule inhibitors as therapeutics and pushes forward the use of these enzymes 

for biotechnological applications. 
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Chapter 1: Introduction 

1.1. General Overview 

Nucleic acids play numerous vital roles in cells including storing genetic information,1 facilitating 

protein synthesis and regulation,2 and defending against viruses.3 By necessity, the glycosidic 

bonds that attach nucleobases to (deoxy)ribose and the phosphodiester bonds that connect 

nucleotides together are stable, with the uncatalyzed hydrolysis having a half-life of 10–40 years4 

and more than 100,000 years,5 respectively. However, the cell often needs to cleave these bonds 

for survival. For example, nucleic acid repair, processing, and degradation require breaking 

glycosidic and phosphodiester bonds. As a result, cells produce many different enzymes that 

catalyze the cleavage of glycosidic and/or phosphodiester bonds in nucleic acids (Figure 1.1A),6-9 

enabling the reactions to occur on biologically-relevant timeframes.  

 

Figure 1.1. A) Structure of a nucleotide highlighting bonds cleaved by the glycosylases and 
nuclease investigated in this thesis. B) Structure and base pairing of the canonical nucleobases. 

 

Regardless of their important cellular roles, the mechanisms used by many enzymes to 

facilitate nucleic acid glycosidic and phosphodiester bond cleavage are not well understood. 

Indeed, enzyme-catalyzed reactions are very fast and key species along reaction pathways are 

short-lived and challenging to characterize through experimental techniques. Therefore, despite 

advancements in experimental biochemical tools, critical information about molecular reactions 

(such as transition state structures and barrier heights) remains difficult to obtain from experiments. 

Providing a unique, yet complementary, approach to uncovering molecular reactivity, computational 
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chemistry can characterize high-energy intermediates along chemical pathways10-13 and uncover 

enzyme structure in the presence of natural substrates.  

This thesis uses a variety of computational techniques ranging from molecular mechanics to 

quantum mechanical approaches to accurately model the cleavage of glycosidic and 

phosphodiester bonds in nucleic acids. This will answer questions regarding enzyme active site 

conformations, roles of catalytically-relevant amino acid residues, and the structure of disease-

related mutants. In this thesis, the mechanism for glycosidic bond cleavage, a vital step in the repair 

of damaged DNA nucleotides,14 was investigated for the monofunctional glycosylases adenine DNA 

glycosylase (MutY), methyl-CpG binding domain 4 (MBD4), and 3-methyladenine DNA glycosylase 

II (AlkA). While the general monofunctional glycosylase mechanism involves a water molecule 

directly hydrolysing the glycosidic bond (Figure 1.2A), all three of the investigated enzymes had 

experimental evidence of a potential novel mechanism involving the formation of a DNA–protein 

crosslinked intermediate. To complement the work done on monofunctional glycosylases, the 

unknown phosphodiester bond cleavage mechanism of the bifunctional glycosylase 8-oxoguanine 

DNA glycosylase 1 (hOGG1) was then studied. To contrast the phosphodiester bond cleavage 

strategy of hOGG1, the RNA processing endoribonuclease Dicer (Dicer) was investigated to 

determine the mechanism of action and provide a rationale for the reduced activity of specific Dicer 

mutants. A better understanding of the function of these enzymes will drive the development of 

treatments for related genetic disorders (e.g. MUTYH associated polyposis (MAP),15-17 DICER1 

syndrome,18-24 MBD4 associated neoplasia syndrome (MANS)25), while also aiding in the 

development of small molecule inhibitors as therapeutics26-33 and the discovery of new 

biotechnological applications.34-36 The following sections of the introduction will discuss how nucleic 

acids are processed in cells, the general function of glycosylases and endonucleases, the 

computational modeling of enzymes, and provide a summary of how various computational 

techniques were used in this thesis to study the enzymatic cleavage of glycosidic and 

phosphodiester bonds. 
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Figure 1.2. General mechanisms for A) glycosidic bond cleavage by a monofunctional glycosylase, 
B) glycosidic and phosphodiester bond cleavage by a bifunctional glycosylase, and C) 
phosphodiester bond cleavage by a two-metal-dependent nuclease. 

 

1.2. Nucleic Acid Processing 

DNA and RNA are vital biological macromolecules, with DNA primarily acting as information 

storage,37 while RNA plays a role in information transportation,38 catalyzing chemical reactions,39 

aiding the translation of proteins,40 and regulating gene expression.41 Nucleic acids are composed 

of nucleotide subunits consisting of a phosphate, (deoxy)ribose, and nucleobase (adenine (A), 

thymine (T), guanine (G), cytosine (C), or uracil (U), Figure 1.1). The nucleobase is bound to the 

sugar through a glycosidic bond to form nucleosides, while nucleotides are connected via 

phosphodiester bonds. Nucleobases can form hydrogen bonds with each other using the Watson-
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Crick−Franklin face of the nucleobase in a complementary arrangement where G pairs with C and 

A pairs with T (DNA) or U (RNA, Figure 1.1B).  

While nucleic acid stability is important, various cellular processes require the cleavage of 

glycosidic or phosphodiester bonds to ensure cell survival. DNA and RNA repair pathways require 

the cleavage of glycosidic and/or phosphodiester bonds to remove damaged nucleotides and insert 

undamaged nucleotides to maintain the integrity of the genetic code.42, 43 Nucleic acid processing 

pathways, including splicing,44 miRNA biogenesis,45-47 and DNA recombination48 also require the 

cleavage of the stable phosphodiester bond. To allow for these processes to occur on biologically-

relevant timescales, cells utilize glycosylases and endonucleases to catalyze glycosidic and 

phosphodiester bond cleavage, allowing for up to a 1017-fold rate enhancement over the 

uncatalyzed reaction.5 Glycosylases and endonucleases, both of which are studied in the present 

thesis, will be discussed in the following two sections. 

 

1.3. Glycosylases 

The complementary base pairing between A and T, and G and C in DNA (Figure 1.1B) is 

essential for maintaining genetic integrity during DNA replication and transcription. However, DNA 

can be damaged by a variety of endogenous (e.g., metabolic products49 and inflammatory 

responses50) and exogenous (e.g., UV radiation51 and tobacco smoke52) sources, which can result 

in a change in base complementarity. This can lead to DNA mutations that can cause different 

disorders including cardiovascular disease,53 neurodegeneration,54, 55 and cancer.18, 56 To prevent 

mutagenic outcomes, one method cells use to repair small, non-distorting nucleotide modifications 

(non-bulky damage) is the base excision repair (BER) pathway.14 BER is initiated by a glycosylase 

identifying and excising a damaged base by cleaving the glycosidic bond. The resulting abasic site 

is a substrate for an apurinic/apyrimidinic (AP) endonuclease, which cleaves the backbone before 

a DNA polymerase and lyase insert the correct nucleotide and seal the nick in the DNA, completing 

repair.  
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Glycosylases can broadly be categorized as either monofunctional or bifunctional. 

Monofunctional glycosylases solely cleave the glycosidic bond. All previous monofunctional 

glycosylases with characterized mechanisms utilize an active site base to activate a water 

nucleophile that, in turn, attacks at C1′ to displace the damaged base (Figure 1.2A).7, 57-60 

Alternatively, bifunctional glycosylases cleave the glycosidic bond in addition to the 3′ 

phosphodiester bond, 5′ phosphodiester bond, or both.61 Catalysis generally proceeds via an active 

site amine directly attacking at C1′ to form a DNA−protein crosslink and cleave the glycosidic bond 

while subsequent elimination reactions cleave the phosphodiester bond(s) (Figure 1.2B).62-65  

Due to their important roles in identifying and removing damaged DNA, glycosylase misfunction 

is associated with genetic disorders.15, 25 DNA glycosylases are also attractive targets for cancer 

therapeutics,33, 66 with glycosylase inhibitors improving the efficacy of cancer fighting drugs that 

inflict DNA damage.67, 68 Despite their importance in cells and therapeutic potential, the mechanism 

of action is poorly understood for many glycosylases, with contradicting proposals present in the 

literature. Clarifying the mechanistic pathways for these glycosylases, one of the goals of this 

thesis, will pave the way for the development of treatments for glycosylase related genetic disorders 

and aid the rational design of small molecule inhibitors as therapeutics. 

 

1.4. Nucleases 

Despite nucleic acid function being dependent on a degradation-resistant backbone, 

phosphodiester bond cleavage is necessary for a multitude of biological processes including DNA 

repair,42 DNA recombination,48 RNA processing,45-47 splicing,44 viral defense,69, 70 and apoptosis.71 

Nucleases are responsible for facilitating phosphodiester bond cleavage for these processes, with 

cleavage involving a nucleophile attacking at the phosphorus of the backbone to displace one of 

the strands.72 However, the methods nucleases use to catalyze P−O bond cleavage can vary 

significantly. While two-metal-mediated catalysis was considered the standard pathway (Figure 

1.2C),73 recent experimental and computational studies have revealed a one-metal-mediated 

mechanism for several enzymes.74-76 With more mechanistic pathways possible, experimental and 
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computational studies are necessary to accurately determine nuclease mechanisms rather than 

assuming the adoption of a generic two-metal pathway. Considering nuclease misfunction is 

associated with neurodegenerative disorders,77 delayed development,78 and cancer,18 an accurate 

characterization of nuclease mechanisms is required for the development of therapeutics. 

Additionally, the atomic level details of nuclease mechanisms of action can be applied to nuclease 

biotechnologies, with nucleases being utilized for genetic engineering79, 80 and disease    

detection.81, 82 

 

1.5. Computational Modeling of Enzymes 

Most currently available mechanistic information for enzymes that process nucleic acids has 

been conjectured from structures generated from X-ray crystallography and cryogenic electron 

microscopy (cryo-EM) coupled with knowledge of the catalytic contributions of different active site 

residues from mutagenesis experiments; however, these techniques have limitations. While X-ray 

crystal structures frequently reach atomic resolution, only inferred dynamic information is provided 

and crystallized enzyme−substrate complexes either contain inactive mutant enzymes or non-

functional substrates. Cryo-EM techniques are able to capture enzyme dynamics on microsecond 

timescales,83 but this remains insufficient to capture many enzymatic reactions and structures often 

lack atomic level resolution. Mutagenic studies can identify residues vital for catalysis but cannot 

elucidate the role of the residue in the mechanism of action. To fill critical gaps left by these 

methods, computational techniques have been widely adopted to provide atomic level descriptions 

of enzyme structure and mechanisms.10-13 In terms of enzyme structure, calculations have the 

unique advantage of being able to describe wild-type systems in the presence of native substrates 

without requiring the introduction of modifications to inhibit catalysis that may induce changes in 

the active site not present in the real system.84-87  

There are a range of computational methods available with their individual usefulness 

dependent on the problem being considered. Many steps in biochemical processes require large 

shifts in biomolecular structure that occur over long timescales and therefore can be investigated 
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using molecular dynamics (MD) simulations that rely on molecular mechanics (MM) force fields to 

describe biomolecular structural dynamics.86, 88-92 However, other aspects of enzyme function, 

including deciphering the preferred catalytic pathway, require an accurate description of the fine 

details of electronic configurations and therefore techniques grounded in quantum mechanics (QM) 

must be applied.93-97 Although an abundance of information can be obtained by utilizing quantum 

mechanical methods to models ranging from tens to hundreds of atoms (quantum mechanical 

cluster methods),93, 94 the elucidation of the catalytic mechanisms of action of enzymes through 

comparisons to experimental data requires more realistic representations of the entire nucleic acid–

enzyme complex (thousands of atoms).95-97 Such modeling has become computationally feasible 

with the development of QM/MM techniques,96, 98 which divide a system into a QM region (tens to 

hundreds of atoms) and an MM region (thousands of atoms). This allows models to include entire 

enzyme complexes while still accounting for electron configurations necessary to elucidate 

mechanistic pathways. The QM/MM delimitation scheme can be combined with techniques to 

simulate dynamics to compose QM/MM MD techniques. While MD and QM/MM MD techniques 

can provide a dynamic description of enzyme−substrate complexes, many dynamic processes, 

including catalysis and substrate binding/unbinding, do not occur on timescales that can be 

captured by current computational resources. To study these processes, free energy methods are 

utilized. These methods add biases to increase sampling for low energy states (e.g., umbrella 

sampling (US), adaptively biased MD (abMD)) or simulate a (often non-physical) transformation 

between two states (thermodynamic integration (TI)).  

Computational techniques have been shown to be successful in the literature for investigating 

glycosylase and endonuclease structure and function.85, 99-120 As an example, one of the best 

studied glycosylases, uracil DNA glycosylase (UDG), has had extensive computational work done 

to characterize the catalytic mechanism.108, 121, 122 MD simulations have given insights into UDG 

substrate recognition121 and orientation in the active site,122 finding that a chromatin environment 

promotes uracil base-flipping out of a DNA helix for detection by UDG and providing structures for 

further, quantum mechanical investigations of the catalytic mechanism. QM/MM calculations on a 

truncated UDG model were employed to map the reaction surface while considering two possible 
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orientations of a water nucleophile.108 The resulting reaction surfaces correspond to a highly 

dissociative mechanism in agreement with experimental kinetic isotope effects (KIE),123 with 

significant glycosidic bond lengthening during nucleophilic attack at C1′ of U in the transition state. 

These QM/MM calculations provided the first evidence that the energetically preferred pathway 

involves H148 activating the water nucleophile, shattering the long-held belief that D or E was 

always the final proton acceptor. Subsequent QM/MM calculations on the mechanism confirmed 

these findings,106, 122 while also emphasizing the importance of an internal electric field in the active 

site for facilitating catalysis.122 In addition to UDG, computational methods have provided key 

insights into the function of other enzymes, including endonuclease V,124 AP endonuclease 1,125 

and thymine DNA glycosylase.99 However, many endonucleases and glycosylases remain poorly 

understood, with unidentified catalytic mechanisms. This thesis uses a full range of computational 

methods to provide a comprehensive description of the glycosidic and phosphodiester bond 

cleavage facilitated by different glycosylases and endonucleases, highlighting the similarities and 

differences of how enzymes approach this difficult chemistry.  

 

1.6. Scope of Thesis  

This thesis applies MD, QM/MM, and free energy techniques to characterize the mechanism 

of action of different glycosylases and nucleases. Specifically, Chapter 2 uses MD simulations and 

QM/MM calculations to elucidate the debated mechanism of action for MutY (Figure 1.3A). MutY is 

a monofunctional glycosylase responsible for removing adenine from A:8-oxoguanine (8oG) 

mispairs.126 While previous experimental and computational studies on MutY identified a direct 

hydrolysis mechanism,111, 113, 127 more recent crystallographic and NMR studies128, 129 propose the 

formation of a DNA−protein crosslink as part of the catalytic pathway. This chapter provides proof 

that MutY utilizes a crosslinking mechanism, resolving the controversy. Furthermore, this chapter 

investigates the structure of the N146S MutY mutant, giving insight into why the analogous N224S 

mutation in MUTYH results in MAP. 
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Figure 1.3. Crystal structures highlighting the active sites of A) MutY bound to a DNA transition 
state analogue inhibitor (PDB ID: 3G0Q), B) MBD4 bound to pseudouridine-containing DNA (PDB 
ID: 7KZ0), C) AlkA bound to DNA transition state analogue inhibitor (PDB ID: 1DIZ), 
D) hOGG1−DNA borohydride trapped intermediate (PDB ID: 1HU0), and E) Ca2+-inhibited Dicer 
bound to substrate RNA (PDB ID: 7XW2). Residues implicated in catalysis are highlighted in red. 

 

MutY was the first monofunctional glycosylase for which a crosslinking mechanism was 

characterized. However, evidence for crosslink formation exists in other enzymes as well. 

Specifically, the mechanism of action of MBD4, a monofunctional glycosylase that removes thymine 

from T:G mispairs resulting from the deamination of 3-methylcytosine (3mC),130, 131  had been 

hypothesized in the literature to go through either a direct hydrolysis mechanism or a crosslinking 

mechanism based on two different crystal structures.130, 132 To clarify this controversy, Chapter 3 

uses abMD and QM/MM techniques to elucidate the mechanism of MBD4 (Figure 1.3B). This 
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chapter uncovered that MBD4 has a flexible active site, with catalysis proceeding through a direct 

hydrolysis mechanism to result in an anionic T product. This clarified the conflicting literature 

regarding MBD4 activity and paves the way for research into understanding and treating MANS. 

AlkA is another monofunctional glycosylase that, while initially considered to cleave glycosidic 

bonds using a direct hydrolysis mechanism,133 was also proposed to proceed through a 

DNA−protein crosslinked intermediate based on a crystal structure of AlkA bound to a transition 

state analogue.134 Consequently, Chapter 4 uses MD simulations and QM/MM calculations to 

provide the first structural depiction of AlkA bound to a substrate as well as determine the 

mechanism of action (Figure 1.3C). AlkA is a bacterial monofunctional glycosylase that targets a 

wide variety of alkylated purines and pyrimidines, with one of its common substrates being 3-

methyladenine (3mA).134, 135 In this chapter, it was determined that AlkA binds 3mA through a large 

number of non-specific, hydrophobic contacts, which provides a rationale for AlkA substrate 

promiscuity. Additionally, catalysis was found to proceed through a direct hydrolysis mechanism, 

with the provided details of the mechanism promising to aid the development of inhibitors as anti-

bacterial agents.136 With the formation of a crosslinked intermediate investigated for three different 

enzymes in Chapters 2, 3, and 4, insights can be obtained on why MutY can facilitate crosslink 

formation while other enzymes cannot and provide a rationale for the apparent uniqueness of this 

catalytic pathway. 

The previous chapters provide an in-depth description of the mechanism of action of 

monofunctional glycosylases. However, much less is known about bifunctional glycosylase 

catalysis. Therefore, Chapter 5 uses MD, umbrella sampling, and QM/MM MD simulations to 

investigate the β-lyase mechanism of hOGG1, a bifunctional glycosylase that removes 8oG 

damage (Figure 1.3D).61, 137 While the glycosidic bond cleavage portion of the hOGG1 mechanism 

has been elucidated through several experimental62, 63 and computational studies,138-140 conflicting 

proposals for the β-lyase portion of the mechanism are present in the literature. Specifically, a 

crystal structure depicting hOGG1 with 8oG bound in the active site lead to a product-assisted 

mechanism being proposed,61 while a kinetic study hypothesized D268 catalyzes phosphate 
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elimination.141 However, neither proposal could fully account for all available kinetic and mutagenic 

data.141-144 This chapter unveils a new mechanism for hOGG1 activity involving an elimination 

mechanism catalyzed by either D268 or K249, representing the first elucidated β-lyase mechanism 

for a bifunctional glycosylase. 

Bifunctional glycosylases cleave the DNA backbone as part of their activity; however, nucleases 

are the main class of enzyme that facilitate phosphodiester bond cleavage in cells, with nuclease 

misfunction often causing disease.18, 145 Chapter 6 uses thermodynamic integration and MD 

simulations alongside QM/MM calculations to determine the catalytic mechanism for Dicer and 

provides a rationale for Dicer mutations that result in DICER1 syndrome (Figure 1.3E). Dicer is a 

magnesium-dependent endonuclease that is vital for the production of miRNA in cells,45-47  with 

mutations in the DICER1 hotspot region resulting in a disorder called DICER1 syndrome.18 In this 

chapter, the catalytic Mg2+ binding configuration and catalytic mechanism of Dicer are identified, 

while DICER1 syndrome-causing mutants are revealed to impede functional metal−substrate 

orientations. 

Chapter 7 summarizes how this thesis used a variety of computational techniques to 

characterize different glycosylase and endonuclease mechanisms. It illustrates the factors involved 

in the viability of DNA−protein crosslink formation during catalysis for monofunctional glycosylases. 

Additionally, the differing strategies for nucleic acid backbone cleavage utilized by bifunctional 

glycosylases and endonucleases are compared. Finally, future directions for research into other 

glycosylases and endonucleases using the computational methodology developed in this thesis 

are presented. 
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Chapter 2: Distinctive Formation of a DNA–Protein Crosslink During the Repair of DNA 

Oxidative Damage: Insights into Human Disease from MD Simulations and QM/MM 

Calculations  

2.1. Introduction 

The generation of reactive oxygen species in human cells from endogenous processes (e.g., 

mitochondrial aerobic metabolism, and inflammatory responses)1, 2 or exogenous sources (e.g., 

pollutants, radiation, tobacco smoke, and heavy metals)3-5 has been linked to a range of health 

issues, including cancer, diabetes, cardiovascular disease, chronic inflammation, 

neurodegeneration (Alzheimer’s and Parkinson’s diseases), asthma, and male infertility.6-9 These 

detrimental effects can result from ROS altering the chemical structure and base-pairing properties 

of the DNA nucleobases.10, 11 For example, 8-oxo-7,8-dihydroguanine (8oG), a major ROS product 

that has been estimated to arise 1000–7000 times per cell per day,12 frequently mispairs with 

adenine during replication,13-15 which ultimately causes G:C to T:A transverse mutations. To 

prevent these harmful mutations, the human adenine DNA glycosylase homologue (MUTYH) aids 

the reversal of 8oG:A pairs by catalyzing deglycosylation of 2′-deoxyadenosine (dA) as part of the 

base excision repair (BER) pathway.16 MUTYH is highly specific towards both 8oG and the 

opposing adenine, which prevents damage that could be caused by removing adenine from native 

T:A base pairs.17, 18  

There is an urgent need to understand the mechanism of action of DNA repair enzymes such 

as MUTYH due to direct correlations between defects in their function and human diseases. 

MUTYH inherited biallelic variations can result in a condition known as MUTYH-Associated 

Polyposis (MAP), which has symptoms including the development of colon polyps and an increased 

risk of colorectal cancer.19-21 Indeed, an N224S MUTYH variant associated with MAP alters a 

residue close to the active site,22 which could cause the reduced catalytic rates that have been 

linked with the disease.23 However, this is just one example among over eighty MUTYH missense 

and truncating variants whose functions are unclear.24, 25 There is also evidence that designing 

novel pharmaceuticals to target enzymes involved in DNA repair pathways may afford successful 
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cancer treatments by increasing the efficacy of anticancer drugs targeting DNA-repair defective 

cancers,26-33 and highly specific and potent small molecule inhibitors have already been designed 

for enzymes that share mechanistic features with DNA glycosylases like MUTYH.34-40 However, to 

aid the prediction of the dysfunction of MAP-related MUTYH variants in humans and develop 

possible cancer treatment strategies, the atomic-level details of the chemistry facilitated by MUTYH 

are required. Indeed, structural information has proven essential for the rational development of 

small molecule (transition state analogue) inhibitors.41-44 

 

Figure 2.1. Crystal structure (left) and corresponding proposed mechanism (right) of the A) lesion 
recognition complex (LRC) containing the D144N mutant (PDB ID: 1RRQ), B) fluorine recognition 
complex (FLRC) containing MutY bound to 2′-β-fluoro-2′-deoxyadenosine (FdA, PDB ID: 3G0Q), 
and C) transition state analogue complex (TSAC) with MutY bound to a pyrrolidine transition state 
analogue (1N, PDB ID: 6U7T).  

 

Owing to the same identities and conformations of active site catalytic residues, MUTYH is 

expected to share a catalytic mechanism with the Escherichia coli adenine DNA glycosylase 

homologue (MutY).45, 46 Although the function of MutY has been subjected to many experimental 

studies,47-57 the deglycosylation mechanism is highly debated in the literature. Mutational data, 

kinetic isotope effect (KIE) analysis, and a crystal structure of 8oG:A bound to the D144N mutant 

of Geobacillus stearothermophilus (Gs) MutY (known as the lesion recognition complex (LRC))54 
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led to the first adopted mechanism (Figure 2.1A).53 In this proposed pathway, E43 protonates N7 

of dA via a bridging water molecule to generate an oxocarbenium ion intermediate and 

subsequently activates a water nucleophile that attacks C1′ of the dA sugar. Although D144 

provides electrostatic charge stabilization of the reaction intermediate in this mechanism, the 

D144N MutY mutant is catalytically inactive in vitro,51 suggesting a more prominent role for D144. 

Furthermore, a crystal structure of Gs MutY bound to the cleavage resistant substrate analogue 2′-

deoxy-2′-fluoro-β-D-arabinoadenosine (FdA; denoted the fluorine lesion recognition complex 

(FLRC))55 shows D144 positioned with respect to the substrate to act as the general base. 

Therefore, in a revised mechanism based on the FLRC, D144 was proposed to activate the water 

nucleophile following nucleobase departure rather than E43 (Figure 2.1B).55 This conjectured role 

for D144 is consistent with that of a conserved aspartate or glutamate residue in the active site of 

other (monofunctional) DNA glycosylases (e.g., AAG, MBD4, and the UDG family).58-61  

As for other DNA repair enzymes,62-71 computational work has provided insights into the 

mechanism of action of MutY, but has also raised new questions.53, 58, 72, 73 Indeed, 

ONIOM(QM:QM) calculations initiated from the FLRC MutY crystal structure provided additional 

support for the critical and distinct roles of E43 and D144.73 Furthermore, this work was the first to 

identify a catalytic role for Y126, namely charge stabilization and positioning of E43, and proposed 

that D144 explicitly catalyzes nucleobase dissociation by undergoing partial nucleophilic attack of 

the sugar.73 A subsequent experimental study substantiated the importance of Y126, at least in part 

through the crystallization of MutY complexed with the positively charged (3R,4R)-4-

(hydroxymethyl)pyrrolidin-3-ol (1N) nucleotide (denoted the transition state analogue complex 

(TSAC), Figure 2.1C),56 which revealed a hydrogen-bond network between Y126, E43, and the 

substrate. Additional support came in the form of a 260-fold decrease in the wild-type MutY catalytic 

activity for the Y126F mutant.56 The TSAC structure also indicates that adenine must exit the MutY 

active site prior to nucleophilic attack of a water molecule,56 which is consistent with the rapid 

release of adenine compared to the slower release of the abasic product.74, 75  
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N146 was also implicated as a modulator of catalytic activity via hydrogen bonding with D144,56 

which was recently verified by a measured ~180-fold decrease in adenine excision upon N146S 

mutation.57 However, NMR experiments on the MutY methanolysis product56 and a crystal structure 

of MutY bound to the enzyme-generated product57 revealed a β-anomer abasic site with retention 

of stereochemistry at C1′, which contrasts the inversion of stereochemistry associated with the 

previously proposed54, 55 and computationally studied53, 73 catalytic pathways, as well as the 

accepted mechanisms for any other monofunctional DNA glycosylase. This structural and kinetic 

data necessitated a revised mechanism in which D144 directly attacks the oxocarbenium ion in an 

irreversible reaction step to yield a DNA–protein crosslink (Figure 2.1C). Crosslink formation is 

consistent with the observed short distance (2.9 Å) between the carboxylate group of D144 and N1′ 

(the azaribose atom equivalent to C1′ of deoxyribose) and retention of stereochemistry at the 

anomeric carbon, and would permit active site reorganization, including nucleobase release and 

alignment of an E43 activated water molecule to hydrolyze the crosslink and regenerate the enzyme 

in the final chemical step. Although compatible with crystallographic,54-57 mutational,47-49, 51 and KIE 

data,53 and parallels to mechanisms established for glycosidases,76, 77 a structural depiction of the 

DNA–protein crosslink and atomic level details of the crosslink formation mechanism to support the 

unique double-displacement mechanism for a DNA glycosylase is currently lacking.  

To consolidate previous experimental and computational literature on MutY, the present study 

employs both molecular dynamics (MD) simulations and QM/MM (ONIOM) calculations initiated 

from DNA–protein complexes that represent different stages of the repair pathway to unequivocally 

map the MutY catalytic mechanism. Specifically, MD simulations on the reactant complex (RC, 

modeled from the FLRC) provide initial information about the roles of E43, Y126, N146, and D144 

in the first catalytic steps, while MD simulations on the DNA–protein crosslink intermediate complex 

(ICCL, modeled from the TSAC) afford the first structural information about the crosslinked 

intermediate and its accommodation in the MutY active site. Subsequently, MD structural data are 

used to build multiple QM/MM models to provide a dynamic representation of each stage of the 

repair process and uncover the currently missing atomic level details of the catalytic mechanism, 

including structures of transition states and computed barrier heights. To gain further insight into 
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the MutY catalytic strategy and understand the roles of key active site residues, in silico mutational 

studies are used to investigate the structure and function of the Y126F and N146S MutY mutants. 

Through comparisons to the wealth of available experimental data on MutY,47-57 this multi-pronged 

computational approach unveils the structure of key intermediates and provides much-needed 

support for a unique N-glycosidic bond cleaving mechanism that involves retention of 

stereochemistry and the formation of a DNA–protein crosslink during DNA repair. In addition to 

unifying previous experimental47-57 and computational53, 58, 72, 73 studies, the atomic level details of 

the MutY mechanism of action represent an important step in the development of transition state 

analogue inhibitors as anti-cancer drugs and shed light on the role of a MUTYH mutation associated 

with MAP. Therefore, this work represents an important step for developing treatment strategies 

for devastating human diseases. 

 

2.2. Computational Methods 

Full details of the computational procedure can be found in Appendix A. 

 

2.2.1. MD simulations  

Input models for MD simulations corresponding to the RC and ICCL were generated based on 

crystal structures of the fluorine recognition complex (FLRC, PDB ID: 3G0Q)55 and transition state 

analogue complex (TSAC, PDB ID: 6U7T),56 respectively. The P164C mutation in the FLRC crystal 

structure was reverted to proline and 2′-β-fluoro-2′-deoxyadenosine was converted to dA using 

PyMOL.78 E43 in the RC was assigned a neutral protonation state based on the relative 

arrangement of contact partners in the FLRC and LRC crystal structures,54, 56 and previous 

PROPKA calculations.73 In the TSAC model, the proposed DNA–protein crosslink was constructed 

by replacing azaribose with 2′-deoxyribose and forming a covalent bond between C1′ and the D144 

side chain. PyMOL was used to add unresolved residues to the models while avoiding close 

contacts and to subsequently generate the N146S and Y126F MutY mutants. Each structure was 
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solvated with TIP3P water molecules in a periodic rectangular prism with sides a minimum of 10 Å 

from the solute in each direction using the LEaP program in AMBER 2018.79 Sodium ions were 

added to neutralize the system and NaCl was added to achieve physiological salt concentration 

(150 mM). The Amber force field was used throughout, with protein residues described using 

ff14SB parameters80 and nucleic acid components modeled using OL15.81 Parameters for the 8oG 

lesion were adopted from the literature,73 while parameters for the sulfur-iron (Fe4S4) cluster and 

the coordinating cysteine residues were generated using the MCPB.py program (Tables A.1, A.2 

and Figure A.1, Appendix A).82 The Amber parameters for the crosslink were supplemented by the 

general AMBER force field (GAFF)83 using Antechamber (Table A.1 and Figure A.1, Appendix A)84 

and RESP charge fitting was used to generate charges with the R.E.D.v.III.4 program (Table A.2, 

Appendix A).85 Following minimization and equilibration of each model, four 1 µs MD production 

simulations were performed on each system using AMBER 2018.79 

Trajectory analysis was conducted across all replicas using the cpptraj program in AMBER 

2018.79 Hydrogen bonds were considered to be present between two residues if the heavy atom 

distance was less than 3.0 Å and the hydrogen-bonding angle fell between 135° and 180°. D144 

was considered in a catalytically conducive position for nucleophilic attack at C1′ of dA in the 

reactant complex when the D144Oδ···C1′ distance was less than 4.0 Å and the ∠(N9C1′D144Oδ) 

angle was greater than 95˚. A water nucleophile was deemed available for hydrolysis of the 

crosslinked intermediate when located within 3.5 Å of E43 and 4.5 Å of C1′ of deoxyribose. MD 

data are reported as averages, with the standard deviations calculated across the dataset. Average 

root-mean-square deviation (RMSD) across each simulation and the data set for each model can 

be found in the SI (Table A.3, Appendix A). Representative structures were obtained by clustering 

the entire dataset for each model using the hieragglo algorithm.  

 

2.2.2. QM/MM calculations  

Due to the high similarity of the MD replica trajectories, QM/MM models of the DNA–protein 

complex were built from 10 snapshots, collected at intervals of 4 ns from the beginning of one 



29 
 

trajectory corresponding to each of the wild-type MutY reactant complex (FLRC model) and the 

crosslinked intermediate (TSAC model). Each model was analyzed to determine whether key 

residues adopt structural criteria necessary to afford a catalytically conducive complex. Specifically, 

a direct or water-mediated hydrogen bond between the E43 side chain and N7 of dA is required in 

the RC, while the distance between E43 and C1′ is less than 5.5 Å in the ICCL. Models that did not 

satisfy these criteria were discarded. In total, 4 MD snapshots were identified for QM/MM reaction 

pathway mapping for each catalytic stage. In addition, one QM/MM model was built from the 

solvated FLRC crystal structure. Y126F MutY mutant models were also constructed by mutating 

Y126 in the wild-type model initiated from the FLRC crystal structure and one of the TSAC 

snapshots. 

The QM region of the reactant complex (FLRC model) contains 134–137 atoms, with an overall 

charge of –4. Specifically, the high-level layer contains E43, Y126, D144, N146, V147, dA, R31, 

E188, E192, and a water molecule hydrogen bonded to E188 (Figure A.2A, Appendix A). Three 

models also contain a water molecule that bridges E43 and dA in the QM layer. The QM layer for 

the crosslinked intermediate (TSAC model) contains 111–114 atoms, with an overall charge of –3. 

Specifically, the high-level layer in the intermediate complex contains E43, Y126, D144, N146, 

V147, the crosslinked substrate, and S42 (Figure A.2B, Appendix A). The nucleophilic water and 

3–4 additional water molecules surrounding E43 were also included in the QM region, with the 

number of water molecules dependent on the requirements to maintain the E43 conformation with 

respect to the crosslink as characterized by MD simulations. Although the QM regions for both the 

FLRC and TSAC models are highly anionic, the large QM region size results in a charge:atom ratio 

similar to other biosystems that DFT methods have been proven to accurately describe.86, 87 The 

MM region for all models includes the remainder of the enzyme and DNA substrate as well as 1300 

water molecules, which resulted in an approximately 4 Å deep layer of water.  

All QM/MM models were optimized using ONIOM(M06-2X/6-31G(d,p):AMBERff14SB). 

Transition state structures were isolated by scanning relevant bond distances along the reaction 

pathway to yield an initial guess and subsequently performing unrestrained transition state 
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optimizations. Frequency calculations were conducted to characterize the nature of the stationary 

points. Each pathway was verified to be continuous by mapping the internal reaction coordinate 

through scanning the nucleophile–electrophile and leaving group distance both to and from each 

stationary point. The reported reaction Gibbs energies were obtained from ONIOM(M06-2X/6-

311+G(2df,p):AMBERff14SB) single-point calculations. The mechanical embedding (ME) scheme 

was used throughout due to the robustness of this approach and previous successes using the 

same methodology for various enzymatic reactions.88-92 The reported ME barrier for the rate-limiting 

step (enzyme regeneration) was verified to be in close agreement (within 1.5 kJ/mol) with that 

obtained using the electronic embedding (EE) scheme (see SI for discussion). QM/MM structural 

and energetic data are reported as averages with standard deviations when models yield similar 

mechanisms (data for individual models are available in the SI). 

All QM/MM calculations were performed using Gaussian 16 (Rev. B.01).93 

 

2.3. Results and Discussion 

2.3.1. MutY-catalyzed dA deglycosylation coupled with formation of a DNA–protein 

crosslinked intermediate is energetically feasible, with direct or indirect protonation of the 

departing nucleobase 

For MutY to catalyze dA deglycosylation through DNA–protein crosslink formation, D144 must 

be positioned to attack C1′ and the departing dA must be stabilized by active site residues in the 

DNA–MutY reactant complex. During MD simulations of the RC (modeled from the FLRC crystal 

structure), D144Oδ on average falls within 3.7 ± 0.6 Å of dA (C1′) and the average reaction angle 

(∠(N9C1′D144Oδ)) is 104 ± 19˚ (Figure 2.2A). As a result, D144 is well aligned for nucleophilic 

attack to form the DNA–protein crosslink (R(D144 Oδ···C1′) < 4 Å and ∠(N9C1′D144Oδ) > 95˚) for 

approximately two-thirds of the total simulation time (Table A.4, Appendix A). A persistent hydrogen 

bond occurs between D144 and N146 throughout the simulations (occupancy of 89%, Figure 2.2A), 

which is consistent with crystallographic data.55, 56 This supports the previously hypothesized role 
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for N146 in positioning D144 based on crystallographic data and the pH dependent activity of the 

N146S MutY mutant.55-57 A hydrogen bond also rarely forms between N146 and the DNA backbone 

(10% occupancy, Table A.4, Appendix A). Y126 and E43 form a strong hydrogen bond (77% 

occupancy, Figure 2.2A), which correlates with proposals from previous computational73 and 

crystallographic56, 57 work that Y126 is vital for positioning E43 and is possibly involved in active 

site charge stabilization. While E43 can form a direct hydrogen bond with N7 of dA (Figure 2.2B), 

this interaction is only present for a small portion of the total simulation time (2% occupancy, Table 

A.4, Appendix A). Instead, a water molecule frequently bridges E43 and A (34% occupancy, Figure 

2.2A), an observation consistent with the E43–dA bridging water resolved in the LRC crystal 

structure.54 Additionally, there is a resolved water near E43 in the FLRC that is available to form a  

 

Figure 2.2. MD representative structures of the MutY RC containing A) water bridging E43 and dA, 
and B) a direct E43···dA(N7) hydrogen bond. Bond distances (Å), attack angle (in parentheses, °), 
and hydrogen-bond and bridging water occupancies (%) are averaged over the entire simulation 
time. 

 

bridge when structural dynamics are taken into account.56 Mechanisms involving direct or water-

mediated proton transfer from E43 to the departing A base have been proposed in the literature 

(Figure 2.1A–B).53, 55, 57, 72, 73 Taken together, MD simulations of the reactant complex highlight that 

D144 is properly positioned for nucleophilic attack of dA at C1′, while E43 is available to stabilize 

the adenine leaving group through either direct or water-mediated proton transfer. 

To characterize the mechanism for formation of a DNA–protein crosslink, MD snapshots were 

extracted for QM/MM calculations and an additional model was built from the FLRC crystal 

structure. In all five QM/MM characterized reactants (Figure A.3, Appendix A), the D144Oδ···C1′ 
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distance (average = 3.125 ± 0.158 Å) and nucleophilic attack angle (∠(N9C1′D144Oδ)avg = 115.9 ± 

21.0˚) are optimal for the first reaction step and consistent with the FLRC crystal structure 

(R(D144Oδ···C1′) = 3.2 Å, ∠(N9C1′D144Oδ) = 119°). The D144–N146 hydrogen bond is present in 

all but one model (average distance = 2.786 ± 0.100 Å, average angle = 154 ± 11°), with N146 

being close, yet directed away from D144 in the final RC (distance = 3.235 Å, angle = 49.0°). Two 

models contain a direct hydrogen bond between E43 and N7 of dA (average distance = 2.532 ± 

0.001 Å, average angle = 169 ± 7°), while a single water molecule connects the two residues in the 

remaining three RCs. Most importantly, the optimized QM/MM MutY reactant complexes have 

consistent (D144) nucleophile positioning with respect to the substrate, while E43 is aligned to 

facilitate the reaction directly or indirectly. 

The slight differences in the active site configuration for each QM/MM optimized RC impact the 

fine details of the characterized deglycosylation mechanism. In terms of nucleobase activation, 

barrierless proton transfer from E43 to N7 of dA occurs in RCs containing a direct E43–N7 hydrogen 

bond (Figure A.4, Appendix A). Although dA is not protonated in RCs containing a water bridge 

between E43 and dA, proton transfer to dA occurs through the mediating water in a single step 

(Figure A.5, Appendix A). In the corresponding transition state, the proton is almost completely 

transferred from E43 to generate a hydrodium-like ion (R(E43Hε···WATO)avg = 1.120 ± 0.115 Å), 

while proton transfer to the N7 of dA is just beginning (R(WATH···N7)avg = 1.427 ± 0.161 Å). The 

associated barrier is less than 10 kJ/mol (Table A.5, Appendix A). Regardless of the dA protonation 

pathway, the resulting DNA–MutY complexes (RCH+) have very similar structures, with the average 

C1′–N9 and N7–H bond lengths and the D144Oδ···C1′ distance for structures obtained from direct 

protonation being within a standard deviation of the values for structures that involve water 

mediated protonation (Table A.6, Appendix A). Protonation of dA is accompanied by a slight (~0.13 

Å) decrease in the D144Oδ···C1′ distance (Figures 2.3, A.5, and A.6, Appendix A), which correlates 

with an increase in the electrophilicity of the substrate.  Overall, our data suggest that both direct 

and water-mediated dA substrate protonation by E43 are valid first steps in the overall MutY 

mechanism. Furthermore, the predicted ease of dA protonation is consistent with the 
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experimentally reported lack of correlation between the proton affinities of adenine analogues and 

MutY catalytic rates.17  

 
Figure 2.3. QM/MM characterized A) concerted and B) two-step pathways for (protonated) dA 
deglycosylation through DNA–MutY crosslink formation (ICCL). Bond lengths (Å) and relative Gibbs 
energies (kJ/mol) are averaged over four models for the concerted pathway.  

 

Following substrate protonation, adenine departure and D144 attack simultaneously occur in 

four models, with an average energy barrier of 39.4 ± 14.4 kJ/mol (Figures 2.3A and A.6, Table 

A.7, Appendix A). In the corresponding TSs, D144 is ~0.3 Å closer to C1′ of dA than in the RCH+, 

while the glycosidic bond stretches by ~0.5 Å, indicating an early transition state. The resulting 

crosslinked intermediate has a fully formed D144Oδ–C1′ bond, while the departed adenine is ~3.2 Å 

away from the deoxyribose ring (R(N9···C1′)avg = 3.196 ± 0.094 Å). In the final model, 

deglycosylation occurs over two steps, with adenine departure leading to an oxocarbenium ion 

intermediate (ICOxa) in the first step and D144 attacking the sugar in the second step (Figure 2.3B). 

The transition state for formation of the oxocarbenium ion (TSDeglyco) is similar to the TSConcerted from 

the one-step mechanism, with nearly identical C1′–N9 distances (within ~0.02 Å) and D144 

positioned slightly further away from C1′ (by ~0.3 Å). Adenine has dissociated from the sugar moiety 

in the ICOxa intermediate (R(N9···C1′) = 2.859 Å) and D144 falls 2.515 Å from C1′. D144 approaches 
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C1′ (distance decreases by ~0.3 Å) in the second transition state (TSD-Attack), which results in a 

crosslinked product that is structurally similar to the ICCL characterized for the one-step mechanism. 

In the two-step mechanism, the barrier for glycosidic bond cleavage (47.4 kJ/mol) is over 10x larger 

than the barrier for D144 attack (3.2 kJ/mol).  

The average barrier for crosslink formation over all mechanisms is 41.3 ± 13.1 kJ/mol (Table 

A.7, Appendix A). The predicted energetic cost compares favorably with the barrier for adenine 

departure reported in other computational studies (30 kJ/mol),72, 73 and is well below the reported 

MutY experimental barriers for both adenine release (~80 kJ/mol)74 and product release (~100 

kJ/mol).74, 75 Additionally, the barrier associated with a D144 nucleophile is much lower than the 

computationally predicted barrier for attack by a water nucleophile (110.0 kJ/mol),73 indicating 

DNA–protein crosslink formation is favored over direct dA hydrolysis. Interestingly, although direct 

attack of dA at C1′ by D144 was not specifically considered in previous computational           

studies,53, 72, 73, 94 partial nucleophilic attack of the substrate by D144 was proposed based on a 

noticeably short (< 2.5 Å) D144Oδ···C1′ distance in a truncated ONIOM(QM:QM) model.73 Despite 

supporting the currently characterized mechanism, DNA–protein crosslink formation was not 

possible in the previously used truncated model, which was constrained outside the active site core 

to the FLRC crystallographic coordinates throughout the reaction. Overall, our MD simulations 

reveal that D144 is well positioned for nucleophilic attack at dA, with structural features comparable 

to those found in the FLRC crystal structure, while ONIOM calculations show crosslink formation is 

energetically feasible and in fact preferable to direct dA hydrolysis. 

 

2.3.2. The proposed DNA–protein crosslink is well positioned in the MutY active site for 

hydrolysis by an E43 activated water nucleophile  

The crystal structure for the TSAC provides strong evidence for adenine departure following 

DNA–protein crosslink formation,56, 57 which permits water to diffuse into the MutY active site. 

Therefore, the hydrolysis of the crosslink intermediate was modelled from the TSAC crystal 

structure by initially incorporating the deoxyribose–D144 crosslink and performing MD simulations. 
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The puckering of the crosslinked sugar is dynamic in the MutY active site. The  average Altona–

Sundarlingam psuedorotation95 is 170 ± 31° (Table A.8, Appendix A), which represents a rapid 

exchange between the C2′-endo and C3′-exo conformations, a shift from the C1′-exo pucker for 1N 

in the TSAC crystal structure.56 Water frequently enters the enzyme active site and is positioned 

between E43 and the crosslink for 43% of the simulation (Figure 2.4A). However, in addition to the 

local presence of water, crosslink hydrolysis requires E43 and C1′ to be in close proximity. Over 

the course of the simulations, E43 falls within 5.5–6.5 Å of C1′ to promote water nucleophile 

activation for over one-third (37%) of the total simulation time (average distance = 6.0 ± 0.3 Å, 

Figures A.7 and A.8A, Appendix A). In the remainder of the simulation, the E43Oε···C1′ distance is 

much longer (average distance = 7.4 ± 0.4 Å, Figure A.8B, Appendix A). Finally, in addition to being 

in close proximity to C1′ and E43, the water nucleophile must be on the 5′ face of the sugar and 

aligned for attack at the C–O crosslink bond, which can be described by ∠(E43OεC1′D144Oδ) > 125°. 

MD simulations reveal three distinct E43–crosslink relative orientations that primarily differ in the 

∠(C2′C1′D144OδD144Cγ) dihedral angle about the C–O crosslink bond (Figures A.9 and A.10, 

Appendix A). ∠(E43OεC1′D144Oδ)avg  = 133 ± 11˚ and the water nucleophile is appropriately 

positioned opposite D144 in the first (active) conformation (∠(C2′C1′ D144OδD144Cγ)avg = 140–

220°), which occurs for over 81% of the simulation time. In the other two (inactive) conformations 

(∠(C2′C1′D144OδD144Cγ)avg = 40–120° (8% occupancy) or 280–350˚ (7% occupancy)), the water 

nucleophile is not suitably positioned to initiate the reaction (∠(E43OεC1′D144Oδ) = 112 ± 16˚).  

When coupled, the proximity and alignment of E43 to the crosslink results in the active site being 

conducive for catalysis occurs for 27% of the simulation (Figure 2.4A, Table A.8, Appendix A). This 

active site conformation, particularly the positions of D144, E43, Y126, and N146 relative to the 

substrate, is structurally similar to the TSAC crystal structure (Figure 2.4B), which supports the 

structural accuracy of the computationally-predicted crosslink intermediate. 
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Figure 2.4. A) MD representative structure of ICCL bound in the MutY active site and aligned for 
hydrolysis. B) Overlay of the MutY active site from the MD representative structure of the ICCL 
(green) and the TSAC crystal structure (magenta). 

 

N146 has a much more transient interaction with D144 in the crosslinked intermediate 

(hydrogen bond occupancy = 8%; Figure 2.4A) compared to the RC (89%, Figure 2.2). Although 

N146 remains within 4 Å of D144 for 37% of the simulation, the residue forms a much stronger 

hydrogen bond with the DNA backbone in the ICCL (78% occupancy, Table A.8, Appendix A) than 

RC (10%, Table A.4, Appendix A). This suggests that N146 may not play as significant a role in 

crosslink hydrolysis, which is consistent with the N146S mutation having little impact on MutY 

catalysis after adenine release.57 On the other hand, Y126 maintains a strong hydrogen bond with 

E43 (98% occupancy, average distance = 2.6 Å, average angle = 164°), pointing to the continued 

roles of Y126 in positioning E43 and providing charge stabilization during the second reaction step. 

Overall, although the MutY active site is highly dynamic upon formation of the crosslinked 

intermediate and therefore does not consistently adopt a catalytically active conformation, the 

crosslink, E43, water nucleophile, and Y126 are frequently aligned in a manner to promote crosslink 

hydrolysis and thereby allow product generation. 

 

2.3.3. The barrier for hydrolysis of the DNA–protein crosslink to afford an abasic site product 

with retention of stereochemistry is consistent with the experimental reaction rate 

The QM/MM optimized crosslinked intermediates built from different MD snapshots are very 

similar (Figure A.11, Appendix A). Specifically, the nucleophilic water is hydrogen bonded to E43 
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(R(E43Oε···WATH)avg = 1.955 ± 0.303 Å), and well positioned with respect to the crosslink 

(R(WATO···C1′)avg = 3.019 ± 0.067 Å), which is consistent with the nucleophile observed in the 

TSAC crystal structure.56 The R(D144Oδ–N146Nδ)avg distance is 3.153 ± 0.042 Å, while Y126 forms 

a hydrogen bond with E43 in three systems and the water nucleophile in one model. Regardless, 

all intermediates proceed through a similar single TS (Figure 2.5) in which the crosslink bond is 

significantly extended (R(D144Oδ···C1′)avg = 2.519 ± 0.029 Å), the nucleophile is late in its attack 

(R(WATO···C1′)avg = 1.924 ± 0.051 Å), and the proton transfer to E43 is in the initial stages 

(R(E43Oε···WATH)avg = 1.741 ± 0.426 Å). In the product complex (PC), D144 has dissociated even 

further from C1′ (R(D144Oδ···C1′)avg = 2.798 ± 0.075), resulting in a β-anomer abasic site. The final 

product is consistent with the NMR analysis of the MutY methanolysis product56 and the crystal 

structure of the enzyme-catalyzed product.57  

 

Figure 2.5. QM/MM characterized pathway for DNA–MutY crosslink hydrolysis (enzyme 
regeneration). Bond distances (Å) and relative Gibbs energies (kJ/mol) are averaged over four 
models. 

 

The average calculated barrier for crosslink hydrolysis is 106.5 ± 6.5 kJ/mol (Figure 2.5, Table 

A.9, Appendix A). Although exponential averaging is sometimes used in the literature to determine 

QM/MM energy barriers,96 the similarity of our computed barriers for different starting structures 

results in an exponential average (102.7 kJ/mol) that is within 4 kJ/mol of that obtained through 

arithmetic averaging. Comparison to the predicted barrier for crosslink formation (41.3 ± 13.1 

kJ/mol) indicates that crosslink hydrolysis is the overall rate-determining MutY chemical step. 

Interestingly, the overall calculated barrier for MutY-catalyzed dA deglycosylation through crosslink 
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formation (Figure 2.1C) is very similar to that previously characterized for direct dA hydrolysis 

(110.0 kJ/mol;73 Figure 2.1B). Furthermore, both processes initially lead to an endothermic product 

prior to anticipated active site relaxation and product release. Nevertheless, the low initial barrier 

associated with crosslink formation prevents direct hydrolysis, the accepted mechanism for all other 

monofunctional DNA glycosylases to date, from being the preferred catalytic pathway. Most 

importantly, the predicted double-displacement MutY mechanism that involves crosslink formation 

is fully consistent with an abundance of kinetic, mutagenic, NMR, and crystallographic data,47-57 

including proposed essential roles for D144, E43, Y126, and N146,51, 54-57, 72, 73 the estimated 

experimental barrier for the rate-limiting product release (100 kJ/mol),75 and the retention of 

stereochemistry in the β-anomer abasic site product.56, 57 Thus, in addition to unifying previous 

literature on the MutY mechanism of action, our work provides the first computational support for 

the previously proposed DNA–protein crosslink in the MutY active site based on a crystalized 

transition state analogue and NMR data,56 which showcases an N-glycosidic bond cleaving 

mechanism that involves retention of stereochemistry. This functionality sets MutY apart from all 

other monofunctional glycosylases examined to date, which otherwise use direct hydrolysis of N-

glycosidic bonds without crosslink formation to yield abasic site products with inversion of 

stereochemistry.  

 

2.3.4. Y126F MutY mutant hinders the ability of E43 to catalyze both crosslink formation and 

enzyme regeneration 

To provide additional support for the predicted MutY mechanism, as well as more insight into 

the role of Y126 in the catalytic pathway, the function of the Y126F MutY mutant is considered. 

Experimental studies have shown that the Y126F mutation causes a 260-fold reduction in MutY  
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Figure 2.6. A) MD representative structure of the Y126F MutY RC. B) MD representative structure 
of the Y126F MutY ICCL. C) Key ONIOM(M06-2X/6-311+G(2df,p):AMBERff14SB)//ONIOM(M06-
2X/6-31G(d,p):AMBERff14SB) bond lengths (Å) and relative Gibbs energies (kJ/mol) for the 
deglycosylation (crosslink formation) and D) crosslink hydrolysis (enzyme regeneration) pathways 
for Y126F MutY. Calculations were initiated from the FLRC crystal structure and the first ICCL MD 
snapshot. 

 

catalytic activity.56 MD simulations on the Y126F reactant complex (FLRC model) reveal that D144 

is similarly positioned with respect to the substrate in mutant and wild-type MutY (Figures 2.6A and 

A.12A, Appendix A). Specifically, the D144Oδ···C1′ distance (4.0 ± 0.9 Å) is slightly longer for the 

mutant than wild-type MutY (3.7 ± 0.6 Å, Figure 2.2), while ∠(N9C1′D144Oδ) is slightly larger (112 

± 23°, mutant; 104 ± 19°, wild-type). As a result, D144 is aligned to attack C1′ of dA for 57% of the 

simulation on the Y126F mutant (Table A.4, Appendix A), which is comparable to the alignment in 

the wild-type enzyme (66%). The E43···N7 hydrogen bond has a similar occupancy for Y126F and 

wild-type MutY (3%), and the bridging water occupancy is slightly reduced in the mutant (from 34% 
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to 22%). This suggests that the Y126···E43 hydrogen bond plays a minor role in positioning E43 to 

accommodate a bridging water.  

In addition to changes in the RC, MD simulations on the Y126F crosslinked intermediate 

uncover significant structural destabilization of the active site upon loss of the Y126···E43 

interaction (Figure 2.6B and A.12B, Appendix A). Indeed, E43 is only close enough to deoxyribose 

to activate a water nucleophile for 13% of the simulation for the mutant compared to 37% for wild-

type MutY, with the peak corresponding to the active conformation absent from the histogram 

(Figure A.13, Table A.8, Appendix A). Additionally, E43 is only correctly aligned for nucleophile 

activation for 19% of the simulation (based on ∠(C2′C1′D144OδD144Cγ)), while the inactive 

conformation with ∠(C2′C1′D144OδD144Cγ) = 40–120° is adopted for 77% of the simulation time 

(Figures A.14–15, Table A.8, Appendix A). This combination of factors results in the active site 

being aligned to facilitate catalysis for only 5%, and water being located between E43 and the 

crosslink for only 4%, of the simulation time (Figures 2.6B). Together, the MD data suggest that 

Y126 helps position E43 to facilitate both crosslink formation and crosslink hydrolysis (enzyme 

regeneration) following adenine departure.  

To investigate the energetic impact of the Y126F mutation on the catalytic mechanism, a single 

pathway was mapped using QM/MM (ONIOM) starting from the FLRC crystal structure for crosslink 

formation and MD snapshot 1 for enzyme regeneration (Figures 2.6C–D). While the details of the 

Y126F mutant reaction pathway generally resemble the wild-type MutY mechanism, the Y126F 

mutant was found to have a later transition state for the rate-limiting crosslink hydrolysis step, with 

R(D144Oδ···C1′) increased by ~0.2 Å and R(WATO···C1′) decreased by ~0.4 Å relative to wild-type 

MutY. The overall calculated barrier also exhibits a small increase (by 6.8 kJ/mol) for the Y126F 

mutant compared to wild-type MutY. While we acknowledge our predictions are limited by mapping 

only a single pathway for mutant MutY, the role of Y126 is consistent across the wild-type models 

and we anticipate the predicted increase to be representative of the other pathways. Furthermore, 

the reduced occupancy of a catalytically conducive active site conformation coupled with an 

increased rate-determining barrier correlates with the reported ~260-fold reduction in MutY catalytic 
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activity upon Y126F mutation.56 In addition to highlighting the role of Y126 in positioning and charge 

stabilizing E43 throughout the reaction, the reproduced Y126F mutational impact further supports 

the double-displacement mechanisms for MutY, which was originally proposed based on elegant 

crystallographic, kinetic, spectroscopic, and mutational data.56, 57 This cross-linking mechanism 

distinguishes the MutY repair enzyme from others in the monofunctional glycosylase family and 

provides the first example of retention of stereochemistry upon the enzymatically catalyzed 

cleavage of an N-glycosidic bond. 

 

2.3.5. Although distinct for monofunctional glycosylases, the MutY mechanism parallels 

crosslink formation utilized by other enzymes to cleave glycosidic bonds 

While most glycosylases have a widely conserved catalytic aspartate/glutamate residue in the 

active site that is similarly positioned as D144 in MutY (i.e. uracil DNA glycosylases, AAG, and 

MBD4),60, 97-99 the residue is widely accepted to activate a water nucleophile for direct hydrolysis of 

the glycosidic bond in the absence of DNA–protein crosslink formation. Indeed, the MBD4 

mechanism of action was initially thought to involve crosslink formation due to close contact 

between C1′ and the catalytic aspartate (D534) in a crystal structure of the enzyme bound to an 

abasic site,100 but this proposal was refuted by recent crystallographic and mutational data.60 

Although a crystal structure of Mycobacterium smegmatis uracil DNA glycosylase X (MsmUdgX) 

complexed with single-stranded DNA contains a DNA–protein crosslink between H109 and C1′ of 

dU, this crosslink is the final product as part of a suicide inactivation mechanism rather than a 

transient intermediate.101, 102 Nevertheless, a crystal structure of 3–methyladenine DNA glycosylase 

II (AlkA) bound to azaribose contains a similar short distance between D238 and N1′ as found in 

the MutY TSAC structure (3.2 Å, Figure 2.7A and B),94 suggesting potential crosslink formation, a 

proposal yet to be conclusively verified with experimental or computational data. Despite crosslink 

formation in the MutY mechanism of action being unique among monofunctional glycosylases to  
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Figure 2.7. Comparison of the active sites from crystal structures of A) the MutY bound to 
pyrrolidine transition state analogue (PDB ID: 6U7T), B) AlkA bound to azaribose inhibitor (PDB ID: 
1DIZ), C) bifunctional hOGG1 bound to a borohydride trapped intermediate (PDB ID: 1HU0), and 
D) retaining glycosidase β-galactosidase bound to allolactose inhibitor (PDB ID: 4DUW).  

 

date, crosslinks occur during BER involving bifunctional glycosylases, which use an active site 

amine to facilitate both glycosylase and b/d-lyase activity (Figure 2.7C).103, 104 Regardless of the 

distinction between MutY and other repair enzymes, the discovery of a retaining mechanism for 

MutY draws parallels between BER monofunctional glycosylases and the O-glycosidases, which 

can also adopt both retaining and inverting mechanisms. Indeed, retaining glycosidases use an 

aspartate/glutamate residue that is similarly positioned with respect to the substrate as D144 of 

MutY to form a sugar–protein crosslink as an intermediate in the cleavage of O-glycosidic bonds 

(Figure 2.7D).76, 77 Thus, while the utilization of DNA–protein crosslinks by enzymes is well 

documented, MutY is the only monofunctional glycosylase confirmed to date through previous 

experimental studies56, 57 and the present computational work to invoke such a crosslinked 

intermediate as part of its mechanism of action and the only enzyme yet identified to retain 

stereochemistry while cleaving N-glycosidic bonds. The distinctive MutY mechanism compared to 
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other repair enzymes sets the stage for the design of specific and potent small molecule inhibitors 

as cancer therapeutics. 

 

2.3.6. MAP-causing N146S mutation hinders DNA–protein crosslink formation 

The present work has underscored the vital role played by D144 in the MutY mechanism of 

action, being directly involved in base excision through the formation of a covalent DNA–protein 

crosslink intermediate. Our calculations suggest that this nucleophilic role is facilitated by N146, 

which likely holds D144 in the correct position relative to dA through a persistent hydrogen bond 

(Figure 2.2 and Table A.4, Appendix A). Interestingly, the N146S mutation, which is analogous to 

the N224S mutation of MUTYH that is associated with MAP in humans,22 has an ~180-fold 

reduction in catalytic activity, with the decrease being mainly attributed to an alteration in the 

chemical steps rather than substrate affinity.57 To obtain structural information about this cancer-

related variant, investigate the catalytic role of N146, allow predictions of the functional 

consequences of MAP variants, and explain the underlying causes of MAP, MD simulations were 

performed on the N146S MutY mutant. 

MD simulations indicate that S146 rarely forms a hydrogen bond with D144 (30% occupancy, 

Table A.4, Appendix A) compared to N146 in wild-type MutY (89% occupancy), while the N146 

hydrogen bond with the DNA backbone is completely abolished upon mutation. Consequently, 

D144 is correctly aligned with respect to the substrate for 31% of the simulation compared to 66% 

for the wild-type enzyme (Figure 2.8A). Furthermore, the N146S mutation affords a unique active 

site conformation in which D144 is directed away from C1′ of dA (Figure 2.8B) and is too far to 

participate in catalysis (7.3 ± 1.6 Å). Beyond the mutational impact on D144, there is also a 

decrease in the Y126–E43 hydrogen bond occupancy (from 77% to 54%) and the E43–dA bridging 

water occupancy (34% to 22%), which points to the broader impact of the N146S mutation on the 

active site conformation. 
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Figure 2.8. MD representative structures of the N146S MutY RC in the A) inactive and B) active 
conformations. C) The crystal structure of the Ca2+-inhibited N146S MutY bound to purine (PDB ID: 
8DVP). 

 

Our simulations correlate with the reduced, but not halted, adenine excision activity of the 

N146S MutY mutant.57 Indeed, the predicted active conformation closely resembles a crystal 

structure of the Ca2+-inhibited N146S MutY mutant bound to purine (Figure 2.8C),57 where the direct 

coordination between D144 and Ca2+ in the crystal structure likely prevents nucleophilic attack and 

crosslink formation, resulting in an intact purine glycosidic bond. In contrast, the lack of a Ca2+ ion 

coordinated to D144 in the MD model allows for nucleophilic attack and thus glycosidic bond 

cleavage. Nevertheless, in the absence of a Ca2+ ion, accounting for the structural dynamics results 

in an inactive conformation being favored (Figure 2.8B). Our findings further underscore the 

structural significance of N146 for properly positioning D144 in the MutY active site as well as for 

the overall active site alignment, roles that have been previously proposed based on structural and 

mutational data.55-57 Since the bacterial MutY and human homologue MUTYH have highly 

conserved active sites, with identical positioning of key catalytic residues (D144/222, Y126/204, 

E43/120, N146/224),45, 46 the enzymes are expected to share a catalytic mechanism. Therefore, 

the observed loss of the D144–N146 hydrogen bond and stabilization of a catalytically inactive 
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conformation upon N146S mutation provides a structural rationalization for the association between 

the N224S mutation in MUTYH and MAP in humans.23 

 

2.4. Conclusion 

The present work provides the first computational structural depiction and energetic support for 

the formation of a DNA–protein crosslinked intermediate during the N-glycosidic bond cleavage by 

a monofunctional DNA glycosylase to yield a unique abasic site product with retention of 

stereochemistry, which was previously proposed based on elegant structural, kinetic, 

spectroscopic, and mutational data.56, 57 The characterized MutY enzymatic pathway involves 

protonation of dA at N7 by E43 (either directly or through a bridging water) followed by D144 attack 

at C1′ to form a DNA–protein crosslink. The low barrier for crosslink formation (< 40 kJ/mol) 

prevents direct hydrolysis from being the preferred catalytic pathway. Furthermore, MD simulations 

suggest that the DNA–protein crosslink is well positioned in the MutY active site for subsequent 

hydrolysis. Indeed, in the second reaction step, Y126 aligns E43 to activate a water nucleophile 

that hydrolyzes the crosslink and yields a β-anomer abasic site product. Crosslink hydrolysis is the 

rate-limiting step, with an average calculated barrier of 106.5 ± 6.5 kJ/mol. In addition to highlighting 

the role of Y126 in positioning and charge stabilizing E43 throughout the reaction, the 

computationally reproduced Y126F mutational effect further supports the proposed mechanism. 

Indeed, the predicted double-displacement MutY mechanism is fully consistent with an abundance 

of experimental data, including the experimentally-estimated barrier for product release (100 

kJ/mol),75 (D144, E43, Y126, and N146) mutational data,47-49, 51 and retention of stereochemistry in 

the abasic site product.56, 57 Although intermediate crosslink formation is used by O-glycosidases 

to cleave O-glycosidic bonds, as well as other classes of DNA repair enzymes (i.e., bifunctional 

DNA glycosylases), MutY is the only enzyme known to date that retains stereochemistry while 

cleaving N-glycosidic bonds.   

Beyond resolving a longstanding controversy in the experimental and computational literature 

surrounding the atomic level details of MutY activity, our calculations highlight that N146 forms a 
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strong hydrogen bond with D144 and thereby aligns D144 for crosslink formation. Simulations on 

the N146S mutant further underscore the importance of this residue, revealing a dominant 

conformation of the MutY active site that is not conducive for catalysis. These structural data 

confirm the proposed roles of this residue based on the previously reported reduction in activity 

upon N146 mutation57 and provides a mechanistic rationalization for why the N224S MUTYH 

mutant results in MAP. Since cancer cells commonly have compromised DNA repair pathways, 

DNA repair enzymes are attractive targets for therapeutics as inhibiting enzymes compensating for 

the reduced repair can creating rising levels of DNA damage and trigger apoptosis or render the 

cell non-viable.33, 42 For example, small molecule inhibitors for Flap Endonuclease 1 have been 

shown to enhance the ability of therapeutics to treat cancer cells.36, 105, 106 As such, the more 

detailed understanding of the MutY mechanism of action and the structure of key transition states 

along the reaction pathway provided by the present work will expedite the future development of 

specific and potent small molecule inhibitors.  
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Chapter 3: A Tale of Two Mechanisms: Clarification of the Pathway for MBD4 Catalyzed 

Glycosidic Bond Cleavage Using MD and QM/MM Calculations 

3.1. Introduction 

Epigenetic changes to mammalian DNA are essential for regulating development and growth 

of organisms but also contribute to the progression of diseases.1, 2 A key epigenetic modification is 

the methylation of cytosine (C) to 5-methylcytosine (5mC), with approximately 4% of cytosines 

being methylated in human cells.3, 4 Cytosine methylation is greatly enriched in cytosine-phosphate-

guanine (CpG) dinucleotides, with ~80% containing methylated cytosines in mammalian cell 

genomes.4, 5 5mC is vital for organism survival, with roles in genomic imprinting,6 X-chromosome 

inactivation,7 and gene expression patterns.3, 8, 9 However, like canonical (unmodified) C,10 5mC is 

vulnerable to deamination damage.11 While the deamination of cytosine results in the non-canonical 

DNA base uracil, deamination of 5mC leads to canonical thymine (T). Although this causes T:G 

mispairs, the formation of a canonical DNA base leads to 5mC deamination avoiding standard DNA 

repair pathways that handle cytosine deamination, thus requiring specialized strategies to avoid 

mutagenic outcomes.12-14  

Methyl-CpG-binding domain protein 4 (MBD4) is responsible for removing T arising from 5mC 

deamination, as well as several other forms of damaged C, when mispaired with guanine in CpG 

dinucleotides, which results in an abasic site that is further processed along the base excision repair 

(BER) pathway.15-17 Due to the important role MBD4 plays in cells, the enzyme has been implicated 

in a variety of human health disorders.18, 19 For example, MBD4 deficiency results in increased 

levels of CpG to TpG mutations,18 which can lead to MBD4-associated neoplasia syndrome 

(MANS) in humans that is associated with an increased risk for colorectal polyposis, acute myeloid 

leukemia, and uveal melanoma.19, 20 As a DNA repair enzyme, MBD4 is also a potential target for 

small molecule inhibitors to enhance the effectiveness of existing cancer treatments,21-28 with 

inhibitors previously successfully designed for enzymes with similar functions to DNA 

glycosylases.29-35 Indeed, MBD4 has been shown to be primarily responsible for cancer cell 

resistance to the first-line chemotherapeutic agent 5-fluorouracil (5-FU) and downregulation of 



56 
 

MBD4 increases 5-FU cytotoxicity.36, 37 To expand our knowledge on MANS and enable the rational 

design of small-molecule inhibitors to enhance existing cancer therapeutics,38, 39 atomic level details 

of the MBD4 catalytic mechanism are required.  

There are currently conflicting proposals for the MBD4 catalytic pathway.16, 40 The first proposed 

mechanism is based on a crystal structure of mouse MBD4 bound to DNA containing a G:T mispair, 

which exhibits a DNA–protein crosslinked intermediate bound in the active site (PDB ID: 4EW4, 

2.79 Å resolution, Figure 3.1A).16 The observed crosslink is formed between C1′ of the substrate 

nucleic acid and D534 (equivalent to D560 in human MBD4). In the proposed human MBD4 

crosslinking mechanism, D560 attacks C1′ of deoxyribose, breaking the glycosidic bond and 

forming the DNA–protein crosslinked intermediate (Figure 3.1C).16 The crosslink is then hydrolyzed 

in a subsequent step to form the final abasic site product. This proposal is consistent with the 

D560G mutation resulting in a 2700-fold reduction in human MBD4 activity40 and the replacement 

of D534 in mouse MBD4 with asparagine leading to complete loss of catalytic activity.16 A 

crosslinking mechanism would distinguish MBD4 from most other glycosylases, with the only other 

example involving a crosslinked intermediate being adenine DNA glycosylase (MutY) based on an 

abundance of experimental and computational evidence.41-43 Uracil DNA glycosylase X (UdgX) has 

also been proposed to form a DNA–protein crosslink,44 but as the product of the reaction, which 

deactivates the enzyme. While rare in glycosylases, the O-glycosidases commonly cleave 

glycosidic bonds in carbohydrates through crosslink formation with an active site D/E.45, 46 However, 

both MutY41 and O-glycosidase45, 46 catalysis through a crosslinked intermediate results in retention 

of stereochemistry in the product, while NMR and methanolysis experiments highlight inversion of 

stereochemistry for the product generated by MBD4.40 This implies that a crosslinking mechanism 

for MBD4 would require a unique crosslink hydrolysis step compared to these other enzymes.  
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Figure 3.1. Crystal structure for A) mouse MBD4 containing a DNA–protein crosslinked 
intermediate and B) human MBD4 complexed with pseudouridine-containing DNA. Proposed 
human MBD4 catalytic mechanisms involving C) a DNA–protein crosslinked intermediate and D) 
direct hydrolysis of the glycosidic bond. 

 

A more recent crystal structure of MBD4 bound to pseudouridine-containing DNA challenges 

the proposed crosslinking mechanism (PDB ID: 7KZ0, 1.57 Å resolution, Figure 3.1B).40 

Specifically, in the active site, D560 and a water molecule are positioned near the modified 

nucleotide in a manner that closely resembles the alignment observed for other DNA 

glycosylases.47-50 This resulted in an alternate proposed mechanism in which the glycosidic bond 

is directly hydrolyzed by a water nucleophile that is activated by D560 to form the abasic site 

product (Figure 3.1D).40 The proposed role of D560 in direct nucleotide hydrolysis is aligned with 

the function of active site D/E residues found in other DNA glycosylases, such as several members 
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of the UDG family14, 51 and alkyladenine DNA glycosylase (AAG)52-54 as well as consistent with the 

reported inversion of C1′ stereochemistry upon MBD4 function.40  

Computational methodologies have proven to be invaluable for determining the mechanisms 

of action of DNA repair enzymes at an atomic level of detail.42, 51, 53-80 Molecular dynamics (MD) 

simulations can provide dynamic structural descriptions of enzyme active sites, which cannot be 

obtained from static crystal structures, and play an integral part in identifying the roles of residues 

in catalytic mechanisms.42, 64, 81 In direct complement, quantum mechanics/molecular mechanics 

(QM/MM) calculations can be used to map enzyme mechanisms42, 64, 81-90 with a level of accuracy 

that allows for comparisons to experimental reaction rates.91 Indeed, these techniques are most 

effective when used together to synergistically provide the dynamic, structural, and electronic 

information necessary to confidently predict enzymatic mechanisms. In terms of DNA glycosylases, 

QM models, MD simulations, and/or QM/MM calculations have been used to study a variety of 

enzymes (see, for example, Refs. 61 and 74 and references therein). For example, MD simulations 

and QM/MM calculations have been used to determine how active site D and E residues facilitate 

crosslink formation and enzyme regeneration in the mechanism used by MutY to remove canonical 

adenine (A) in mispairs.42 Alternatively, MD simulations identified residues in thymine DNA 

glycosylase (TDG) that are important for water nucleophile positioning and product stabilization, 

while QM/MM simulations characterized necessary substrate reorganization steps and a direct 

hydrolysis mechanism for the repair of damaged pyrimidines.55, 61, 74  

Due to discrepancies in the proposed catalytic pathway of MBD4 and previous successes of 

computational studies in unraveling the mechanism of action of DNA glycosylases,42, 51, 61, 72, 74 the 

present study uses a combination of adaptively biased molecular dynamics (abMD) simulations 

and quantum mechanics/molecular mechanics (QM/MM) calculations to probe the catalytic 

mechanism for MBD4 glycosylase activity. abMD simulations on the MBD4–substrate complex 

reveal the high flexibility of D560 and uncover several conformations that may contribute to enzyme 

activity. Subsequently, QM/MM calculations on multiple snapshots from the abMD simulations are 

used to characterize seven different excision pathways to explore the relative feasibility of crosslink 
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formation versus direct DNA hydrolysis. The preferred mechanism identified through this rigorous 

computational approach is fully consistent with existing experimental data, including the 

experimental structure of MBD4 bound to pseudouridine-containing DNA,40 the stereochemistry of 

the abasic site product,40 mutagenic data,16, 40 and the catalytic rate.40 This work provides 

foundational knowledge for developing new treatments for MANS19 and improving cancer 

therapies, 21-28 especially for 5-FU resistant cancers.36, 37 

 

3.2. Computational Methods 

3.2.1. abMD simulations 

A model to initiate abMD simulations was built based on the crystal structure of human MBD4 

bound to pseudouridine (PDB ID: 7KZ0).40 Specifically, pseudouracil was converted to the T 

substrate using PyMOL.92 Protonation states of all residues and the isomers of each histidine were 

determined using the H++ server.93 The model was solvated with TIP3P water in a periodic 

rectangular prism using the LEaP module in AMBER 201894 such that the edges are at least 10 Å 

from the solute. Potassium ions were added to neutralize the system and additional KCl was added 

to achieve a physiological salt concentration (150 mM). The Amber force field was used, with 

ff14SB95 describing the protein residues and OL1596 modeling the nucleic acid.  

The model was initially minimized using 1000 steps of steepest decent followed by 1000 steps 

of conjugate gradient minimization. First, the solvent was minimized, while a 100 kcal mol–1 Å–2 

restraint was applied to the solute. Next, the restraint was removed from the solute hydrogen atoms. 

Subsequently, the solute was minimized, while applying a 100 kcal mol–1 Å–2 restraint to the solvent. 

Finally, the entire system was minimized with no restraints, using 1000 steps of steepest decent 

followed by 2000 steps of conjugate gradient minimization. Each system was then heated from 

10 K, with the temperature increased by 50 K every 20 ps until 310 K was reached. The restraints 

on the solute were subsequently decreased from 25 kcal mol–1 Å–2 to 5 kcal mol–1 Å–2 at a rate of 

5 kcal mol–1 Å–2 per 20 ps. A final 20 ps equilibration step was completed with a solute restraint of 



60 
 

1.5 kcal mol–1 Å–2. For these simulations, the Langevin thermostat was used with a collision 

frequency of 1 ps–1 and an NVT ensemble.  

After equilibration, five 500 ns abMD simulation replicates were performed. The simulations 

used two collective variables: 1) the distance between C1′ of thymidine and Oδ of D560 (ranging 

from 2.5 Å to 18.0 Å), and 2) the angle formed between N1 of thymidine, C1′ of thymidine, and Oδ 

of D560 (ranging from 0 to 180°; Figure 3.2A). The simulations were conducted at a well-tempered 

temperature of 5000 K and a flooding timescale of 100 ps. A potential energy surface (PES) for 

each replica was generated from the simulations using the nfe-umbrella-slice utility in AMBER 2018 

(Figure B.1, Appendix B)94 and averaged to create an overall PES. An anomalous region identifiable 

by a sudden and extreme change in relative energy compared to adjacent regions of the surface 

appeared in only two replicas (Figure B.1, Appendix B). Since this likely arose due to limited 

sampling in those windows (less than 0.04% of the simulation time was spent at that coordinate), 

these regions were not included in the average. Analysis was performed using the cpptraj program 

in AMBER 2018.94 Frames were assigned to conformations for analysis using specific collective 

variable (CV) criteria (Table B.1, Appendix B). Hydrogen-bond occupancy was determined based 

on a heavy atom distance of less than 3.2 Å and a hydrogen-bonding angle between 135° and 

180°. A water was considered available for a hydrolysis mechanism if simultaneously positioned 

less than 3.5 Å away from C1′ of T and Oδ of D560.  

 

Figure 3.2. A) Depiction of the distance (r(C1′Oδ)) and angle (∠(N1C1′Oδ)) CVs used in abMD 
simulations. B) Post-equilibration model of the DNA–MBD4 crosslink used in classical MD 
simulations. 
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3.2.2. Classical MD Simulations 

To create a model of the MBD4–DNA complex containing a DNA–protein crosslink, the crystal 

structure of pseudouridine-containing DNA bound to human MBD4 (PDB ID: 7KZ0) was first 

optimized using the QM/MM methodology described in the next section. The crosslink was then 

formed by removing pseudouridine and repositioning D260 using PyMOL (Figure 3.2B). 

Parameters for the crosslink were taken from our previous work on MutY,42 and the minimization, 

heating, and equilibration procedure described for the abMD simulations was implemented. Five 

500 ns MD production simulations were then performed using the same simulation parameters 

discussed for abMD without invoking the adaptively biased potential. This approach resulted in an 

MD representative structure that is structurally similar to the crystal structure of the crosslinked 

intermediate (Figure B.2A, Appendix B). 

 

3.2.3. QM/MM calculations 

QM/MM models were generated using representative structures obtained by clustering abMD 

frames that satisfied CV criteria near the minima (Table B.2, Appendix B). Each model contains the 

protein and nucleic acid solute as well as any solvent molecule with an atom within 8 Å of a solute 

atom. Two relative conformations of D560 and T were considered as rationalized in the results 

section. The model of the first conformation (denoted below, Table B.2, Appendix B) was used to 

map both the direct hydrolysis and crosslink formation mechanisms. In this model (Figure 3.3A), 

the QM region (150 atoms) contains L447 truncated at the Cα–Cβ and Cα–N bonds, V448 truncated 

at the Cα–Cβ bond, Q449 truncated at the Cα–C bond, N467 truncated at the Cα–Cβ and Cα–N 

bonds, R468 truncated at the Cα–C bond, Y540 truncated at the Cα–Cβ bond, D560 truncated at 

the Cα–Cβ bond, K562 truncated at the Cα–N bond, L563 truncated at the Cα–Cβ and Cα–C bonds, 

the thymidine substrate and the 3′ and 5′ phosphate groups truncated at the next C5′ and C3′ atoms, 

as well as four waters in the active site, which results in a charge of –1. As discussed in the results, 

two additional QM/MM models were built for the below conformation from points on the abMD PES 

with r(C1′Oδ) 1 or 2 Å shorter than the value at the below conformational minimum. The model of 
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the second conformation (denoted side, Table B.2, Appendix B) was used to map a direct hydrolysis 

mechanism. In this model (Figure 3.3B), the QM region (154 atoms) contains L447 truncated at the 

Cα–Cβ and Cα–N bonds, V448, Q449 truncated at the Cα–C bond, N467 truncated at the Cα–Cβ 

and Cα–N bonds, R468 truncated at the Cα–C bond, Y540 truncated at the Cα–Cβ bond, D560 

truncated at the Cα–Cβ bond, K562 truncated at the Cα–N bond, L563 truncated at the Cα–Cβ and 

Cα–C bonds, the thymidine substrate and the 3′ and 5′ phosphate groups truncated at the next C5′ 

and C3′ atoms, as well as two waters in the active site, which results in a charge of –1. A QM/MM 

model was also generated from a representative structure obtained from classical MD simulations 

on the crosslinked intermediate, which was used to map the hydrolysis of the crosslink (Figure 

3.3C). The QM region (123 atoms) contains N467 truncated at the Cα–Cβ and Cα–N bonds, R468 

truncated at the Cα–C bond, Y540 truncated at the Cα–Cβ bond, the crosslinked D560 truncated 

at the Cα–Cβ bond, K562 truncated at the Cα–N bond, L563 truncated at the Cα–Cβ and Cα–C 

bonds, the crosslinked deoxyribose substrate and the 3′ and 5′ phosphate groups truncated at the 

next C5′ and C3′ atoms, as well as eight waters in the active site, which results in a charge of 0. 

All QM/MM models were optimized using ONIOM(M06-2X/6-31G(d,p):AMBERff14SB). 

Transition states (TS) for the catalytic mechanism were obtained by scanning the formation and 

cleavage of the relevant bonds to generate a reaction energy curve from which structures 

corresponding to the maxima were further optimized. Frequency calculations were conducted to 

characterize the nature of the stationary points using the same level of theory as the optimizations 

as well as to verify that the isolated imaginary frequency corresponds to the anticipated transition 

structure, and to obtain Gibbs energy corrections. Each pathway was verified to be continuous by 

mapping the internal reaction coordinate through scanning the nucleophile–electrophile and leaving 

group distance both to and from each stationary point. The reported reaction Gibbs energies were 

obtained from ONIOM(M06-2X/6-311+G(2df,p):AMBERff14SB) single-point calculations. 

Optimization, frequency, and single-point calculations utilized the mechanical embedding (ME) 

scheme due to the robustness of this approach and its successes in accurately modeling other 

enzymatic reactions.42, 90, 97-101 To ensure that the ME embedding scheme accurately describes the 

chemistry under investigation, a model was built from the pseudouridine-bound MBD4 crystal 
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Figure 3.3. High-layer atoms in QM/MM models of the MBD4 active site containing the A) D560 
below conformation (D560 positioned on the opposite side of deoxyribose as T), B) D560 side 
conformation (D560 in the plane of the deoxyribose ring), and C) DNA–protein crosslink.  

 

structure (PDB ID: 7KZ0)40 by adding an 8 Å layer of water and defining the same the QM region 

as described for the analogous models built from abMD simulations (below conformation). The 

model was then used to map the preferred pathway using the ME and electronic embedding (EE) 

schemes for comparison. Both approaches result in a one-step pathway with energy barriers within 

1 kJ/mol, further supporting that ME is sufficient to describe the chemistry facilitated by MBD4 

(Figure B.3, Appendix B). 

A comparison of computed catalytic pathways to the relevant experimental structural,40 

stereoscopic,40 mutagenic,16, 40 and kinetic40 data was used to determine the preferred mechanism, 

with calculated barriers  being compared to the experimental barrier (92.3 kJ/mol) estimated from 

a rate constant of 0.11 min-1 that was measured at 23°C and a pH of 7.5 under single-turnover 

conditions40 using the Eyring equation.  
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3.3. Results 

3.3.1. The catalytically implicated D560 residue is highly dynamic in the MBD4 active site, 

adopting multiple potentially active conformations that support previously proposed 

mechanisms 

Mutagenic studies have revealed that D560 is a key residue in the MBD4 catalytic mechanism, 

with the D560G mutation resulting in a 2700-fold reduction in activity40 and the D534N mutation 

deactivating mouse MBD4.16 Nevertheless, preliminary classical MD simulations on the MBD4–

substrate complex revealed that D560 is highly flexible in the active site, suggesting the D560 

conformation is likely a key factor in determining the catalytic mechanism. Therefore, to fully explore 

the conformational landscape of the active site and ensure a reliable starting point for subsequent 

QM/MM calculations, abMD simulations were employed to investigate the conformational dynamics 

of D560. Both experimentally-proposed MBD4 reaction mechanisms (crosslink formation and direct 

hydrolysis, Figure 3.1) require a short distance between C1′ of the T deamination product and Oδ 

of D560 (r(C1′Oδ)), while crosslink formation will be more favorable as the ∠(N1C1′Oδ) angle 

approaches 180° (Figure 3.2A). Therefore, the PES was mapped as a function of r(C1′Oδ) and 

∠(N1C1′Oδ) as the collective variables. 

The PES generated from the abMD simulations confirms that D560 is very flexible in the MBD4 

active site (Figure 3.4A). Indeed, a large portion of the PES is within 17 kJ/mol of the global 

minimum and local minima are broad and shallow. Three minima that differ in the relative orientation 

of D560 and the substrate are within 8 kJ/mol with less than a 10 kJ/mol barrier separating them 

(Figure 3.4B–D, Table B.3, Appendix B). Despite the significant flexibility of D560, T is consistently 

positioned through hydrogen bonding with V448 (79–94% occupancy), Q449 (79–96% occupancy), 

and Y540 (71–84% occupancy, Figure B.4A, Appendix B) in the regions surrounding all minima on 

the PES. 
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The global minimum on the PES occurs at ∠(N1C1′Oδ) = ~150° and r(C1′Oδ) = 8.00 Å (Figure 

3.4D), which directs the side chain of D560 away from T and into the solvent, precluding 

participation in the catalytic mechanism (denoted the inactive conformation). The next lowest 

energy minimum on the PES (ΔG = 4 kJ/mol relative to global minimum; ∠(N1C1′Oδ) = ~110°; 

r(C1′Oδ) = 5.25 Å; Figure 3.4C) situates D560 in the plane of the deoxyribose ring (denoted side  

 

Figure 3.4. A) Average PES (in kJ/mol) generated from abMD simulations, highlighting the three 
minima (stars) and additional points (squares) used to generate starting structures for QM/MM 
calculations. Representative structures of the D560 B) below conformation (D560 positioned on the 
opposite side of deoxyribose as T), C) side conformation (D560 in the plane of the deoxyribose 
ring), and D) inactive conformation (D560 directed away from T). 
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conformation). D560 is held in place by transient hydrogen bonds to the backbones of L563 and 

K562 (< 35% occupancy; Figure B.4B, Appendix B). With O4′ positioned between D560 and C1′, 

the attack of D560 at C1′ required for crosslink formation is blocked in this conformation. However, 

D560 could possibly activate a water nucleophile for attack at C1′. Indeed, a water molecule is 

simultaneously < 3.5 Å from C1′ of T and Oδ of D560 for 64% of the simulation time (Figure 3.5A), 

suggesting D560 in this conformation could potentially act as a base to activate a water nucleophile. 

The third minimum (ΔG = 7 kJ/mol above the global minimum; ∠(N1C1′Oδ) = ~140°; r(C1′Oδ) = 

5.50 Å; Figure 3.4B) places D560 on the opposite side of deoxyribose as the thymine nucleobase 

(denoted below conformation). D560 forms sporadic hydrogen bonds with the L562 and K563 

backbones and H561 side chain (< 25% occupancy; Figure B.4C, Appendix B). This conformation 

most closely resembles the D560 orientation in the crystal structure of MBD4 bound to 

pseudouridine-containing DNA (PDB ID: 7KZ0, Figures 3.1B and B.2B, Appendix B), although D560 

is slightly closer to the nonsubstrate pseudouridine in the crystal structure (∠(N1C1′Oδ) = ~140°; 

r(C1′Oδ) = 3.6 Å). Furthermore, water is present between D560 and C1′ for 50% of the simulation 

time (Figure 3.5B), suggesting D560 could potentially facilitate nucleotide hydrolysis. Nevertheless, 

∠(N1C1′Oδ) = ~140° indicates that direct attack of D560 at C1′ to generate a crosslink is also viable.  

 

Figure 3.5. MBD4 active site showing hydrogen-bond and water nucleophile occupancies 
(percentage) from abMD simulations on the D560 A) side conformation (D560 in the plane of the 
deoxyribose ring), and B) below conformation (D560 positioned on the opposite side of deoxyribose 
as T).  
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Overall, the conformational flexibility of D560 characterized with abMD simulations suggests 

that more than one MBD4 catalytic pathway may be feasible, including a hydrolysis mechanism 

from either the side or below conformation and a crosslinking mechanism from the below 

conformation. To characterize the kinetics, thermodynamics, and product stereochemistry for each 

potential pathway and thereby determine the preferred MBD4 mechanism of action, QM/MM 

calculations were performed from representative structures corresponding to each conformation. 

 

3.3.2. QM/MM calculations suggest that catalysis is not feasible when D560 is positioned in 

the plane of deoxyribose 

The lowest energy, potentially catalytically active D560 orientation is the side conformation, 

which has a smaller ∠(N1C1′Oδ) and shorter r(C1′Oδ) compared to the other conformations (Figure 

3.4). Although the small ∠(N1C1′Oδ) prevents direct nucleophilic attack of D560 at C1′ due to steric 

clashes, the short r(C1′Oδ) distance coupled with a water molecule adopting a position conducive 

for attack at C1′ with activation through proton abstraction by D560 for 64% of the simulation time 

could afford glycosidic bond hydrolysis from the side conformation (Figure 3.5A). The QM/MM 

characterized hydrolysis pathway from an abMD representative structure occurs with simultaneous 

glycosidic bond cleavage and nucleophilic water attack (Figures 3.6, B.5A, and B.6, Appendix B). 

In the QM/MM optimized RC, the water nucleophile is located 3.019 Å from C1′ and D560 hydrogen 

bonds with the nucleophile, K562 and L563, while the thymine base hydrogen bonds with V448, 

Q449, and Y540. The transition state is late, with the glycosidic bond being cleaved (r(C1′–N1) = 

3.581 Å) and the nucleophilic water beginning attack (r(OWAT–C1′) = 2.457 Å), but not yet donating 

a proton to D560. In the PC, the nucleophilic water has added to the nucleotide and transferred a 

proton to D560, forming an abasic site product with retained stereochemistry at C1′. The detached, 

anionic thymine is stabilized by strengthened hydrogen bonds with V448, Q449, and Y540. The 

calculated energy barrier is 148.8 kJ/mol, which is significantly higher than the experimental barrier 

for MBD4 (92.3 kJ/mol).40 Additionally, the abasic site product contrasts with the inversion of 

stereochemistry anticipated based on NMR and methanolysis experiments.40 Thus, although abMD 
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simulations suggest the active site conformation with D560 positioned in the same plane as the 

deoxyribose ring is energetically accessible, this configuration is not conducive for MBD4 activity. 

 

Figure 3.6. MBD4 glycosidic bond hydrolysis mechanism characterized from the D560 side 
conformation (D560 in the plane of the deoxyribose ring). Relative energies (below) in kJ/mol. 

 

3.3.3. MBD4 does not form a DNA–protein crosslink as part of the catalytic mechanism 

Due to an observed crosslink in the crystal structure of mouse MBD4 (PDB ID: 4EW4, Figure 

3.1A),16 the first proposed MBD4 mechanism involves a DNA–protein crosslinked intermediate. The 

formation of a similar crosslinked species as part of DNA glycosylase activity has been reported for 

another enzyme, namely MutY,41-43 while a crosslink has also been proposed as a product (rather 

than an intermediate) for UdgX.44 Furthermore, the retaining O-glycosidases consistently generate 

a crosslinked intermediate as a part of their glycosidic bond cleaving activity,45, 46 which reinforces 

crosslink formation as a viable chemical step in DNA glycosylase function. Notably, the below 

conformation positions D560 on the opposite side of deoxyribose as the thymine base, with a 

∠(N1C1′Oδ) that appropriately aligns D560 for attack at C1′ (Figure 3.4), reinforcing the possibility 

of a crosslinking mechanism for MBD4.  

To determine the feasibility of DNA–MBD4 crosslink formation, a QM/MM model was built 

based on a representative structure of the below conformational minimum on the abMD PES 

(Figures 3.5B, 3.7A, B.5B, and B.7A, Appendix B). In the QM/MM optimized RC, D560 is located 

within 4.373 Å of C1′. A late transition state is characterized, with the D560–C1′ bond nearly formed 

(r(C1′Oδ) = 2.383 Å) and the C1′–N1 bond partially cleaved (r(C1′–N1) = 2.684 Å). This transition 

state results in a high barrier of 162.1 kJ/mol, more than 10 kJ/mol above that observed for the 
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QM/MM hydrolysis pathway from the D560 side conformation and significantly higher than the 

experimental barrier (92.3 kJ/mol).40 Although the C1′–N9 bond is fully cleaved and the crosslink 

forms as the reaction proceeds, the crosslinked intermediate is also high in energy (72.1 kJ/mol 

above the RC). The large calculated barrier and endergonic nature of this crosslinking reaction 

suggest this pathway is not viable. 

 

Figure 3.7. A) MBD4 crosslink formation mechanism characterized from the D560 below 
conformation (D560 on the opposite side of deoxyribose as T). B) MBD4 saponification mechanism 
for crosslink cleavage. Relative energies (kJ/mol, below) correspond to the minimum (black), 1 Å 
closer (blue), and 2 Å closer (green) starting points. 

 

It is interesting to note that QM/MM optimization of the RC brings D560 ~1 Å closer to the 

substrate compared to the abMD representative structure, suggesting a starting structure with an 

even smaller r(C1′Oδ) could afford more favorable reaction energetics for crosslink formation. 

Indeed, the corresponding distance in the crystal structure of MBD4 bound to pseudouridine-

containing DNA (3.6 Å)40 is even smaller than the QM/MM optimized value. Furthermore, the abMD 

PES is shallow near the below conformation, with a structure containing a 1 or 2 Å shorter r(C1′Oδ) 

falling only 3 or 8 kJ/mol above the minimum, respectively. Since such active site conformational 

changes would be energetically accessible within biological timeframes, two new QM/MM models 
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were generated based on abMD representative structures with r(C1′Oδ) 1 Å or 2 Å shorter than the 

minimum of the below conformation to explore the effects of D560 positioning on the crosslinking 

mechanism (Figure 3.4A, squares).  

When the QM/MM starting point was taken from the point on the abMD PES with r(C1′Oδ) 1 Å 

shorter than the below conformational minimum, a similar reaction pathway is mapped as from the 

minimum (Figures 3.7, B.5C, and B.7A, Appendix B). Although the resulting crosslinked 

intermediate is exergonic (–19.0 kJ/mol), the predicted barrier (123.5 kJ/mol) is still larger than the 

experimental estimate (92.3 kJ/mol).40 However, when a QM/MM RC is generated from the abMD 

structure with a 2 Å shorter r(C1′Oδ) compared to the PES minimum, a feasible crosslink formation 

mechanism was characterized (Figures 3.7A, B.5D, and B.7A, Appendix B). Indeed, in agreement 

with crystallographic data,40 D560 falls 3.691 Å from C1′ in the QM/MM RC. Furthermore, the 

transition state results in the lowest barrier among all models considered thus far (100.4 kJ/mol) 

and is consistent with the experimental value (92.3 kJ/mol).40 Nevertheless, while the reaction is 

kinetically feasible, crosslink formation is slightly endergonic (crosslinked intermediate falls 20.4 

kJ/mol above the RC).  

Following the formation of the crosslinked intermediate, the enzyme must be regenerated to 

yield an abasic site. Prior to mapping this reaction step, MD simulations were conducted on the 

crosslinked intermediate. MD simulations reveal a single crosslink conformation (∠(C2′C1′OδCγ) 

~200°, Figure B.8, Appendix B), which is consistent with the orientation in the crystal structure of 

the MBD4 crosslinked intermediate (Figure B.2A, Appendix B). As experiments determined 

inversion of stereochemistry in the abasic site,40 nucleophilic attack of water at C1′ to displace D560 

will not yield the correct product. Instead, water nucleophilic attack at Cγ through a saponification 

reaction is required to regenerate the enzyme. This newly proposed pathway is supported by a 

water density of ~0.8 at a distance of 3 Å from Cγ of D560 across the MD simulations on the 

crosslinked intermediate (Figure B.9, Appendix B). In the QM/MM optimized RC (Figure 3.7B and 

B.7B, Appendix B), the water nucleophile is positioned to attack Cγ (r(OWAT–Cγ) = 3.375 Å). The 

transition state for saponification is very late, with water having almost finished attack (r(OWAT– Cγ) 
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= 1.595 Å), the Cγ–Oδ bond being extended (r(Cγ –Oδ) = 1.701 Å), and the proton on the water 

mostly transferred to Oδ of D560. Although the correct abasic site product is formed, the barrier is 

extremely high (262.7 kJ/mol), likely due to the lack of a nearby active site residue to activate the 

water nucleophile and stabilize the transition state. Thus, although similar enzymes (MutY,42 O-

glycosidases45, 46) use enzyme–substrate crosslinking mechanisms and initial crosslink formation 

is kinetically accessible for MBD4, the thermodynamically disfavored crosslinked intermediate and 

kinetically prohibited hydrolysis to generate the final abasic site product suggests that MBD4 does 

not utilize a crosslinking deglycosylation mechanism. 

 

3.3.4. Preferred MBD4 mechanism of action involves direct hydrolysis of the thymidine 

glycosidic bond 

With the MBD4 crosslinking mechanism being unfeasible, a catalytic pathway in which an 

activated water molecule directly hydrolyzes the glycosidic bond must be reconsidered. Indeed, a 

similar mechanism has been successfully characterized for several other monofunctional 

glycosylases (e.g., hUNG2,51 AAG,54 and TDG72), which contain an amino acid that activates the 

water nucleophile that is similarly positioned with respect to the DNA substrate as D560 in the 

crystal structure of MBD4 bound to pseudouridine-containing DNA (Figure 3.1B).40 While the below 

conformation on the abMD PES places D560 on the opposite side of deoxyribose as T for direct 

attack at C1′, a water molecule also simultaneously exists within 3.5 Å of D560 and C1′ for ~50% 

of the simulation time (Figure 3.5B). Furthermore, the below active site conformation isolated with 

abMD simulations closely resembles the crystal structure of MBD4-bound to pseudouridine–

containing DNA (Figure B.2B, Appendix B). Therefore, a hydrolysis mechanism was considered 

using the same three QM/MM models explored for the crosslinking mechanism (i.e., the below 

minimum, and models with a 1 Å or 2 Å smaller r(C1′Oδ)). 

In the QM/MM optimized RC associated with the below minimum on the abMD PES (Figure 

3.8A, B.5B, and B.10A, Appendix B), a water nucleophile is positioned to attack C1′ (r(OWAT–C1′) = 

2.815 Å), while forming a hydrogen bond with D560 (r(D560–HWAT) = 1.729 Å). In the transition 
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state, the water initiates attack at C1′ (r(OWAT–C1′) = 2.129 Å), while the C1′–N1 bond starts to 

break (r(C1′–N1) = 2.211 Å), but proton transfer to D560 has not yet occurred. The associated 

barrier is 128.6 kJ/mol, which is significantly larger than the experimental barrier (92.3 kJ/mol)40 

and suggests that catalysis by direct hydrolysis from this starting conformation is not feasible.  

 

Figure 3.8. MBD4 direct hydrolysis mechanism characterized from the D560 below conformation 
(D560 on the opposite side of deoxyribose as T) using A) the minimum on the abMD PES (black) 
and the point with D560 2 Å (green) or B) 1 Å closer to C1′ of the substrate. Relative energies 
(below) in kJ/mol. 

 

Notably, the distance between D560 and C1′ is large in the QM/MM RC (4.801 Å) and transition 

state (4.179 Å), indicating a starting structure with D560 positioned closer to C1′ could result in a 

more feasible pathway. Indeed, the QM/MM model built from the ab MD structure with a 2 Å smaller 

r(C1′Oδ) compared to the below minimum results in a similar pathway (Figures 3.8A, 3.5D, and 

B.10A, Appendix B). However, D560 and the water nucleophile fall ∼0.7 and 0.3 Å closer to C1′ in 

the RC, resulting in a 0.5 Å longer C1′–N1 distance in the TS. Furthermore, D560 falls 0.6 Å closer 

to C1′ in the TS for this pathway than that mapped from the abMD PES below conformational 

minimum, increasing electrostatic stabilization within the active site. In the slightly exergonic PC, 

the hydroxy group has added to C1′, thymine has dissociated from the sugar, and D560 has 

abstracted a proton from the water nucleophile. The corresponding barrier is 108.0 kJ/mol, which 

is > 20 kJ/mol lower than the previously mapped mechanism.  

To further explore the impact of the distance between D560 and the substrate on the feasibility 

of nucleotide hydrolysis catalyzed by MBD4, QM/MM calculations were performed on a starting 
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structure with r(C1′Oδ) decreased by 1 Å compared to the below conformational minimum (Figures 

3.8B, B.5C and B.10B, Appendix B). QM/MM optimizations reveal the reaction involves an 

oxocarbenium ion intermediate. Specifically, in the first transition, the C1′–N1 bond is partially 

broken (r(C1′–N1) = 2.382 Å), while both the nucleophile water (r(OWAT–C1′) = 2.713 Å) and D560 

(r(C1′Oδ) = 3.497 Å) move closer to C1′, which provides charge stabilization and results in a barrier 

of 104.4 kJ/mol. This TS is connected to a high energy (93.5 kJ/mol) intermediate that contains a 

broken C1′–N1 bond (2.508 Å), which undergoes a barrierless transition to the PC. The rate-limiting 

barrier for the 1 Å model (104.4 kJ/mol) is very close to that for the 2 Å model (108.0 kJ/mol).  

Overall, while direct nucleotide hydrolysis mapped from the below conformational minimum on 

the abMD PES results in a high barrier, the mechanisms characterized from starting points with 1 Å 

and 2 Å shorter r(C1′Oδ) are energetically feasible (barriers ∼104–108 kJ/mol) and correlate with 

the experimentally estimated barrier (92.3 kJ/mol),40 suggesting that catalysis is plausible when 

r(C1′Oδ) is below a threshold (~4.2 Å according to QM/MM). 

 

3.4. Discussion 

3.4.1. Differences in active site residues and leaving group charge result in divergent 

catalytic pathways for MBD4 and MutY 

MBD4 and MutY are monofunctional glycosylases that initiate the excision of mispaired 

canonical nucleotides using comparable active site architectures. Indeed, crystal structures of each 

enzyme bound to pseudouridine-containing DNA highlight an aspartate similarly positioned with 

respect to the substrate (D560 (D534) in human (mouse) MBD4 and D144 in MutY, Figures 3.1B 

and 3.9A).40, 102 These aspartate residues have been implicated in catalysis, namely activation of 

active site water for nucleotide hydrolysis,40, 75 a proposal supported by the D534N mouse MBD4 

and D144N MutY mutants being catalytically inactive.16, 103 However, a second crystal structure of 

each enzyme depicts the catalytic aspartate in close proximity to C1′ of deoxyribose or a 

deoxyribose analogue (Figures 3.1A and 3.9B), leading to the proposed formation of a DNA−protein 
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crosslink.16, 104 Therefore, it is interesting to explore whether MBD4 and MutY proceed through the 

same catalytic mechanism.  

 

Figure 3.9. Active site from crystal structures of A) MutY bound to 2'-β-fluoro-2'-deoxyadenosine, 
B) MutY bound to a transition state analogue, C) hUNG2 bound to pseudouridine, and D) TDG 
bound to 2'-fluoro-5-carboxyl-2'-deoxycytidine. 

 

The MutY mechanism of action has been extensively studied with both experimental41, 43, 102, 

105, 106 and computational techniques.42, 75-80 A combination of experimental crystallographic, NMR, 

and methanolysis data combined with MD and QM/MM calculations42, 76 conclusively determined 

that MutY activity relies on the formation of a DNA−protein crosslinked intermediate. In the MutY 

mechanism of action, the targeted A is protonated (at N7) by E43 followed by D144 attack at C1′ to 

form a DNA–protein crosslink. In the second reaction step, E43 activates a water nucleophile that 

hydrolyzes the crosslink to yield an abasic site with inversion of stereochemistry and regenerate 

the enzyme. In the case of MBD4, our abMD simulations on the enzyme–substrate complex 

suggest that D560 can adopt an orientation to promote in-line attack at C1′ (Figure 3.4). 

Furthermore, QM/MM calculations suggest crosslink formation is kinetically accessible (Figure 3.7) 

and classical MD simulations reveal the crosslinked intermediate adopts the same dominant 
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conformation as previously reported for MutY42 (Figure B.8, Appendix B). However, the crosslinked 

intermediate is thermodynamically unstable and the barrier for crosslink hydrolysis to generate the 

reaction product is energetically prohibitive (262.7 kJ/mol), suggesting a crosslinking mechanism 

is not viable for MBD4.  

Two key differences in the crosslinking mechanisms for MBD4 and MutY account for the 

observed variations in the feasibility of this novel catalytic mechanism for a monofunctional 

glycosylase. First, an active site residue is available to facilitate MutY but not MBD4 crosslink 

hydrolysis. Specifically, E43 of MutY activates the water molecule that displaces the crosslinked 

aspartate.42 However, since no active site residue can fulfill this role for MBD4, water 

simultaneously undergoes nucleophilic attack and donates a proton to the leaving group, 

rationalizing the much higher barrier (by > 150 kJ/mol). Second, the nucleobase leaving group 

associated with MutY activity is neutral due to A protonation by E43. In contrast, although the 

leaving group for deglycosylation is stabilized by hydrogen bonds to V448, Q449, and Y540, the 

departing T in the MBD4 mechanism maintains anionic charge. Therefore, the high-energy 

crosslinked intermediate would likely be attacked at C1′ by the anionic T prior to crosslink 

hydrolysis, regenerating the reactant complex. Although the infeasibility of crosslink formation 

contrasts the crystal structure of the MBD4 crosslinked intermediate (Figure 3.1A),16 the low 

resolution of the structure (2.79 Å) may have resulted in D534 being erroneously modeled close to 

deoxyribose, which is supported by the relatively low electron density between Oδ of D534 and C1′ 

(Figure B.11, Appendix B).  

Overall, while crosslink formation is the preferred mechanism of action for MutY,41-43, 76 MBD4 

activity is unlikely to involve a DNA−protein crosslink due to the lack of active site residues to 

facilitate crosslink hydrolysis and the more nucleophilic (anionic) leaving group. Thus, MutY 

remains unique among the monofunctional DNA glycosylase family, relying on DNA–enzyme 

crosslink formation along the mechanism of action, while generating a final abasic site product with 

retention of stereochemistry.42, 76 
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3.4.2. MBD4 catalyzes the repair of T:G mismatches through a hydrolysis mechanism similar 

to that used by other monofunctional DNA glycosylases to target diverse damaged 

nucleotides 

This work provides the first atomic level description of the conformational dynamics of the 

MBD4 active site when bound to the damaged DNA substrate and the first computational prediction 

of the MBD4 catalytic mechanism of action. Specifically, abMD simulations reveal the enzyme 

active site is highly dynamic, with D560 readily sampling a large region of conformational space 

(Figure 3.4). Although some energetically accessible conformations are not conducive for catalysis, 

several catalytically-active conformations are thermodynamically and kinetically feasible. QM/MM 

calculations initiated from different points on the abMD PES to account for active site dynamics 

characterized seven different reaction pathways. The preferred MBD4 mechanism of action 

involves direct hydrolysis of the T nucleotide (Figure 3.8 and B.10, Appendix B). In this reaction 

pathway, D560 activates a water nucleophile, which attacks C1′ of T while cleaving the glycosidic 

bond to form an abasic site product with inversion of stereochemistry at deoxyribose. In addition to 

initiating the reaction, D560 provides electrostatic stabilization to the charge build up in the 

transition state and oxocarbenium intermediate. Consequently, catalysis is only viable when D560 

falls below a threshold distance from C1′ of the target nucleotide, which QM/MM calculations 

suggest is < ~4.2 Å. Although anionic T is a poor leaving group (pKa ~ 9.9),107 base departure is 

facilitated by strengthening of an abundance of hydrogen bonds between O2 and O4 of T and V448, 

Q449, and Y540 (i.e., hydrogen-bonding distances decrease by ~0.2 Å; Figure B.10, Appendix B). 

These factors result in a computationally-predicted mechanism that is fully consistent with 

experimental literature, including the reaction rate,40 retention of stereochemistry in the product,40 

reduced activity of D560 mutants,16, 40 and crystallographic data.40  

The proposed MBD4 catalytic pathway, including the roles of key active site residues, mirrors 

the accepted mechanisms of action of other monofunctional glycosylases known to directly 

hydrolyze glycosidic bonds with inversion of C1′ stereochemistry, including enzymes that target 

damaged pyrimidines such as UDG14 and TDG.72 For example, D560 and an active site water in 
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the crystal structure of MBD4 bound to pseudouridine-containing DNA are similarly aligned with 

respect to the substrate as D145 and water in hUNG2 (PDB IDs: 7KZ0 and 1EMH, Figures 3.1B 

and 3.9C). In parallel to MBD4, experimental108, 109 and computational51 data suggest hUNG2 

removes uracil (U) formed in DNA through deamination of C by D145 activating a water molecule 

for nucleophilic attack at C1′ of the substrate, which results in an abasic site with inversion of 

stereochemistry.51 MBD4 and hUNG2 also use similar strategies to stabilize the departing anionic 

base, with N204, (neutral) H268, and a water molecule forming hydrogen bonds with O2 and O4 of 

U in the hUNG2 active site.47, 51 TDG, which targets a variety of U, C, and T adducts and mispairs,110 

also has a similar active site architecture to MBD4 (PDB IDs: 7KZ0 and 6U17, Figures 3.1B and 

3.9D). In the crystal structure of TDG bound to 5-carboxylcytosine (5-caC) containing DNA, N140 

is positioned as per aspartate in MBD4 and hUNG2 and computational work suggests N140 

abstracts a proton from a water nucleophile during catalysis, which is facilitated by charge 

delocalization across several residues.72 Furthermore, N191, I139, and N140 form hydrogen bonds 

with O2 and N4 of 5-caC in the TDG active site to facilitate leaving group departure,72, 111 highlighting 

a similar strategy for stabilization of the anionic pyrimidine leaving group as MBD4. Thus, by 

carefully considering different catalytic pathways for MBD4 and eliminating enzyme–DNA crosslink 

formation, our computational work unifies the MBD4 catalytic mechanism with strategies employed 

by other monofunctional glycosylases.  

 

3.5. Conclusion 

The present study uses a combination of classical MD, abMD, and QM/MM calculations to 

characterize seven different potential pathways and propose the preferred MBD4 mechanism of 

action. Our calculations elucidated a direct hydrolysis reaction where D560 activates a water 

nucleophile that attacks at C1′, which is facilitated through charge stabilization provided by D560 

and several amino acids that hydrogen bond to the departing (anionic) T. This proposal is fully 

consistent with previous experimental mutagenic,16 kinetic,40 crystallographic,40 and stereoscopic40 

data, clarifies conflicting literature regarding MBD4 forming a DNA−protein crosslinked 
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intermediate,16, 40 and relates MBD4 activity with that of other monofunctional DNA glycosylases.14, 

52, 53, 72 The improved understanding of the MBD4 catalytic pathway provided by our work promises 

to accelerate research into understanding and treating MANS.19, 20 Additionally, the atomic level 

description of transient intermediates in the MBD4 mechanism revealed by this work can provide 

the basis for the development of transition-state mimic inhibitors, which could have applications in 

cancer treatments,21-28 especially cancers resistant to first-line therapeutics (5-FU).36, 37 
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Chapter 4: Decoding the Catalytic Strategy of AlkA: Insights from MD Simulations and 

QM/MM Calculations 

4.1. Introduction 

DNA is constantly attacked by a wide array of damaging agents originating from both within the 

cell and the environment.1-3 For example, cellular metabolism generates reactive oxygen species 

(ROS), which can oxidize nucleotide components,4 while alkylating agents, ultraviolet (UV) 

radiation, and diverse chemicals from industrial pollution and lifestyle factors further jeopardize the 

chemical integrity of DNA.4-6 The most prevalent DNA damage products include base 

modifications,7 abasic sites,8, 9 single- and double-strand breaks,10, 11 and crosslinking events.12 If 

left unrepaired, this damage can affect the fidelity of transmission of genetic information,13 leading 

to chromosomal aberrations,14 genomic instability,15 or apoptosis.16 In multicellular organisms, the 

accumulation of DNA damage is closely tied to the development of cancer, neurodegenerative 

diseases, and the aging process.13, 17, 18  

A common form of DNA damage is the addition of alkyl groups to the DNA bases by, for 

example, endogenous compounds, tobacco smoke and nitrosamines in food.19 While all four 

canonical bases are targeted by alkylating agents,20 the most common forms of alkylation damage 

are 7-methylguanine (7mG) and 3-methyladenine (3mA).19 Although many DNA repair pathways 

exist in cells,21-24 alkylation damage is commonly repaired via the base excision repair (BER) 

pathway.19, 25, 26 BER of many types of alkylation damage in bacterial cells is initiated by 3-

methyladenine DNA glycosylase II (AlkA), which cleaves the glycosidic bond that attaches the 

nucleobase to the sugar. AlkA is a monofunctional glycosylase belonging to the helix-hairpin-helix 

(HhH) superfamily.27, 28 While glycosylases generally recognize a confined spectrum of chemically 

similar lesions,29-33 AlkA stands out for its broad substrate specificity.34, 35 Indeed, while the 

glycosylase responsible for repairing 3mA in human cells (alklyadenine DNA glycosylase (AAG)) 

catalyzes the removal of several other damaged purines,34, 35 AlkA also removes small alkylated 

pyrimidines (e.g., O2-methylthymine (O2mT) and O2-methylcytosine (O2mC)),34, 35 large purine 

adducts (e.g., 1,N6-α-hydroxypropanoadenine),27 and undamaged adenine in A:C mispairs.36 As a 
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DNA repair enzyme with many targets, AlkA is important for bacterial cell survival, and therefore 

AlkA inhibitors have potential antibacterial properties.37 However, inhibitor development is hindered 

by a lack of information about the AlkA catalytic mechanism, with conflicting proposals present in 

the literature.28, 38   

 

Figure 4.1. A) Proposed direct hydrolysis glycosylation pathway for AlkA.38, 44 Crystal structure of 
B) AlkA or C) MutY bound to azaribose−containing DNA. Distances in Å. D) Proposed crosslinking 
pathway for AlkA.27, 28  

 

For the majority of glycosylases, a nearly conserved aspartate or glutamate activates a water 

molecule for nucleophilic attack at C1' of deoxyribose.39-43 Since mutagenic studies have revealed 

that D238 plays an essential role in AlkA activity,38 a similar mechanism of action was proposed for 

AlkA catalysis (Figure 4.1A).38, 44 However, the most recent mechanistic proposal is based on a 

crystal structure of AlkA bound to DNA containing a transition state mimic (PDB ID: 1DIZ; 2.5 Å 

resolution), which shows D238 in close proximity to the atom corresponding to C1' of deoxyribose 

(r(N1′−D238) = 3.2 Å, Figure 4.1B).28 Therefore, it was proposed that a DNA−protein crosslink 
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forms along the AlkA mechanism of action (Figure 4.1D).27, 28 Indeed, a crystal structure of 

monofunctional adenine DNA glycosylase (MutY) bound to the same transition-state analogue 

contains a similar alignment of an aspartate (D144) with respect to the substrate (PDB ID: 6U7T; 

2.0 Å resolution, Figure 4.1C),45 and  extensive experimental and computational investigations46-48 

revealed MutY utilizes a crosslink formed between D144 and C1′ of the damaged nucleotide as a 

vital part of catalysis.  Nevertheless, it remains unclear whether AlkA cleaves glycosidic bonds 

through a traditional water nucleophile-based mechanism (Figure 4.1A) or crosslink formation 

(Figure 4.1D). 

Computational methodologies have successfully elucidated the catalytic mechanism of many 

DNA glycosylases.40, 42, 43, 47-62 Molecular dynamics (MD) simulations can provide structural details 

necessary to understand glycosylase substrate binding and active site alignment. For example, MD 

approaches have been used to determine the substrate binding pathway for 8-oxoguanine DNA 

glycosylase (hOGG1)63 and to identify residues necessary for base excision by thymine DNA 

glycosylase (TDG).49 To complement structural data obtained from MD simulations, quantum 

mechanics/molecular mechanics (QM/MM) calculations can provide otherwise unobtainable atomic 

level details of enzymatic mechanisms. Indeed QM/MM approaches have previously determined 

that MutY catalysis proceeds through a crosslinked intermediate47 and identified histidine as the 

preferred nucleophile-activating residue to catalyze nucleotide hydrolysis by uracil DNA 

glycosylase (UDG).55 These select examples represent a small subset of the insightful 

computational work that has been done to date on members of the DNA glycosylases             

family.40, 42, 43, 47-62  

In this study, we use a multipronged computational approach to deepen our understanding of 

the AlkA mechanism of action. First, all-atom MD simulations on a model of AlkA bound to 3mA-

containing DNA are used to identify active site residues responsible for accommodating 3mA in the 

AlkA binding pocket and explore the active site structural dynamics to identify conformations with 

an alignment that supports different proposed pathways.28, 38 To complement these structural 

insights, QM/MM calculations were then performed from MD representative structures to compare 



91 
 

the thermochemical requirements of the two proposed reaction mechanisms. The feasibility of each 

pathway was evaluated through comparisons with available experimental kinetic,64 mutagenic,38, 65 

and structural data.28 The insights obtained regarding AlkA function will further our understanding 

of DNA repair pathways, which has implications for the development of cancer therapeutics that 

target similar pathways in tumor cells,66-73 and permit the exploitation of the absence of an AlkA 

human homologue to develop inhibitors as new antibacterial agents.37 

 

4.2. Computational Methods 

4.2.1. MD simulations  

A model of the AlkA−substrate complex was built based on a crystal structure of the enzyme 

bound to azaribose-containing DNA (PDB ID: 1DIZ, Figure 4.1B).28 Azaribose was converted to the 

3mA nucleotide (Figure 4.2A) and the unresolved side chains of R56, R97, and K133 were added 

using PyMOL.74 The system was solvated with TIP3P water in a truncated octahedron water box 

with edges a minimum of 12 Å from the solute using the LEaP module of AMBER 2018.75  Sodium 

ions were used to neutralize the solute charge and NaCl, modeled with Li/Merz ion parameters,76 

was added to bring the system to 150 mM salt concentration as calculated using the SLTCAP ion 

calculator.77 The Amber force field was used to model the system, with protein residues described 

using ff14SB78 and nucleic acid residues modeled using OL15.79 Atom charges for the non-

standard 3mA nucleotide were calculated using the pyRED server,80-84 while missing parameters 

were adapted from the general AMBER forcefield (GAFF)85 and assigned using Antechamber 

(Tables C.1 and C.2, Appendix C). Amino acid protonation states were determined using the H++ 

server.86  

The model was initially minimized stepwise using 1000 steps of steepest decent followed by 

1000 steps of conjugate gradient minimization. First, the solvent was minimized, while a 

100 kcal mol–1 Å–2 restraint was applied to the solute. Next, the restraint was removed from the 

solute hydrogen atoms. Subsequently, the solute was minimized, while applying a                               
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100 kcal mol–1 Å–2 restraint to the solvent. Finally, the entire system was minimized with no 

restraints, using 1000 steps of steepest decent followed by 2000 steps of conjugate gradient 

minimization. The system was then heated from 10 K to 310 K, with the temperature increased by 

50 K every 20 ps. The restraints on the solute were subsequently decreased from              

25 kcal mol–1 Å–2 to 5 kcal mol–1 Å–2 at a rate of 5 kcal mol–1 Å–2 per 20 ps followed by an additional 

20 ps equilibration step at 1.5 kcal mol–1 Å–2. To allow the AlkA active site to relax with respect to 

the added 3mA, an additional 200 ns equilibration step was performed in which all protein residues 

except for those in close proximity to 3mA (i.e., F18, R22, L125, V128, D238, Y239, L240, W272, 

and Y273) were restrained with a weight of 1.5 kcal mol–1 Å–2. After equilibration, ten 500 ns 

unrestrained MD production simulations were conducted.  

 

Figure 4.2. A) Post-equilibration structure of AlkA bound to 3mA-containing DNA used as a starting 
point for MD simulations. B) QM/MM high layer in AlkA−DNA models used to map different catalytic 
pathways.  

 

Analysis was performed using the cpptraj program in AMBER 2018.75 Hydrogen-bond 

occupancies were determined based on a heavy atom distance of less than 3.0 Å and a hydrogen-

bond angle between 135° and 180°. The distance between residues in the AlkA substrate binding 

pocket was calculated from the geometric center of the 3mA purine ring to the geometric center of 

the tyrosine or tryptophan rings, Cδ1, Cδ2, and Cγ of leucine, Cβ, Cγ1, and Cγ2 of valine, or Nε, 

Cζ, and Nη of arginine. The binding of 3mA in the AlkA active site was monitored using a 

pseudodihedral angle formed between N1 and C4′ of 3mA and C4′ and N3 of the 3′-T with respect 

to the damage site (Figure C.1, Appendix C). Specifically, 3mA was considered to be flipped into 

the AlkA active site when ∠(N1C4′C4′N3) falls between 120° and 240°, and flipped out of the 
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enzyme active site towards DNA otherwise, with analysis only being performed on the flipped in 

portion.  A water molecule was determined to be available for hydrolysis if simultaneously within 

4 Å of C1′ and Oδ of D238. All simulations were run using AMBER 2018.75 

 

4.2.2. QM/MM calculations 

To investigate the catalytic mechanism of AlkA, we performed QM/MM calculations starting 

from a representative MD snapshot extracted by clustering the total dataset based on r(C1′−Oδ) 

using the heiragglo algorithm as implemented in cpptraj.75 The QM/MM (ONIOM87) approach was 

used due to its well-established ability to accurately model enzymatic reactions,88, 89 including those 

catalyzed by DNA glycosylases.42, 43, 47-58, 61 The QM layer encompassed the target 3mA nucleotide, 

the adjacent 3′ phosphate, key active site residues (W218, W272, D238, and the backbones of 

I241, L240, and Y239), and seven water molecules (119 atoms, Figure 4.2B), yielding a net QM 

charge of −1. The remaining portion of the AlkA–DNA complex and solvent molecules within 6 Å of 

the enzyme or DNA (3830 water molecules) formed the MM region. The QM layer was treated with 

the M06-2X functional and 6-31G(d,p) basis set, while the MM layer was described using the same 

AMBER force field75 assignments as implemented in the MD simulations. The mechanical 

embedding (ME) scheme was employed throughout due to its demonstrated reliability for other 

enzymes,47, 90-95 including those that catalyze nucleic acid hydrolysis95 and form DNA−protein 

crosslinks.47 All protein, DNA, and solvent atoms were optimized. Frequency calculations were 

used to confirm the nature of all stationary points and to obtain thermal corrections for Gibbs energy 

profiles. Single-point energies were obtained at the ONIOM(M06-2X/6-

311+G(2df,p):AMBER14SB) level of theory. Scans of bond distances relevant for the reaction being 

investigated (i.e., r(OWAT−C1′) for hydrolysis and r(D238Oδ−C1′) for crosslink formation) were used 

to identify approximate transition state (TS) structures. The energy maxima on the resulting 

potential energy surfaces were then used as the starting points for transition state optimizations. 

Transition states were validated by the presence of a single imaginary (negative) frequency. As 

discussed in the results, single-point calculations were performed on the RC and the TS 
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corresponding to the direct hydrolysis mechanism in which either W218 or W272 was mutated to 

alanine or moved from the QM layer to the MM layer (Table C.3, Appendix C). All QM/MM 

calculations were carried out using Gaussian 16 (Revision B.01).80 Calculated barriers were 

compared to the experimental barrier (88.4 kJ/mol) estimated from a rate constant of 0.5 min-1 that 

was measured at 37°C and a pH of 6.0 under single-turnover conditions64 using the Eyring 

equation. 

 

4.3. Results 

4.3.1. AlkA binds 3mA through non-specific interactions in the active site pocket 

While the substrate specificity of AlkA has been carefully investigated,34 the lack of a crystal 

structure of AlkA bound to DNA containing a nucleotide substrate means there is limited information 

regarding how the AlkA active site accommodates damaged nucleotides like 3mA. To gain insight 

into substrate binding, MD simulations were performed on AlkA bound to 3mA-containing DNA. 

The calculations reveal that the position of 3mA relative to AlkA is highly dynamic. For a portion of 

the simulation time (55%), 3mA is partially flipped out of the AlkA active site to integrate into the 

DNA helix (Figure C.2A, Appendix C). The observed dynamics could arise due to inherent 

instabilities resulting from the addition of a nucleobase-containing substrate to a crystal structure 

with an abasic site in the substrate binding pocket, the nucleotide naturally fluctuating between 

being flipped into the DNA helix and the AlkA active site, or a combination of these two factors. 

Indeed, although much longer simulated timescales would be required for an accurate comparison, 

the experimental equilibrium constant for substrate base flipping (Kflip = 3)96 is only slightly larger 

than the one estimated from the MD simulations (Kflip-calc ~ 1). For the remainder of the simulation 

time (45%), 3mA remains well accommodated in the AlkA active site. 

The damaged nucleobase sits in a pocket formed by V128, W272, R22, Y273, W218, Y239, 

L240, and Y222 (Figure 4.3A and C.3, Appendix C). L240 and W272 are closest to 3mA, forming 

one wall of the cavity on the O4′ side of the nucleoside (Figure 4.3B). L240 sits near the 3mA five-
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membered ring, while W272 stacks with the six-membered ring, with this relative orientation 

maintained for the entire time 3mA is accommodated in the active site. Y239 is also positioned on  

 

Figure 4.3. A) MD representative structure of the AlkA substrate binding pocket, highlighting the 
wall closest to 3mA (yellow), the wall farther from 3mA (red), the floor (blue), and the end cap 
(purple). Distance between 3mA and key residues in the B) closest wall or C) the far wall, floor, and 
end cap of the binding pocket.  

 

the O4′ side of 3mA. While Y239 does not form close contacts with 3mA for most of the simulation 

time, Y239 periodically stacks with the six-membered ring of 3mA (7% occupancy, Figure C.2B and 

C.3, Appendix C). The opposing wall, formed by R22 and V128, sits further from the 3mA 

nucleobase (~2.5 Å increased distance, Figure 4.3C and C.3, Appendix C). The larger distance 

may arise due to repulsion between the positively charged 3mA and R22. The floor of the cavity is 

composed of W218 and Y222, which form hydrophobic interactions with the lesion (Figure 4.3C). 

The far end of the pocket is occupied by Y273. Unlike other active site residues, which 

overwhelmingly adopt a single conformation, Y273 adopts three almost evenly occupied 

orientations over the simulation (Figures 4.4 and C.3, Appendix C). In the first conformation, Y273 

falls more than 11 Å from 3mA, which leaves a void in the active site pocket (denoted Y273-

disengaged; 37% occupancy, Figure 4.4A). In the second conformation, Y273 is situated closer to 
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3mA (within ~8 Å), but still too far to interact with the substrate nucleobase (Y273-semi-engaged; 

30% occupancy, Figure 4.4B). However, in the third conformation, Y273 stacks with 3mA, capping 

the active site pocket (Y273-engaged; 33% occupancy, Figure 4.4C). Overall, AlkA accommodates 

3mA in the active site through non-specific hydrophobic interactions with many surrounding 

residues, while Y273 adopts three different conformations that result in different binding pocket 

sizes. 

 

Figure 4.4. Y273 conformations sampled during MD simulations, denoted as the A) disengaged, 
B) semi-engaged, and C) engaged states. Conformational occupancies in the bottom right corner. 
D) Overlay of the Y273 disengaged (purple), semi-engaged (cyan), and engaged (blue) 
conformations, highlighting the change in active site size with Y273 conformation. The rest of the 
active site pocket is in green space filling. 

 

4.3.2. D238 can be oriented near deoxyribose to allow for either activation of a water 

nucleophile or formation of a crosslinked intermediate as part of AlkA catalytic activity 

D238 has been implicated as a participant in the AlkA catalytic mechanism as the D238N AlkA 

mutant is inactive.38 However, the exact role of this residue in catalysis is not understood. A short 

distance between D238 and the transition state analogue in a crystal structure (PDB ID: 1DIZ) has 

led to the proposal that D238 forms a crosslink with C1′ as part of catalysis,27, 28 which parallels the 
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mechanism reported for MutY.46, 47 However, it is also common for glycosylases to use an active 

site aspartate/glutamate to activate a water nucleophile for attack at C1′ to hydrolyze the glycosidic 

bond,39-43 which led to the proposal that the mutational impact is due to the role of D238 in 

nucleophile activation.38, 44 During MD simulations of AlkA bound to 3mA-containing DNA, D238 

remains near C1′ of 3mA (4.1 ± 1.1 Å, Figure 4.5A). This orientation is maintained by highly-

occupied D238−W272 (75%) and D238−W218 (54%) hydrogen bonds, as well as less-occupied 

hydrogen bonds with the backbones of L240 (27%) and I241 (18%, Figure 4.5B). The proposed 

role of these residues in positioning D238 is consistent with mutation of the tryptophan in archaeal 

AlkA (W204) corresponding to W218 to alanine abolishing catalytic activity.65 This highlights that, 

in addition to forming the active site pocket to bind 3mA, W218 and W272 are key for positioning 

D238 for catalysis. 

 

Figure 4.5. A) Relative alignment of D238 and 3mA from MD simulations on AlkA. Distance in Å, 
angle in degrees, and occupancy refers to the presence of a potential water nucleophile. B) 
Occupancies of key hydrogen bonds to D238 in the AlkA active site identified from MD simulations. 

 

For a catalytic mechanism where D238 forms a crosslink with C1′ to be feasible, D238 needs 

to be near C1′ (likely within 4 Å) and positioned on the opposite side of the deoxyribose as the 3mA 

nucleobase (defined by ∠(N9C1′Oδ) > 95°). When 3mA is positioned in the AlkA active site, these 

conditions were met for 71% of the simulation time, indicating D238 is well aligned for crosslink 

formation. On the other hand, a water molecule is located between D238 and C1′, and is therefore 

available for hydrolysis, for 86% of the simulation time when 3mA is accommodated in the active 

site (Figure 4.5A). Thus, our classical MD simulations confirm that the active site adopts 

conformations conducive for both crosslink formation and activation of a water nucleophile for a 
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large portion of the simulation time. To determine the most energetically feasible pathway, QM/MM 

calculations were used to map each proposed mechanism. 

 

4.3.3. Although D238 is aligned for attack at C1′, DNA−D238 crosslink formation is kinetically 

infeasible 

Since MD simulations support that D238 is aligned for nucleophilic attack at C1′ of 3mA in AlkA 

(Figure 4.5), which parallels the accepted mechanism for MutY,46-48 QM/MM calculations were used 

to map a crosslink formation mechanism for AlkA (Figures 4.6 and C.4, Appendix C). In the QM/MM 

reactant complex (RC), D238 is positioned 3.368 Å away from C1′ of 3mA, which is consistent with 

the crystal structure (3.2 Å from transition state analogue), and suggests a potential nucleophilic 

role (Figure C.4, Appendix C). D238 forms tight hydrogen bonds with the side chains of W272 and 

W218, and the backbone of L240, as well as a weaker interaction with the backbone of I241. In the 

TS, the distance between D238 and C1′ is reduced to 2.429 Å, which is consistent with the initiation 

of covalent bond formation. The glycosidic bond between C1′ and N9 of 3mA  is significantly 

elongated (2.165 Å) compared to the distance in the RC (1.503 Å). As D238 approaches C1′ in the 

TS, interactions between D238 and other active site residues are weakened, including hydrogen 

bonding with W218, L240, and I241 (~0.2 Å, ~1.0 Å, and ~0.7 Å increase in hydrogen-bond length, 

respectively, Figure C.4, Appendix C). The crosslink is fully formed in the PC, with 3mA completely 

detaching from deoxyribose and the L240 and I241 hydrogen bonds with D238 are restored. 

However, the transition state is associated with a very high barrier of 141.9 kJ/mol (Figure 4.6), 

significantly above the experimental value for AlkA of 88.4 kJ/mol.64 The large energetic cost likely 

results from the D238 hydrogen-bonding network in the RC structure, which requires three 

hydrogen bonds to be weakened to transition to the TS. Thus, crosslink formation is kinetically 

unfavorable. Although enzyme regeneration would require subsequent crosslink hydrolysis, this 

step was not considered due to the prohibitively high barrier associated with crosslink formation. 
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Figure 4.6. QM/MM optimized stationary points and relative Gibbs energy with respect to the RC 
for the AlkA-catalyzed crosslinking (left) and direct hydrolysis (right) pathways for 3mA excision. 
Distances in Å. Refer to Figures C.4 and C.5 for more detailed structural information. 

 

4.3.4. AlkA catalysis proceeds through direct hydrolysis of the glycosidic bond via a D238-

activated water nucleophile 

With crosslink formation disfavored for AlkA, the hydrolysis mechanism widely accepted for 

other glycosylases39-43 was considered. Indeed, MD simulations reveal a water nucleophile is 

frequently positioned between D238 and C1′ in the AlkA active site (86% occupancy when 3mA is 
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bound in the active site). In the QM/MM RC, a water nucleophile is located near C1′ of 3mA 

(r(WatO−C1′) = 4.018 Å) and hydrogen bonds to D238 (r(WatH−D238) = 2.926 Å, Figures 4.6 and 

C.5, Appendix C). In the TS, the nucleophilic water has initiated attack at C1′ (r(WatO−C1′) = 

2.590 Å), while the glycosidic bond is partially cleaved (r(C1′−N9) = 2.168, Figure C.5, Appendix 

C). Unlike the crosslink formation mechanism, D238 interactions with W272, W218, L240, and I241 

are maintained at similar lengths in the TS and RC, which results in a barrier of 99.5 kJ/mol. In the 

PC, the nucleophilic attack by the water molecule has completed (r(WatO−C1′) = 1.435 Å), a proton 

is donated to D238 (r(WatH−D238) = 1.046 Å), and the glycosidic bond is cleaved (r(C1′−N9) = 

2.964 Å).  

In glycosylases, it is common for residues that participate in substrate binding to also have a 

role in base departure.42, 47 Therefore, we investigated the roles of the residue that forms the closest 

contact to 3mA (W272) and the residue that is implicated in catalysis from archaeal AlkA (W218) 

in base departure by mutating the residue to alanine and analyzing the resulting impact on catalysis. 

While removing W218 from the QM region had a negligible impact on the reaction barrier (less than 

a 3 kJ/mol difference), removing W272 lowers the barrier by ~10 kJ/mol (Table C.3, Appendix C). 

This suggests cation–π contacts between W272 and 3mA are key for substrate binding but 

anticatalytic for base departure.  

The calculated energy barrier for the reaction (99.5 kJ/mol, Figure 4.6) is consistent with the 

experimental barrier (88.4 kJ/mol)64 and significantly lower than the barrier for crosslink formation 

(141.9 kJ/mol). Additionally, the prominent role of D238 in the direct hydrolysis mechanism 

characterized for AlkA is consistent with D238N mutant AlkA losing catalytic activity38 and mutation 

of the W218 analogue responsible for positioning D238 in archaeal AlkA stopping catalysis.  The 

characterized transition state for the direct hydrolysis pathway also resembles the crystal structure 

of AlkA bound to DNA transition state analogue.28 Considering all these factors, direct hydrolysis 

of the glycosidic bond represents the preferred catalytic pathway for AlkA activity.  
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4.4. Discussion 

4.4.1. AlkA binds 3mA through hydrophobic interactions in the binding pocket, which aligns 

the active site to facilitate direct hydrolysis of the glycosidic bond 

Most glycosylases target a small group of chemically similar lesions that can be accommodated 

in the enzyme active site.29-33, 39 For example, UDG specifically targets uracil (U) in DNA through 

specific hydrogen bonds between the Watson-Crick face of U and asparagine and histidine 

residues39, 97 as well as a series of hydrophobic interactions that ensure only pyrimidines with no 

C5 substitution can fit in the binding space.  On the other hand, AlkA acts on charged and 

uncharged, purine and pyrimidine substrates that have alkyl damage in different locations.34 

Furthermore, AlkA excises canonical adenine from A:C mispairs, although at a reduced rate 

compared to damaged nucleobases.36 The diverse shape, size, and chemical properties of AlkA 

substrates suggest the presence of an adaptable binding pocket, which must still promote an active 

site orientation conducive for catalysis. 

Our MD simulations provide the first structural insights into the binding of AlkA to a DNA 

substrate. We reveal that the AlkA substrate binding pocket consists of eight hydrophobic residues 

that form non-specific interactions with 3mA (Figure 4.3). The closest interactions between the 

binding pocket and substrate involve L240 and W272. Indeed, W272 likely forms a strong cation–

π interaction with 3mA, which contrasts repulsion with the positively charged R22 on the other side 

of the active site pocket. In fact, mutating W272 to alanine results in an ~10 kJ/mol reduction in the 

energy barrier, which indicates a strong enough cation–π contact to be anti-catalytic. Our 

simulations also show that Y273 encloses the substrate binding pocket. However, Y273 is highly 

flexible, adopting different conformations that adjust the depth of the active site. A conducive active 

site configuration for catalysis is facilitated by a hydrogen-bonding network between 3mA, D238, 

W272, W218, L240 and I241. D238 is properly positioned for catalysis primarily through 

D238−tryptophan hydrogen bonds, with support from hydrogen bonding with the backbones of 

L240 and I241. This is consistent with the crystal structure of AlkA bound to azaribose-containing 

DNA where D238 forms hydrogen bonds with those same four residues (PDB ID: 1DIZ, Figure 
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4.7A).28 Interestingly, W272 both stacks with 3mA and hydrogen bonds with D238, forming a bridge 

between the two residues and ensuring a catalytically-conducive orientation of D238 and 3mA. 

Indeed, D238 was aligned for water nucleophile activation or direct attack at C1′ of 3mA for over 

70% the MD simulation time when 3mA is accommodated in the AlkA active site (Figure 4.5A). 

 

Figure 4.7. A) Overlay of the QM/MM optimized AlkA RC obtained from an MD representative 
structure (green) and crystal structure of AlkA bound to azaribose-containing DNA (cyan, PDB ID: 
1DIZ). B) Crystal structure of AAG bound to ethenoadenine-containing DNA (PDB ID: 1F4R). 

 

Starting from an MD representative structure, QM/MM calculations provide the first 

computational description of the AlkA mechanism of action. In the preferred mechanism, D238 

activates a water nucleophile that attacks at C1′ of 3mA, cleaving the glycosidic bond. This pathway 

is comparable to the mechanism of action of many other monofunctional DNA glycosylases.39-43 

The energy barrier for the reaction (99.5 kJ/mol, Figure 4.6) is consistent with that estimated from 

experimental rates (88.4 kJ/mol) for the 3mA substrate.64 The prominent role for D238 in the 

mechanism is consistent with D238N mutation preventing AlkA catalytic activity.38 Additionally, the 

configuration of active site residues in our calculated RC is consistent with that in the crystal 

structure of the transition state analogue (Figure 4.7A), including the location of D238 relative to 

the substrate (3.4 Å vs 3.2 Å) and W272 and W218 with regards to D238.28 Overall, the direct 

hydrolysis mechanism characterized in this work is fully consistent with the currently available 

structural,28 mutagenic,38 and kinetic64 data for AlkA. As an enzyme not present in humans, the 

improved understanding of the AlkA catalytic mechanism provided by this work promises to aid in 

the development of transition state analogue inhibitors98-100 with antibacterial properties.37 

Additionally, the new insights gained about AlkA function broaden our understanding of cellular 
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DNA repair pathways, which has implications for the development of cancer fighting therapeutics 

that target BER enzymes.66-73 

 

4.4.2. The formation of a DNA−protein crosslink during catalysis remains unique to MutY 

among the DNA glycosylases 

A crystal structure of AlkA bound to azaribose-containing DNA reveals D238 is in close 

proximity to the transition state analogue (r(N1′−D238) = 3.2 Å, PDB ID: 1DIZ, Figure 4.1B).28 The 

crystal structure of MutY bound to azaribose-containing DNA (PDB ID: 6U7T)45 also uncovers a 

close contact between an aspartate (D144) and the azaribose (Figure 4.1C). Additionally, both 

enzymes become catalytically inactive when the aspartate in question is mutated to alanine or 

asparagine38, 64, 101 and can cleave canonical adenine from DNA.102, 103 These factors suggest that 

AlkA and MutY may utilize similar catalytic mechanisms. However, while MutY forms a crosslink 

between D144 and C1′ to excise the target base,46-48 crosslink formation is energetically unfeasible 

for AlkA (Figure 4.6). Our calculations suggest that this mechanistic difference is a consequence 

of how the catalytic aspartate is held in the enzyme active site. Specifically, D144 in MutY is 

positioned for attack by a single hydrogen bond with N146 which is maintained throughout the 

pathway,46 while D238 in AlkA is held in place by an intricate network of hydrogen bonds involving 

four different residues (W218, W272, I241, L240) with three of the interactions weakening or 

breaking during crosslink formation (Figure C.4, Appendix C). As a result, the energy barrier for 

crosslink formation in AlkA is increased to the point of being catalytically infeasible. This comparison 

between AlkA and MutY highlights how seemingly minor changes in the active site of a glycosylase 

can have large consequences for catalysis. Thus, formation of a DNA−protein crosslink during 

MutY catalysis46-48 remains unique among the monofunctional glycosylases.   
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4.4.3. Key Differences in the AlkA and AAG binding pockets contribute to unique substrate 

specificity  

While AlkA is responsible for repairing many types of alkylation damage in bacteria, AAG 

repairs several alkylation damage products in human cells.34, 35 Both enzymes primarily target 

common purine alkylated bases such as 3mA, 7mG, 1,N6-ethenoadenine, and hypoxanthine.34, 35 

Correspondingly, the mechanism adopted by the two enzymes is also comparable, with a basic 

active site residue (E125 in AAG or D238 in AlkA)43 activating a water nucleophile for attack at C1′ 

of the damaged nucleotide. Additionally, AlkA and AAG have many similarities in their active site 

architectures. For AAG, substrate binding involves non-specific π−π interactions between the 

damaged nucleobase and Y127 and Y159, while W272 plays a similar role in AlkA (Figure 4.7B). 

Indeed, these residues are similarly anti-catalytic towards excision of charged 3mA, with in silico 

Y127A and Y159A AAG mutants resulting in a ~10 kJ/mol reduction in the barrier to 3mA excision 

compared to wild-type,42 while a W272A mutation in AlkA also reduces the hydrolysis energy barrier 

by ~10 kJ/mol (Table C.3, Appendix C). These aromatic residues form a hydrogen-bonding network 

to correctly position the catalytic aspartate/glutamate with respect to the substrate. Specifically, 

Y127 stacks with the AAG substrate while hydrogen bonding with E125, and W272 stacks with the 

AlkA substrate while hydrogen bonding with D238. 

Despite the above similarities, AlkA has a broader set of substrates than AAG, extending to 

damaged pyrimidines (O2mT, O2mC) and even canonical adenine in A:C pairs.34-36 The first 

structure of AlkA bound to a substrate (3mA) containing DNA obtained from our MD simulations 

provides insight into these differences in substrate specificity. Specifically, in the AAG active site, 

N169 and the H136 backbone form specific hydrogen-bonding interactions with substrates as seen 

in the crystal structure of AAG bound to 1,N6-ethenoadenine-containing DNA (PDB ID: 1F4R, 

Figure 4.7B)104 and MD simulations on AAG bound to various substrates.105 Furthermore, MD 

simulations highlight that N169 and H136 are responsible for AAG discriminating against natural 

adenine and guanine bases.106 Conversely, no AlkA active site residue forms specific hydrogen 

bonding with 3mA, which is likely a factor in the excision of unmodified adenine from C:A base 
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pairs.36 Additionally, AAG does not have a residue that corresponds to Y273 in AlkA that can 

modulate the size of the binding pocket. This likely contributes to the ability of AlkA to cleave smaller 

pyrimidines,34, 35 while AAG is only known to excise purines.34, 35 Another AlkA residue with no AAG 

counterpart is R22. Indeed, the presence of a positively-charged residue in the binding pocket of 

an enzyme with many positively charged substrates appears counterproductive. However, cationic 

substrates like 3mA have weakened glycosidic bonds,64 which may permit catalysis even with 

reduced substrate binding affinity. On the other hand, positively-charged R22 has the potential to 

form strong  cation–π interactions with neutral substrates,107 facilitating neutral substrate binding. 

A positively charged amino acid can also stabilize the anionic leaving group resulting from cleaving 

a less labile glycosidic bond associated with a neutral substrate. This give and take, where an 

active site residue hinders catalysis for (cationic) substrates that are inherently easier to excise in 

order to promote activity on (neutral) substrates with more difficult chemistry, could be another 

factor contributing to the substrate diversity of AlkA.  

Overall, the structure of the AlkA−substrate complex, including the composition of the binding 

pocket, characterized in this work suggests many unique active site features work in tandem to 

afford the observed substrate promiscuity of AlkA. With an inability of the active site to distinguish 

between damaged and natural bases, this work supports proposals that AlkA discerns between 

substrates using base-pair stability36 and/or glycosidic bond strength.64 Additional experimental or 

computational studies on AlkA complexed with diverse substrates (including neutral variants) are 

needed to conclusively determine the roles of R22 and Y273 in AlkA activity.  

 

4.5. Conclusion 

The present study used a combination of MD simulations and QM/MM calculations to reveal 

how AlkA binds alkylated nucleotides and identify the preferred catalytic mechanism of action. Our 

MD simulations highlight that the AlkA substrate binding pocket is composed of eight residues 

(V128, W272, R22, Y273, W218, Y239, L240, and Y222), which form non-specific, largely 

hydrophobic interactions with the substrate. The lack of specific enzyme−substrate hydrogen 
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bonding and the ability of Y273 to modulate the binding pocket size is proposed to permit the 

accommodation of substates of various sizes (purines, pyrimidines) and chemical properties 

(cationic, neutral). This supports previous proposals that base-pair stability36 and/or glycosidic bond 

strength64 are likely discriminating features for AlkA substrate recognition. Despite being 

hypothesized to utilize a DNA−protein crosslink to achieve catalysis,27, 28 our calculations suggest 

that AlkA-facilitated glycosidic bond cleavage proceeds via a direct hydrolysis mechanism, where 

D268 activates a water nucleophile that attacks at C1′ of 3mA. The position of D238 required for 

the reaction is maintained by an intricate hydrogen-bond network involving W272, W218, L240, 

I241, and the substrate. Our proposed catalytic pathway is fully consistent with currently available 

experimental mutagenic,38, 65 kinetic,64 and structural28 data. The knowledge gained about AlkA 

function will aid in the development of inhibitors as antibacterial drugs37  and pushes forward our 

understanding of BER in cells.  
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Chapter 5: Insights into the Debated Lyase Mechanism of Bifunctional DNA Glycosylases 

from QM/MM MD Simulations: The Case Study of DNA Oxidative Damage Repair by hOGG1 

5.1. Introduction 

One of the most common DNA damage pathways in human cells is the oxidation of 

nucleobases resulting from exposure to reactive oxygen species (ROS).1 ROS can arise from 

endogenous (e.g., cell metabolism and inflammatory response)2, 3 and exogenous (e.g., pollutants, 

radiation, heavy metals, tobacco, and e-cigarettes)4-6 sources and are linked to many human health 

conditions including diabetes,7, 8 cardiovascular disease,9, 10 neurodegeneration,11, 12 and cancer.13-

19 These disorders are a consequence of the damage resulting in changed base-pairing specificity, 

leading to mutations.1, 20 The most prevalent form of oxidative DNA damage is 8-oxo-7,8-

dihyroguanine (8oG), which is estimated to arise approximately 1000–7000 times per cell per day.21 

8oG is known to be mutagenic, forming a base pair with adenine and resulting in a G:C to T:A 

transverse mutation upon several rounds of replication.22-24 To prevent mutagenic outcomes, 

human cells use 8-oxoguanine DNA glycosylase (hOGG1) to detect and remove 8oG damage as 

part of the base excision repair (BER) pathway.25 

hOGG1 is a bifunctional glycosylase that cleaves the glycosidic bond that attaches the 

damaged 8oG base to deoxyribose and cleaves the 3′- (and sometimes 5′-) phosphodiester bond, 

with the resulting enal being a substrate for enzymes that continue the BER pathway.26 Due to the 

vital role hOGG1 plays in cells, several experimental27, 28 and computational29-31 studies have 

investigated the initial glycosidic bond cleavage, which points to a mechanism where K249 attacks 

C1′ to displace the 8oG while D268 catalyzes a ring-opening step that breaks the C1′–O4′ bond, 

resulting in an imine crosslinked intermediate (Figure 5.1). However, there is little information 

available about the catalytic mechanism of the rate-limiting β-lyase step.32 While formation of the 

phosphate and enal products necessitates hydrolysis of the imine crosslink and elimination of the 

3′ phosphate, the order of these steps is unclear. Indeed, even the base that facilitates C2′ proton 

abstraction to initiate the 3′ elimination has not been conclusively identified, with conflicting 

proposals present in the literature.26, 33   
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Figure 5.1. Crystal structure of hOGG1−DNA complex (top) and hOGG1 pathway for glycosidic 
bond cleavage (bottom). 

 

The first proposed mechanism for lyase activity is based on a crystal structure of an hOGG1 

borohydride trapped crosslinked intermediate with free 8oG resolved in the active site (PDB ID: 

1HU0, Figure 5.2A).26 In this pathway, the cleaved anionic 8oG from the deglycosylation step 

abstracts a C2′ hydrogen to catalyze the elimination reaction (Figure 5.2B).26 This suggestion was 

supported by the observation that 8oG and 8oG analogues (e.g., 8-bromoguanine) enhance 

hOGG1 activity.26 However, it has also been proposed that the 8oG anion would likely either be 

protonated or leave the active site before the β-lyase reaction can occur.34 Furthermore, 

compounds have been found that are not basic and/or are not structurally similar to 8oG but still 

increase hOGG1 activity, which indicates that 8oG may be an allosteric regulator rather than 

participating in catalysis.33 Therefore, in a second proposed mechanism, D268 acts as the base for 

elimination (Figure 5.2C),33 which is supported by a 68-fold reduction in catalytic activity upon 

D268N mutation.35 Nevertheless, the D268Q mutation does not result in a detectable decrease in 

activity,35 indicating D268 may not serve a vital role in catalysis. Therefore, no proposed mechanism 

to date accounts for all experimental data related to the β-lyase step of hOGG1, and additional 

research is needed to develop and validate a comprehensive catalytic mechanism. 
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Figure 5.2. A) Crystal structure of the borohydride-trapped hOGG1 crosslinked intermediate with 
8oG retained in the active site. Proposed β-lyase pathway catalyzed by hOGG1 involving B) 
product or C) D268-assisted catalysis. 

 

Computational techniques can elucidate atomic level details of catalytic mechanisms and 

distinguish the preferred enzymatic pathway among many possibilities.36-46 Indeed, an abundance 

of computational studies have considered the mechanism of action of the hydrolysis reaction 

catalyzed by monofunctional DNA glycosylases.43, 46-62 Furthermore, molecular dynamics (MD) 

simulations have been combined with quantum mechanics/molecular mechanics (QM/MM) 

methods to characterize the MutY catalytic pathway, a monofunctional glycosylase that cleaves the 

glycosidic bond by forming a crosslinked intermediate.53 Computational methods have also been 

used to study the deglycosylation step facilitated by bifunctional glycosylases58-62 including 

hOGG1,31, 46, 63 while hOGG1 substrate recognition and accommodation has been investigated 

using MD simulations.28, 64-68 However, computational work on the β-lyase step of any bifunctional 
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glycosylase remains limited to a single small model QM study (54 atoms), which concluded that the 

preferred elimination mechanism will be dependent on the enzyme active site.69      

To fill in gaps in our knowledge of the hOGG1 mechanism of action by capitalizing on the ability 

of computational techniques to provide key missing information about enzyme function, a 

combination of long-timescale classical molecular dynamics (MD) simulations and short-timescale 

quantum mechanics/molecular mechanics MD (QM/MM MD) simulations are used in the present 

work to explore the β-lyase activity of hOGG1. First, starting from the hOGG1−crosslinked substrate 

complex, the kinetics of 8oG unbinding from the hOGG1 active site are investigated using umbrella 

sampling to determine whether catalysis can occur prior to 8oG departure. Next, MD and QM/MM 

MD umbrella sampling simulations are used to systematically explore the dynamics of the hOGG1 

active site in the presence of the crosslinked substrate and to map multiple catalytic pathways that 

differ in the base facilitating elimination and the order of the elimination and imine hydrolysis steps. 

In all cases, both neutral and cationic imine crosslinks were considered since the pKa (5−7) 

suggests both states are feasible in a cellular environment. The preferred mechanism of action 

correlates with all available experimental kinetic33, 34, 70 and mutagenic35 data to date. This is the 

first time the β-lyase step has been characterized for a bifunctional glycosylase, revealing 

previously unconsidered roles for active site residues. The improved understanding of the hOGG1 

mechanism gained from this work promises to aid in the development of transition state analogue 

inhibitors71-73 that can be used to treat inflammatory conditions74, 75 and cancers,75-78 and sets the 

stage for the design of allosteric hOGG1 activators for combating disorders caused by oxidative 

stress.79, 80 

 

5.2. Methods 

5.2.1. Classical MD simulations 

Models for the hOGG1−crosslinked substrate complex were constructed based on a crystal 

structure of the borohydride-trapped intermediate with 8oG in the active site (PDB ID: 1HU0, Figure 
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5.2A).26 Unresolved residues 80−82 were added using SWISS-MODEL.81 Four models were 

generated that differ in the presence of 8oG in the active site and the imine crosslink protonation 

state. The crystallographic Ca2+ ion bound to the DNA backbone was removed in models containing 

8oG in the active site. Imine crosslinks were modeled as the E isomer due to general 

thermodynamic favourability and a small model study showing the imine isomer negligibly impacts 

the elimination barrier.69 Each structure was solvated with TIP4P-EW water molecules in a periodic 

rectangular prism with sides a minimum of 10 Å from the solute using the LEaP program in Amber 

20.82 Sodium ions were added to neutralize the solute, and NaCl was added to achieve a 

physiological salt concentration (150 mM). The Amber force field was used throughout, with protein 

residues described using ff14SB83 and nucleic acid residues described using OL15.84 Parameters 

for the cationic and neutral hOGG1−DNA crosslink were supplemented using the general AMBER 

forcefield (GAFF2),85 while charges were obtained using the RESP charge fitting procedure in the 

pyRED program (Table D.1−D.6, Appendix D). Parameters for 8oG were taken from the literature 

with charges calculated using pyRED (Table D.7, Appendix D).86    

All models were initially minimized in a stepwise manner, using 1000 steps of steepest decent 

followed by 1000 steps of conjugate gradient minimization. First, the solvent was minimized, while 

a 100 kcal mol–1 Å–2 restraint was applied to the solute. Next, the restraint was removed from the 

solute hydrogen atoms. Subsequently, all solute atoms were minimized, while applying a 

100 kcal mol–1 Å–2 restraint to the solvent. Finally, the entire system was minimized with no 

restraints, using 1000 steps of steepest decent followed by 2000 steps of conjugate gradient 

minimization. Each system was then heated, starting from 10 K with the temperature increased by 

50 K every 20 ps until 310 K was reached. The restraints on the solute were subsequently dropped 

from 25 kcal mol–1 Å–2 to 5 kcal mol–1 Å–2 at a rate of 5 kcal mol–1 Å–2 per 20 ps. A final 20 ps 

equilibration step was completed while applying a solute restraint of 1.5 kcal mol–1 Å–2. For these 

simulations, an NVT ensemble was used, with a collision frequency of 1 ps–1 and a Langevin 

thermostat. Following equilibration, five 1 µs MD production simulations were performed on each 

system using an NPT ensemble with a pressure of 1 bar (Berendsen barostat). Simulations were 

run using AMBER 2018 pmemd.cuda.87 
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Analysis was conducted using the cpptraj program in AmberTools20.82 Unique active site 

conformations were identified based on all possible combinations of the ∠(C3′C2′C1′Nζ), 

∠(C4′C3′C2′C1′), and ∠(D268CγC1′C2′Nζ) dihedral angles, and the ∠(D268CγC1′C2′) angle that 

occurred over the simulation (see Figures D.1 and D.2, Appendix D). The most occupied 

conformations that together accounted for at least 80% of the total simulation time were used to 

identify correlated structural features, permitting reduction in the number of parameters used to 

define each conformation. The entire simulation was then divided according to the reduced 

parameter set. Hydrogen-bond occupancies were calculated using a heavy-atom distance of less 

than 3.0 Å and a hydrogen-bond angle between 135° and 180°. 

 

5.2.2. Umbrella sampling MD simulations 

Post-equilibration models of hOGG1 bound to DNA containing a neutral or cationic imine 

crosslink with 8oG in the active site were used to initiate umbrella sampling simulations to 

investigate 8oG unbinding from the active site. The same parameters, and initial minimization, 

heating, and equilibration steps as described for the classical MD simulations were employed. The 

collective variable (CV) used for umbrella sampling was the distance between the C2′ of the 

crosslink deoxyribose and N9 of free 8oG. Umbrella windows had restraints centered on CV values 

that ranged from 3.5 Å to 12.75 Å and increased in increments of 0.25 Å, with each window 

consisting of a 50 ns simulation undergoing a 15 kcal mol–1 Å–2 restraint. The structure after 10 ns 

for every second window was used as the starting point for the next two windows. The potential 

energy surface was generated using the WHAM method.88, 89 Simulations were run using AMBER 

2018 pmemd.cuda87 and analysis was performed using the cpptraj program in AmberTools20.82 

 

5.2.3. QM/MM MD simulations 

Based on data from umbrella sampling MD simulations, QM/MM MD simulations were 

performed using the neutral and cationic imine crosslink models of hOGG1 with 8oG removed from 
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the active site. The QM region (44−45 atoms) consists of Asp268 truncated at Cβ, the nucleic acid 

portion of the crosslink truncated between C4′ and C5′ on the 5′ end of the crosslinking nucleotide 

and between C5′ and C4′ of the nucleotide 3′ to the crosslinking nucleotide, the protein portion of 

the crosslink truncated at Cβ, and two water molecules (Figure 5.3). The total charge of the QM 

region is −1 for the cationic crosslink and −2 for the neutral crosslink models. The QM region is 

treated using the B3LYP functional90 due to its success in modeling other enzymes91-93 including 

glycosylases.94  The 6-31G(d) basis set was used with the electronic embedding scheme. 

Calculations were run using AMBER2095 interfaced with Gaussian 16 (Rev. C.01).96 Simulations 

initially used the same parameters, and minimization, heating, and equilibration steps as the 

classical MD simulations. After equilibration, the QM region was delimited and an additional 20 ps 

unrestrained equilibration was run. The last point from the equilibration step was then used as the 

starting structure for steered MD (SMD) simulations to consider the first reaction step of different 

catalytic pathways. To model the second reaction step, SMD simulations were initiated from the 

structure taken from the last frame of an umbrella sampling window to the corresponding product 

complex. The CVs as well as starting and ending points for each SMD simulation can be found in 

Table D.8. Frames taken throughout the SMD simulations were used as starting points for umbrella 

sampling calculations, with the chosen frame having a CV closest to that of the umbrella sampling 

window. CVs chosen as the center of restraints for umbrella sampling varied depending on the 

reaction being mapped (see Table D.9, Appendix D). Windows were incremented by 0.1 Å across 

the CV range considered and consisted of a 6 ps simulation with a restraint weight of    

100 kcal mol–1 Å–2. The potential energy surface was constructed using the WHAM method based 

on the last 5 ps of each window. Results were compared to an energy barrier of 92 kJ/mol estimated 

based on an experimental steady-state rate constant of 6.88 h-1 at a pH of 7.9 and temperature of 

37 °C70 using the Eyring equation. 
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Figure 5.3. QM region for QM/MM MD simulations on models containing a A) cationic (45 atoms) 
or B) neutral (44 atoms) imine crosslink. 

 

5.3. Results  

5.3.1. 8oG rapidly unbinds from the hOGG1 active site, preempting participation in catalysis 

One of the first proposals for the mechanism of hOGG1 catalyzed β-lyase activity involved C2′ 

abstraction by the 8oG anion generated in the preceding glycosylase reaction (Figure 5.2B).26 This 

requires 8oG to remain in the active site, which is supported by a crystal structure of an hOGG1 

borohydride-trapped intermediate (PDB ID: 1HU0, Figure 5.2A).26 However, an experimental kinetic 

study indicated that under in vivo conditions 8oG would be unlikely to remain in the active site to 

participate in catalysis.34 Therefore, umbrella sampling MD simulations were used to investigate 

the barrier for 8oG unbinding from the hOGG1 active site for both the neutral and cationic crosslink. 

For both the neutral and cationic crosslinks models, the PES generated from umbrella sampling 

contains a minimum at a CV of 5.6 Å corresponding to the optimal position of 8oG inside the active 

site (Figure D.3, Appendix D). This is slightly longer than the observed separation in the 

borohydride-trapped intermediate crystal structure (r(N9−C2′) = 3.9 Å), which could result from the 

crystal structure containing an amine rather than imine crosslink. The barrier for 8oG anion 

departure (unbinding complete at a CV of ~12 Å) is low (5−15 kJ/mol depending on crosslink 

protonation state), with 8oG forming hydrogen bonds with N315, S147, and N43 (Figure D.4, 

Appendix D) as well as stacking interactions with F319 and H270 (Figure D.5, Appendix D) along 

the path leaving the active site. The barrier for 8oG unbinding is well below the experimental barrier 

for hOGG1 catalysis (92 kJ/mol),70 indicating 8oG will leave the active site before the rate-limiting 



123 
 

elimination reaction. Furthermore, guanine is present in cells at a low concentration (~100 μM)97 

and only two or three bases per million guanines exist as 8oG98 (expected cellular concentration 

~0.25 nM). When coupled with the high pKa of 8oG (9.49 for the N9 proton),99 this results in a single 

digit estimate for the number of anionic 8oG present in a cell at neutral pH. Thus, the concentration 

of anionic 8oG is too low to expect binding in the hOGG1 active site for participation in catalysis. 

With a low barrier for 8oG unbinding and low cellular concentration of anionic 8oG, it is not feasible 

for 8oG to be the base for C2′ proton abstraction. This proposal is consistent with hypotheses that 

8oG acts as an allosteric activator for hOGG1 activity.33   

 

5.3.2. D268 can be positioned to initiate elimination for a neutral crosslink  

With 8oG anticipated to depart the enzyme active site, an hOGG1 residue must act as a base 

for β-elimination. D268 has been previously proposed to adopt this role.33 Indeed, the D268N 

mutation results in a 68-fold reduction in catalytic activity.35 Other enzymes have been reported to 

use aspartate/glutamate residues as a base for elimination (DesII100, TFAM101) and mutational data 

suggests a glutamate plays a similar role for bifunctional T4 pyrimidine dimer glycosylase (T4 

PDG).102, 103 Although D268 is a promising general base for elimination, D268 is not close enough 

to the crosslink substrate for proton abstraction in the crystal structure of the hOGG1 crosslinked 

intermediate (r(D268−C2′) = 4.9 Å, PDB ID: 1HU0, Figure 5.2A).26 Nevertheless, this crystal 

structure contains a reduced amine crosslink rather than the canonical imine substrate and the 

static nature of the crystal structure may not capture other possible orientations of D268. Therefore, 

to determine whether D268 can be positioned for C2′−H abstraction, classical MD simulations were 

initially performed on a model of the neutral imine crosslink. 

Across the MD simulations on the hOGG1−DNA neutral crosslinked intermediate, four unique 

active site conformations were observed, with the primary differentiating criteria being the 

∠(C5′C4′C3′C2′) and ∠(C3′C2′C1′Nζ) crosslink dihedral angles (Figure 5.4). In the most-occupied 

conformation (conformation 1N; 51% occupancy), D268 is positioned in the active site by transient 

hydrogen bonds to the backbones of V269 and M271, and O4′ of the ring-opened deoxyribose 
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Figure 5.4. Representative structures from MD simulations on hOGG1 models containing a neutral 
imine crosslink, showing active site orientation, hydrogen-bond occupancies (percentage), key 
structural parameters (bottom left), and overall occupancy (bottom right) for conformation A) 1N, B) 
2N, C) 3N, and D) 4N.  

 

(Figure 5.4A).  This places D268 near C2′ of the crosslink (r(C2′−D268) = 4.4 ± 0.7 Å), positioning 

the residue for proton abstraction (r(C2′−D268) < 4 Å) for the 31% of the time that this conformation 

is adopted. Water is also present in the active site for crosslink hydrolysis (normalized water density 

of 1.3 g/mL at a distance of 3.5 Å from the crosslink, Figure D.6A, Appendix D). In the third most 

occupied conformation (conformation 3N; 18% occupancy), D268 adopts similar hydrogen bonds 

and orientation with respect to the crosslink (r(C2′−D268) = 4.3 ± 0.3 Å; < 4 Å for 33% of the 

simulation time) despite having a unique crosslink orientation (Figure 5.4C). Furthermore, water 

remains available around the crosslink in conformation 3N (normalized water density of 1.1 g/mL 

at a distance of 3.5 Å, Figure D.6A, Appendix D). In the remaining two conformations 

(conformations 2N (21%) and 4N (8%)), the active site hydrogen bonding with D268 is altered, 

which results in a longer distance to C2′ (average r(C2′−D268) = 4.7 – 5.0 Å) and poor positioning 

for proton abstraction (< 12% occupancy of a suitable orientation). Overall, despite the flexibility of 

the active site, D268 is positioned to facilitate proton abstraction from C2′ of the neutral crosslink 
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for a significant portion of the total simulation, suggesting a catalytically-conducive orientation of 

the hOGG1 active site can be adopted in the presence of a neutral crosslink.  

 

5.3.3. D268 cannot abstract a proton as the first step in the hOGG1 β-lyase activity toward a 

neutral imine crosslink 

To determine whether D268-catalyzed phosphodiester bond cleavage is energetically feasible 

for the neutral crosslink and the preferred order of the elimination and imine hydrolysis steps, 

QM/MM MD simulations were initiated from a model built from the dominant active site conformation 

identified from classical MD simulations (conformer 1N). Specifically, a representative structure was 

chosen based on conformations with r(C2′–D268) < 4 Å to ensure D268 is optimally aligned for the 

reaction. From this model, the previously proposed mechanism in which D268 first abstracts a 

proton from C2′ to initiate the β-lyase activity (Figure 5.2C) was investigated.33 The proton transfer  

 

Figure 5.5. Potential energy surface and representative structures of stationary points for the D268-
catalyzed A) elimination and B) hydrolysis of a neutral imine crosslink. A representative structure 
corresponding to a CV of 1.5 Å was shown as a representative complex along the hydrolysis 
pathway. CV defined in Table D.9. 
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occurs in one step (Figures 5.5A and D.7, Appendix D). In the reactant complex (CV ~ −1.7 Å), 

D268 falls 2.8 ± 0.2 Å from H2′. The transition state (CV ~ 0.8 Å) is late, with r(D268−H2′) reduced 

to 1.4 ± 0.4 Å and the C2′–H2′ bond extended to 2.3 ± 0.4 Å (Figures 5.5 and D.7, Appendix D). In 

the PC, the C2′–H2′ bond is cleaved, and H2′ is transferred from D268 to O3′ of the phosphate, 

which cleaves the O3′–C3′ bond. This process has a very large energy barrier (218.8 kJ/mol), 

significantly exceeding the experimental barrier for catalysis (92 kJ/mol).70 The high energetic cost 

potentially arises from charge build up on Nζ over the reaction as evidence by weakening of the 

Nζ–C1′ bond in the transition state (~0.03 Å increase in bond length, Figure D.7, Appendix D). Since 

the energy barrier is too high for this process to occur on physiological time scales, D268-assisted 

elimination is not a feasible pathway for the β-lyase step associated with a neutral crosslink. 

 

5.3.4. Hydrolysis of the neutral imine crosslink is not energetically viable, suggesting a 

neutral crosslink is not a substrate for hOGG1 β-lyase activity 

As water surrounds the neutral crosslink in the hOGG1 active site (Figure D.6A, Appendix D), 

another possible β-lyase mechanism involves hydrolysis of the imine crosslink as the initial step in 

the hOGG1 mechanism of action. The feasibility of this pathway was investigated using the same 

QM/MM MD model as discussed for the previous D268-facilitated elimination. The RC occurs at a 

C1′–OWAT distance of 3.0 Å, with a second water molecule forming a bridge between the 

nucleophilic water and D268 (Figure 5.5B and D.8, Appendix D). However, a stable PC could not 

be characterized, with the relative Gibbs energy steadily increasing as the water approaches C1′. 

At a CV of 1.5 Å, the C1′–OWAT bond has formed and the proton from the water nucleophile 

transferred to D268 through the water bridge. Although this corresponds to an area of reduced 

slope on the PES, no minimum is present and the energy relative to the RC at this point on the 

PES is over 200 kJ/mol, reinforcing that hydrolysis is not feasible. When combined with the high 

barrier for D268 proton abstraction discussed in the previous section, the QM/MM MD simulations 

suggest that a neutral crosslink is not a substrate for hOGG1 β-lyase activity.  

 



127 
 

5.3.5. D268 is aligned with respect to a cationic crosslink to facilitate elimination  

As discussed in section 5.1, the pKa range for a typical imine (5−7) suggests that the DNA–

hOGG1 crosslinked species could be cationic at the near neutral pH of human cells. As was done 

for the neutral crosslink, classical MD simulations were initially performed to explore the 

conformational landscape of D268 with respect to the cationic imine crosslink. Four unique active 

site conformations were identified that primarily differ in the ∠(C3′C2′C1′Nζ) dihedral angle (Figure 

5.6). The dominant conformation (conformation 1C) was adopted for 60% of the simulation time 

(Figure 5.6A). In addition to transient hydrogen bonds with O4′ of deoxyribose, and the backbones 

of V269, H270, and M271, D268 is positioned in the active site by a strong hydrogen bond to Nζ of 

the crosslink, placing the residue in close proximity to C2′ (r(C2′−D268) = 3.7 ± 0.5 Å; < 4 Å for 82% 

of the simulation time). Consequently, this conformation is well aligned for D268 to catalyze the  

 

Figure 5.6. Representative structures from MD simulations on hOGG1 models containing a cationic 
imine crosslink, showing active site structure, hydrogen-bond occupancies, defining parameters 
(bottom left), and overall occupancy (bottom right) for conformation A) 1C, B) 2C, C) 3C, and D) 
4C. 

 

elimination reaction. Furthermore, water is available in the active site in this conformation 

(normalized water density of 1.6 g/mL at a distance of 3.5 Å from the crosslink, Figure D.6B, 
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Appendix D). In the remaining three conformations (conformations 2C (18%), 3C (15%) and 4C 

(8%)), the hydrogen bond between D268 and Nζ of the crosslink is absent, which results in improper 

D268 positioning for C2′ proton abstraction (average r(C2′−D268) = 4.7 – 5.1 Å).  Nevertheless, 

D268 is aligned for C2′ proton abstraction for a significant portion of the total simulation time, 

suggesting D268 may help initiate the hOGG1 β-lyase mechanism.  

 

5.3.6. D268 cannot abstract a proton from a cationic imine crosslink as the first step in 

hOGG1 β-lyase activity  

To determine whether β-lyase activity on a cationic imine crosslink is energetically feasible, 

QM/MM MD calculations mapped potential catalytic pathways, using a model based on a 

representative structure of the dominant conformer (1C) identified from classical MD simulations. 

From this model, the previously proposed mechanism in which D268 first abstracts a proton from 

C2′ to initiate the β-lyase activity was investigated.33 The proton transfer occurs in one step (Figure 

5.7A and D.9, Appendix D). In the RC (CV = −1.55 Å), D268 is 2.6 ± 0.1 Å from H2′ has forms a 

hydrogen bond with Nζ of the crosslink, as observed in the classical MD simulations. The transition 

state (CV = 0.30 Å) is earlier than that for the neutral crosslink, with H2′ partially transferred to D268 

(r(H2′–D268) = 1.2 ± 0.1 Å; r(C2′–H2′) = 1.5 ± 0.1 Å). As in the elimination mechanism mapped for 

the neutral crosslink, charge accumulates on Nζ, which weakens the Nζ–C1′ bond in the transition 

state (~0.04 Å increase in bond length). However, unlike for the neutral system, protonated Nζ can 

better accommodate the increased electron density, which results in a much lower barrier (140.3 

kJ/mol). In the PC (CV = 1.50 Å), H2′ has transferred to D268, while a double bond forms between 

C2′ and C1′ (r(C2′–C1′) = 1.37 ± 0.04 Å) and the Nζ–C1′ bond is weakened (r(Nζ–C1′) = 1.36 ± 

0.04 Å). Since phosphate elimination was not completed, a separate QM/MM MD simulation 

modeled proton transfer from D268 to O3′ of the phosphate to finish the reaction, which occurred 

in one step with a low barrier (32 kJ/mol, Figure D.10 and D.11, Appendix D). In the final product, 

the O3′−C3′ bond is cleaved, the phosphate protonated, the imine in the crosslink regenerated, and 

a double bond formed between C2′ and C3′.  
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Figure 5.7. Potential energy surface and representative structures of stationary points for the D268-
catalyzed A) elimination reaction and B) subsequent hydrolysis of a cationic imine crosslink. CV 
defined in Table D.9. 

 

Finally, the product from the β-elimination path was used to model the imine hydrolysis step, 

which yields the enal product (Figure 5.7B and D.12, Appendix D). In the RC (CV = 3.45 Å), the 

nucleophilic water is positioned to attack C1′, with a water bridging D268 and the nucleophile to 

facilitate proton transfer (94% occupancy, Figure D.12, Appendix D). In the TS (CV = 2.15 Å), the 

reduced nucleophilic water−C1′ distance pulls the nucleophile farther from D268, which lowers the 

population of the water bridge (14% occupancy). In the PC (CV = 1.45 Å), a hydrogen atom from 

the nucleophilic water has been transferred to D268 through the water bridge and the crosslink has 

been reduced to an amine (r(Nζ–C1′) = 1.45 ± 0.04). The corresponding energy barrier for this 

reaction is low (26.5 kJ/mol). Overall, the elimination (140.3 kJ/mol barrier) is the rate-limiting step 

for this pathway. Although the QM/MM MD barrier is lower than that of any pathway for a neutral 

crosslink substrate, the energetic cost remains significantly greater than the experimental barrier 

(92 kJ/mol),70 which indicates D268-assisted elimination is not a feasible first step for hOGG1 β-

lyase activity regardless of the crosslink protonation state. 

 



130 
 

5.3.7. hOGG1 β-lyase activity initiated by hydrolysis of a cationic imine crosslink followed 

by D268-assisted elimination is catalytically viable 

Although not discussed in the literature to date, there is potential for imine hydrolysis to initiate 

hOGG1 β-lyase activity. In the QM/MM MD RC (CV ~ 2.90 Å), a water bridges the nucleophilic 

water and D268 for 54% of the simulation time (Figures 5.8A and D.13, Appendix D). Nucleophilic 

attack of the water at C1′ results in a TS (CV ~ 1.85 Å) with a weakened C1′–Nζ bond (~0.04 Å 

increase), which is reduced to an amine in the PC (CV ~ 1.40 Å; r(Nζ–C1′) = 1.46 ± 0.05). The 

reaction has a barrier of 33.9 kJ/mol, which is below the experimental barrier for hOGG1 β-lyase 

activity70 and indicates initial nucleophilic attack of a water is kinetically favorable.  

Since conversion of the alcohol hydrolysis intermediate to an aldehyde is expected to be rapid 

as the initial nucleophilic attack of a water is generally rate-limiting for imine hydrolysis in neutral 

conditions,104, 105 the aldehyde product was used as the starting point for the D268-catalyzed 

elimination step (Figure 5.8B and D.14, Appendix D). D268 is 2.8 ± 0.1 Å away from H2′ in the RC 

(CV = −1.80 Å), which decreases to 1.2 ± 0.1 Å in the TS (CV = 0.25) in which the H2′−C2′ bond is 

partially cleaved (r(C2′–H2′) = 1.5 ± 0.1). The aldehyde bond is weakened (~0.05 Å increase in 

bond length), indicating a buildup of charge that is stabilized by a hydrogen bond to K249 (77% 

occupancy). The energy barrier for this step is 92.7 kJ/mol. In the PC, H2′ has completely 

transferred to D268, while the C1′−O1′ bond approaches the distance expected for a C−O single 

bond (r(C1′−O1′) = 1.35 ± 0.04 Å). Completion of the elimination reaction requires proton transfer 

from D268 to the O3′ leaving group (Figure 5.8C and D.15, Appendix D), which is associated with 

a low barrier (19.8 kJ/mol), and results in a product containing a cleaved O3′−C3′ bond and a 

C2′−C3′ double bond (r(C2′−C3′) = 1.35 ± 0.02 Å). 
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Figure 5.8. Potential energy surface and representative structures of stationary points for the A) 
D268 catalyzed hydrolysis, and post-hydrolysis B) D268-catalyzed elimination, C) phosphate 
protonation, and D) K249-catalyzed elimination for a cationic imine crosslink. 

 

 The barrier for the rate-limiting elimination step is 92.7 kJ/mol, which is consistent with the 

experimental barrier (92 kJ/mol)70 and significantly lower than the barrier for elimination pre-

hydrolysis (140.3 kJ/mol). This could be due to the more electronegative oxygen in the aldehyde 

being able to accommodate the charge buildup in the transition state better than nitrogen in the 
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imine combined with lysine being released and therefore available to hydrogen bond with the 

substrate to facilitate catalysis. The pathway with D268-assisted hydrolysis followed by D268-

assisted elimination represents the first favorable catalytic mechanism characterized for hOGG1, 

which is consistent with the experimental barrier (92 kJ/mol),70 mutagenic data suggesting D268 

plays a role in catalysis35 and proposals that 8oG and related activators are allosteric in        

nature.33, 70  

 

5.3.8. K249 can act as an alternative base for the hOGG1 β-lyase elimination step  

Despite the promise of the previously characterized β-lyase pathway consisting of initial imine 

hydrolysis followed by D268-catalyzed elimination, the proposed central role of D268 is not 

consistent with a study showing the D268Q hOGG1 mutant has similar catalytic activity to the wild-

type enzyme.35 This suggests another base may facilitate catalysis for the mutant. While no residue 

other than D268 is positioned for C2′ proton abstraction when hOGG1 is bound to the cationic 

crosslinked intermediate, K249 is free to act as a base after the kinetically accessible crosslink 

hydrolysis. While lysine acting as a base for elimination has not been previously proposed for a 

DNA glycosylase, lysine does fulfill this role in the mechanism of action of other enzymes.106-110 For 

example, βC-S lyase uses K234 as the general base for the α,β-elimination of cysteine106 and SpvC 

phosphothreonine lyase uses K136 to abstract Hα along the pathway for phosphate elimination.108 

Therefore, the potential of K249 to facilitate phosphate elimination in hOGG1 was investigated 

using QM/MM MD simulations (Figures 5.8D and D.16, Appendix D). 

In the RC (CV ~ −1.85), K249 is 2.9 ± 0.1 Å away from H2′ and partially forms a bond with H2′ 

in the TS (CV ~ 0.30 Å; r(K249−H2′) = 1.2 ± 0.1 Å), which extends r(C2′−H2′) to 1.6 ± 0.1 Å. As in 

the mechanism in which D268 acts as the base, the aldehyde bond starts to weaken in the TS 

(~0.05 Å increased bond length) and is fully cleaved in the PC (CV ~ 1.35 Å), while H2′ is transferred 

to K249. The aldehyde bond is also weakened further (r(C1′−O1′) = 1.34 ± 0.04 Å). Since the 

product is the same as that for D268-assisted elimination, protonation of the O3′ leaving group will 

follow the same low−barrier pathway (19.8 kJ/mol, Figure 5.8C). Therefore, the overall energy 
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barrier associated with initial crosslink hydrolysis followed by K249-catalyzed elimination is 

83.8 kJ/mol (Figure 5.8C), which is similar to the D268-catalyzed elimination barrier (92.7 kJ/mol) 

and experimental findings (92 kJ/mol).70 The feasibility of this pathway is also consistent with the 

D268Q hOGG1 mutant having similar catalytic activity to the wild-type enzyme.35  

 

5.4. Discussion  

As part of the repair of 8oG damage in DNA, hOGG1 catalyzes the cleavage of both the 

glycosidic and 3′-phosphodiester bonds.26 While the glycosidic bond cleavage pathway has been 

extensively studied,27-31 the mechanism for hOGG1 β-lyase activity is unknown, with the little 

experimental data available leading to conflicting proposals.26, 33  An 8oG anion has been theorized 

to initiate the hOGG1 β-lyase reaction by acting as a base for the elimination step based on a 

crystal structure of the borohydride-trapped hOGG1 crosslinked intermediate (Figure 5.2A).26 

However, this pathway is dependent on the 8oG deglycosylation product being tightly bound in the 

active site or anionic 8oG being available in the cell to bind to the hOGG1−DNA complex as a 

cofactor. In the present work, umbrella sampling calculations unveiled a low barrier for anionic 8oG 

departure from the enzyme active site regardless of the crosslink protonation state (5−15 kJ/mol, 

Figure D.3, Appendix D). Indeed, unbinding was observed to be aided by stacking interactions 

between the exiting 8oG and F319 and H270 (Figure D.5, Appendix D). Interestingly, a previous 

MD study of 8oG flipping into the hOGG1 active site identified F319 and H270 as playing roles in 

the initial binding of the substrate,68 suggesting that 8oG is accepted and released from the active 

site through similar mechanisms. With the low barrier for base departure, the only remaining source 

of anionic 8oG for a product-assisted pathway would be existing free 8oG in the cell. However, cells 

contain an extremely low concentration of 8oG (~0.25 nM),97, 98 and the low acidity of N9 of 8oG99 

would result in only a handful of anionic molecules present in an entire cell. Notably, 8oG 

concentrations during crystallization of an hOGG1 borohydride-trapped intermediate (233 μM 

assuming every hOGG1 molecule excised one base) were much higher, which likely led to 8oG 

being retained in the active site in the resolved structure (PDB ID: 1HU0).26 Our proposal that base 
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retention is unlikely in a cellular context is further supported by crystal structures of other 

bifunctional glycosylases containing a covalently-trapped intermediate (e.g., Fpg,111, 112 Endo VIII,113 

mNEIL3,114 and Nth115), which do not contain an excised base in the active site. Without access to 

either self-generated or environmental anionic 8oG, a product-assisted mechanism for hOGG1 is 

unfeasible.  

Since our calculations suggest that 8oG cannot directly participate in the catalytic mechanism, 

the reported activation of hOGG1 by 8oG26 is unlikely to result from 8oG binding in the active site. 

Instead, hOGG1 activation is likely allosteric, as has been previously hypothesized based on 

random screening identifying activators that are structurally distinct from 8oG.33 Although the 

allosteric binding site of hOGG1 activators has yet to be discovered, uncovering the nature of 8oG 

activation paves the way for future research focused on identifying the binding location of hOGG1 

activators, which would allow for the rational design of activators with greater efficacy for 

applications such as therapeutics for treating conditions and diseases related to oxidative stress 

(heart attack, stroke, Chronic Obstructive Pulmonary Disease).79, 80, 116-118 

With 8oG being unable to initiate the elimination step, an hOGG1 active site residue must 

catalyze the β-lyase step. Although not aligned for catalysis in the static crystal structure of the 

crosslinked intermediate (PDB ID: 1HU0),26 D268 has been previously theorized to act as a base 

for elimination.33 In this work, classical MD simulations reveal for the first time that D268 is 

positioned to act as a base for β-elimination regardless of the crosslink protonation state. This 

highlights the importance of accounting for the dynamic nature of enzyme active sites when 

predicting the roles of key residues. While both crosslink protonation states adopt conformations 

conducive for catalysis, D268 is correctly aligned over twice as frequently with respect to the 

cationic crosslink as the neutral crosslink (D268 within 4 Å of C2′ for 52% vs. 24% of the simulation 

time), mainly due to a persistent hydrogen bond between Nζ of the cationic crosslink and D268. 

Thus, classical MD simulations provide the first indication that the neutral crosslink may be a less 

favorable substrate than the cationic variant.  
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Subsequent QM/MM MD calculations mapping the hOGG1 β-lyase mechanism (Figure 5.5) 

with a neutral imine substrate uncovered a high energy barrier for both the elimination 

(218.8 kJ/mol) and crosslink hydrolysis (over 200 kJ/mol) steps. When combined with the inferior 

D268 alignment in the classical MD simulations, our data indicate a neutral imine crosslink is not a 

viable substrate for hOGG1 β-lyase activity. This is the first time the correct protonation state of the 

crosslink substrate has been revealed as vital for the catalytic activity of a bifunctional glycosylase. 

Nevertheless, it is not uncommon for enzymes, including glycosylases, to require specific substrate 

protonation states for catalysis to progress (e.g., MutY catalysis involves a cationic adenine 

intermediate53, 86 and anionic trans-4-hydroxy-l-proline (Hyp) results in the most favorable pathway 

for Hyp dehydratase activity119).120 Furthermore, our proposal that hOGG1 is only active towards 

cationic crosslinks mirrors bifunctional glycosylases that form proline−DNA crosslinks, such as 

Fpg111, 112 and NEIL1,60 which also rely on a cationic crosslink for the lyase step.61, 121 This suggests 

the requirement of a cationic crosslink-containing substrate for lyase activity may be ubiquitous 

across the bifunctional glycosylase family, regardless of the crosslinking amino acid residue.  

In the preferred catalytic pathway identified in this work (Figure 5.9), β-lyase activity is initiated 

by hydrolysis of the cationic imine crosslink since immediate C2′ proton abstraction has a 

prohibitively high energy barrier (~140 kJ/mol). During crosslink hydrolysis, an active site 

nucleophilic water molecule attacks C1′ of a cationic imine crosslink, which is facilitated by proton 

donation to D268 through a bridging water. Proton transfers between Nζ, D268, and O1′ complete 

the hydrolysis step, resulting in an aldehyde product. Subsequently, anionic D268 or neutral K249 

abstracts a C2′ proton and a low-barrier proton transfer from D268 to O3′ completes the reaction, 

with a resulting rate-limiting QM/MM MD barrier (83.8−92.7 kJ/mol) being consistent with the 

experimental barrier (92 kJ/mol) for hOGG1 β-lyase activity.70  

This mechanism elucidated in this work reveals, for the first time, that a crosslinking lysine has 

the potential to act as a base for the elimination step catalyzed by a bifunctional glycosylase, and 

rationalizes experimental findings that  D268 mutation to asparagine or glutamine results in a 0- 

and 68-fold reduction in hOGG1 catalytic activity respectively.35 Additionally, the lack of a product 
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cofactor in catalysis agrees with kinetic data showing compounds structurally distinct from 8oG can 

behave as hOGG1 activators.33, 34 It is anticipated that other bifunctional glycosylases that generate 

an imine crosslink have the potential to adopt similar mechanisms. For example, T4 PDG forms a 

similar imine crosslink as part of glycosidic bond cleavage and has been hypothesized to use an 

active site glutamate to facilitate elimination as mutation of E23 to a non-basic residue inhibits 

catalytic activity,102, 103 which mirrors findings for hOGG1. However further experimental and 

computational work is needed to determine whether other bifunctional glycosylases adopt a similar 

mechanism to hOGG1 or whether the hOGG1 pathway characterized in this work is unique.   

 

Figure 5.9. Preferred hOGG1 β-lyase pathway elucidated in this study. 

 

Since cancer cells are often under increased levels of oxidative stress,122, 123 inhibition of 

enzymes that combat oxidative stress impact cancerous cells more strongly than healthy cells. As 

the main enzyme responsible for repairing the primary oxidative product in DNA, the development 

of inhibitors for hOGG1 is an active area of research.75-78 Indeed, inhibitors for flap endonuclease 

1, another enzyme involved in the BER of oxidative DNA damage,124 have been shown to enhance 

the ability of other therapeutics to fight cancer cells.125-127 In addition to treating cancer, hOGG1 

inhibition can help alleviate certain pro-inflammatory conditions, with an hOGG1 inhibitor having 

been proven to decrease the expression of proinflammatory genes in mice.74, 75 Thus, the improved 

understanding of the hOGG1 mechanism of action from this study will enable development of 

rationally-designed transition state analogue inhibitors with high efficacies for treating disorders 

related to oxidative stress.71-73  
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5.5. Conclusion 

While the deglocosylation step of the hOGG1 mechanism of action is well characterized,27-31 

conflicting proposals were present in the literature for the β-lyase step based on limited 

experimental data.26, 32, 33 The present work unifies all previous kinetic33, 34, 70 and mutagenic35 data 

on the mechanism of action of hOGG1, characterizing the β-lyase pathway using diverse 

computational techniques. Umbrella sampling MD simulations revealed that release of the cleaved 

8oG base occurs prior to phosphodiester bond cleavage, contrasting previous proposals for 

product-assisted elimination.26 Contrary to observations in an experimental crystal structure of the 

hOGG1−DNA borohydride-trapped intermediate (PDB ID: 1HU0),26 MD simulations on the hOGG1-

crosslinked deglycosylation product uncover that D268 is frequently positioned for C2′ proton 

abstraction. Comparisons of four QM/MM MD characterized catalytic pathways for β-lyase activity 

determined that catalysis is only possible when the substrate is a cationic crosslink and hydrolysis 

of the imine crosslink occurs before elimination, which provides two potential bases for subsequent 

elimination (D268 and K249) and is consistent with the D268Q hOGG1 mutant retaining catalytic 

activity.35 The mechanism characterized in this work supports the proposal that hOGG1 activators 

are allosteric in nature,33 laying the groundwork for the identification of the allosteric binding site 

and the development of hOGG1 activators for treating inflammatory conditions74, 75 and oxidative 

stress.79, 80 The improved understanding of the hOGG1 mechanism of action from this study 

promises to aid in the development of rationally-designed hOGG1 transition state analogue 

inhibitors71-73 to improve the efficacy of cancer therapeutics.122, 123 
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Chapter 6: How Do DICER1 Syndrome Mutations Disrupt Catalysis? Unveiling Dicer Metal 

Binding Architecture and Mechanism of Action using MD and QM/MM Techniques 

6.1. Introduction 

RNA interference is a vital pathway in human cells for gene regulation and defense against 

viral infections (Figure 6.1).1 In this process, non-coding microRNAs (miRNA) or small-interfering 

RNAs (siRNA) are loaded into an Argonaute protein and associated binding partners to form the 

RISC.1, 2 The RISC then targets messenger RNA (mRNA) that is complementary to the RNA guide 

strand and degrades the mRNA or otherwise prevents its translation.1, 2  miRNA production is highly 

regulated along the entire transcription process.3, 4 The final step of miRNA biogenesis is the 

cleavage of two phosphodiester bonds in the double-stranded precursor miRNA (pre-miRNA) by 

an endonuclease called Dicer to produce the approximately 22 nucleotide long mature miRNA 

duplex.3, 5, 6 Due to cell requirements of processing an extremely diverse array of miRNAs,7 Dicer 

has a broad substrate specificity, targeting RNA with a variety of sequences at similar rates.8-10 

 

Figure 6.1. The RNA interference (RNAi) pathway in which pre-miRNA is cleaved by Dicer to 
produce miRNA and mRNA is cleaved by the RISC to silence genes. 

 

miRNA has been implicated in a multitude of physiological processes in humans including cell 

differentiation,11 carcinogenesis,12-14 cardiovascular disease,15 the immune system,16 and viral 

defense.17, 18 As a result, Dicer misfunction and miRNA dysregulation are associated with a wide 

variety of diseases and disorders.11, 19-24 Furthermore, Dicer mutations correlate with the 

development of lung, thyroid, and brain cancers, including early childhood variants,21, 25-30 in a 

genetic disorder called DICER1 syndrome. DICER1 syndrome arises from mutations to the 
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DICER1 hotspot region in the catalytic RNase IIIb domain,25, 31 with the impacted residues being 

proposed to bind catalytic Mg2+ ions that facilitate phosphodiester bond cleavage.31-34 These 

mutations impair the processing of miRNA-5′ strands,31 which could compromise tumor suppressor 

miRNA and lead to the predisposition for cancer.22, 35-37 Despite the direct connection between Dicer 

catalysis and DICER1 syndrome, the atomic details of the mechanism behind Dicer–mediated 

phosphodiester bond cleavage are poorly understood.  

Dicer is a large, magnesium-dependent,34, 38 multi-domain protein consisting of the dsRNA-

binding, DExD/H-box helicase, DUF283, platform, PAZ, and two catalytic RNase III (labeled a and 

b) domains (Figure E.1, Appendix E).32, 33 However, a truncated form of Dicer that only contains the 

RNase IIIb domain retains catalytic activity.38 All nucleases function under the same general 

principle, with a nucleophile attacking the phosphorus atom of the phosphate moiety and the 

enzyme stabilizing charge build up on the phosphate and leaving group (Figure 6.2).39, 40 However, 

the strategies different enzymes use to activate a nucleophile, stabilize intermediates, and facilitate 

leaving group departure vary significantly, with many endonucleases, including Dicer, utilizing metal 

cofactors.39, 40  

 

Figure 6.2. General mechanism for nucleases. Nu represents a generic nucleophile and R 
represents a metal ion or protein residue. 

 

While Mg2+ ions are well accepted to be necessary for Dicer catalytic acivity,34, 38 the metal 

coordination in the active site is unclear. An early cryo-EM structure of Dicer bound to an RNA 

substrate (PDB ID: 5ZAL, Figure 6.3A) lacks Mg2+ ions and the RNA is not aligned in the active site 

of either RNase III domain.33 Although RNA is bound in the catalytic active site in a later cryo-EM 
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structure of Dicer crystallized in the presence of Ca2+ (PDB ID: 7XW2, Figure 6.3B),32 calcium 

inhibition of enzymatic activity suggests that the active site conformation is not conducive for 

catalysis. A structure of the apo-RNase IIIb domain crystallized in the presence of magnesium 

shows two ions bound in the active site separated by 7.6 Å (PDB ID: 2EB1, Figure 6.3C).38 This 

distance is too large for both metal ions to coordinate to the substrate near the bond cleavage site, 

as commonly observed for other nucleases including the homologous aquifex aeolicus (aa) RNase 

III (Figure 6.3D).41-50 However, catalysis could still be possible through the observed human Dicer 

Mg2+ configuration if one metal adopts indirect (water mediated) coordination. Indeed, indirect metal 

coordination to the substrate leaving group occurs for many two-metal-dependent nucleases45, 51-

53 and several one-metal-dependent nucleases cleave the phosphodiester bond using a single Mg2+ 

that is indirectly coordinated to the substrate.51, 54-56 Nonetheless, metal locations could shift upon 

substrate binding as reported for the EcoRV endonuclease.57  

 

Figure 6.3. Cryo-EM structures of the active site of A) human Dicer without the substrate bound in 
the catalytic active site, and B) Ca2+–inhibited human Dicer bound to RNA. X-ray crystal structure 
of the active site of C) the human Dicer RNase IIIb domain homodimer in the absence of substrate 
and D) aa-RNase III bound to substrate RNA.  
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In addition to questions surrounding the coordination of active site Mg2+ ions, the roles of active 

site residues are also unclear. K1806 has been implicated to have an important function in Dicer 

activity as mutation of the analogously positioned residue in mouse Dicer inhibits catalysis (Figure 

E.2A and B, Appendix E).58 A similarly positioned lysine residue can also be found in the active site 

of other nucleases (Figure E.2C−F, Appendix E),45, 51, 57-62 which mutational experiments     

(EcoRV57, 61 and MutH60) and computational studies (EndoV51) suggest to be important for catalysis. 

However, the function of this lysine in nucleases is undetermined, with proposed roles for the 

residue including stabilizing charge build up in the transition state,51, 61 facilitating DNA bending,57 

and mediating metal cofactor binding.59 Without a clear picture of Mg2+ ion and substrate binding 

and the roles of functionally important active site residues, questions remain regarding how Dicer 

cleaves phosphodiester bonds and how DICER1 syndrome related mutations disrupt this function.   

Computational chemistry techniques have proven to be invaluable for discerning enzyme 

structures and catalytic mechanisms,63-69 including for nucleases.41, 47, 51, 54, 56, 70-85 Specifically, 

molecular dynamics (MD) simulations have aided in the characterization of enzyme structural 

features, including metal binding architectures. For example, MD simulations uncovered different 

apurinic/apyrimidinic endonuclease 1 (APE1)–pol-β86 and APE1–substrate87-89 interactions to help 

identify residues responsible  for binding active site Mg2+ ions and reveal the broader catalytic 

activity.90-92 Quantum mechanics/molecular mechanics (QM/MM) calculations have also been used 

to elucidate the mechanisms of action for nucleases.41, 47, 51, 70, 72, 78-81 Indeed, accurate QM/MM 

energy barriers enable comparison to experimental data and the identification of the preferred 

mechanism of action among many possibilities.93 For example, QM/MM calculations on bacterial 

EndoV uncovered the preferred (indirect) Mg2+ ion−substrate coordination and the role of lysine as 

the general acid.56  

Due to previous insights computational methods have provided for nucleases, the present 

study employs a combination of MD simulations and QM/MM calculations to uncover the binding 

mode of the substrate and Mg2+ ions in the Dicer active site, the catalytic mechanism, and the 

function of Dicer mutants. Specifically, MD simulations were initiated from a model of the Dicer 
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catalytic RNase IIIb domain bound to an RNA substrate to determine the relative positioning of the 

substrate, Mg2+, and key active site residues. Two models were considered that differ in the initial 

magnesium ion placement and coordination. Subsequently, snapshots from MD simulations on 

each model were used to initiate QM/MM calculations under the ONIOM formalism, modeling seven 

different pathways to identify the preferred catalytic mechanism. Armed with knowledge of the ion 

configuration and roles of critical active site residues, MD simulations were used to determine the 

impact of select DICER1 syndrome causing mutants (D1709N, D1810Y, E1705K, E1813D, 

E1813G, and G1809R)25, 31 on the structural dynamics of the catalytically-conducive enzyme–

substrate complex. Overall, this work provides the first description of the Dicer catalytic mechanism 

of action, clarifies the role of a catalytic lysine that may be conserved in other endonucleases, and 

provides a structural rationalization for the connection between Dicer mutants and DICER1 

syndrome.25, 31 This information can be used in the future to develop innovative treatments for 

Dicer1 syndrome and powerful new RNAi–based therapeutics94-96 and biotechnologies.97-99  

 

6.2. Computational Methods 

6.2.1. MD simulations 

An initial model for wild-type Dicer bound to RNA was built using the crystal structure of the 

Dicer RNase IIIb domain homodimer (PDB ID: 2EB1, Figure 6.3C).38 The substrate was added by 

aligning the homodimer with the crystal structure of the homologous aa-RNase III bound to RNA 

(PDB ID: 2NUG, Figures 6.3D and E.3A, Appendix E)49 and removing the bacterial enzyme. Side 

chain conformations were minimized to reduce close contacts between the RNA substrate and 

Dicer using PyMOL.100 The side chain for partially resolved E142 was added using PyMOL.100 The 

unresolved amino acid chain consisting of residues N122 to E141 was generated using SWISS-

MODEL.101 Protonation states for amino acid side chains were calculated using the                            

H++ server.102, 103 From this starting structure, two models were generated that differ in the position 

and coordination geometry of the two active site Mg2+ ions. In the first model (denoted RIIIb), the 

Mg2+ ions are retained from the Dicer RNase IIIb homodimer crystal structure (PDB ID: 2EB1, 
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Figure 6.4A),38 which are separated by 7.6 Å. Specifically, MgA2+ is coordinated to E1705, D1810, 

E1813, a nonbridging phosphate oxygen, and two water molecules, while MgB2+ is coordinated to 

D1709 and 5 water molecules. In the second model (denoted aaRIII), the Mg2+ ions were retained 

from the aa–RNase III crystal structure (PDB ID: 2NUG, Figure 6.4B) and are separated by 4.0 Å.49 

Specifically, MgA2+ is coordinated to E1705, D1810, E1813, a nonbridging phosphate oxygen, and 

two water molecules, while MgB2+ is coordinated to E1813, D1709, a bridging and non-bridging 

phosphate oxygen, and two water molecules.  

 

Figure 6.4. Post-equilibration Dicer model constructed using the Mg2+ ion positioning from the A) 
RNase IIIb homodimer (denoted RIIIb) and B) aa-RNase III (denoted aaRIII). High-layer atoms in 
the QM/MM C) RIIIb and D) aaRIII models. 

 

Each model was solvated with TIP3P water molecules in a periodic rectangular prism with sides 

a minimum of 10 Å from the solute in each direction using the LEaP program in AMBER 2018.104 

Sodium ions were added to neutralize the system and NaCl was added to achieve a physiological 

salt concentration (150 mM). The Amber force field was used throughout, with protein residues 

described using ff14SB parameters105 and nucleic acid components modeled using χOL3.106, 107  
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Both the RIIIb and aaRIII models were initially minimized in a stepwise manner, using 1000 

steps of steepest decent followed by 1000 steps of conjugate gradient minimization. First, the 

solvent was minimized, while a 100 kcal mol–1 Å–2 restraint was applied to the solute. Next, the 

restraint was removed from the solute hydrogen atoms. Subsequently, all solute atoms were 

minimized, while applying a 100 kcal mol–1 Å–2 restraint to the solvent. Finally, the entire system 

was minimized with no restraints, using 1000 steps of steepest decent followed by 2000 steps of 

conjugate gradient minimization. Each system was then heated from 10 K, with the temperature 

increased by 50 K every 20 ps until 310 K was reached. The restraints on the solute were 

subsequently dropped from 25 kcal mol–1 Å–2 to 5 kcal mol–1 Å–2 at a rate of 5 kcal mol–1 Å–2 per 

20 ps. A final 20 ps equilibration step was completed while applying a solute restraint of                     

1.5 kcal mol–1 Å–2. For these simulations, an NVT ensemble was used, with a collision frequency 

of 1 ps–1 and a Langevin thermostat. As an additional equilibration step for the aaRIII model, a 100 

ns production simulation was performed where the distances between MgA2+ and the phosphate 

non-bridging oxygen, MgB2+ and the phosphate non-bridging oxygen, and MgB2+ and O3′ were 

constrained to be less than 2.4 Å, which allowed the system to relax in the presence of the added 

Mg2+ ions and substrate. Following equilibration, five 500 ns MD production simulations were 

performed on each system. The additional equilibration step and production simulations employed 

an NPT ensemble with the Langevin thermostat, Berendsen barostat (1 bar), and a collision 

frequency of 3 ps–1. Minimization, equilibration, and production simulations were performed using 

AMBER 2018 pmemd.cuda.104 Heavy atom RMSDs from the simulations confirm system stability 

(Figure E.4, Appendix E). Overlays between the post equilibration aaRIII and RIIIb models and the 

Ca2+ inhibited crystal structure show comparable Mg2+−binding residue and substrate positioning 

(Figure E.3B and C, Appendix E), which indicates there were no large structural shifts upon addition 

of the substrate and ions from the bacterial crystal structure. 

Directed by calculations on the wild-type enzyme, D1709N, D1810Y, E1705K, E1813D, 

E1813G, and G1809R Dicer mutants were generated by substituting the appropriate residue in the 

post-equilibration aaRIII model using the PyMOL mutagenesis tool.100 Each mutated side chain 

was manually manipulated to remove steric clashes. Similarly, a wild-type aaRIII model with a 
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hydroxide nucleophile was generated by replacing a water bound to MgA2+ with a hydroxide ion. 

MD simulations were run on each system using the same protocol as implemented for the wild-type 

models. Heavy atom RMSDs show similar behavior between replicates for each model (Figure E.5, 

Appendix E).  

Trajectory analysis was conducted on the same, single active site across all replicas using the 

cpptraj program in AMBER 2018.104 Hydrogen-bond occupancy was determine using a heavy atom 

distance of less than 3.0 Å and a hydrogen-bonding angle between 135° and 180°. A residue was 

considered coordinated to Mg2+ when the distance to the metal was less than 3.0 Å. A water was 

considered in position to attack the phosphate moiety when the distance between the phosphorus 

atom and water oxygen (r(OWAT–P)) was less than 4.2 Å and the ∠(O3′POWAT) was greater than 

135°. Representative structures shown in the figures were obtained by clustering using the 

heiragglo algorithm based on the all-atom RMSD of the active site Mg2+ ions, E1705, D1709, 

D1810, E1813, and the nucleotide containing the phosphate to be cleaved. RESP charge fitting 

was used to generate charges for the hydroxide ion with the R.E.D.v.III.4 program (Table E.1, 

Appendix E),108 with other atomic parameters being the same as a TIP3P water molecule.  

 

6.2.2. QM/MM methodology 

QM/MM models were generated starting from MD representative structures for each wild-type 

system (RIIIb and aaRIII). First, directed by the MD analysis (see results), MD simulation data were 

clustered (heiragglo algorithm) based on the distance between O3′ of the leaving group and MgB2+. 

Since mutation of the lysine analogously positioned to K1806 in the structurally similar mouse Dicer 

(K1790, Figure E.2B, Appendix E) inhibits catalysis,58 a second round of clustering based on the 

K1806–substrate phosphorus distance was performed to obtain the final representative structure 

used for QM/MM modeling. The QM region of the RIIIb model contains 172 atoms (E1705, D1709, 

N1742, K1806, D1810, and E1813, 2 Mg2+ ions, 7 metal-coordinated waters, and 6 additional active 

site waters) and an overall charge of –2 (Figure 6.4C). The QM layer of the aaRIII model similarly 

has an overall charge of –2 and contains 160 atoms (E1705, D1709, N1742, K1806, D1810, and 
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E1813 all truncated at the Cα–Cβ bond, the G and A residues 5′ and 3′ with respect to the phosphate 

being cleaved (truncated at C3′ and C5′, respectively), 2 Mg2+ ions, 4 metal-coordinated waters, 

and 5 additional active site waters; Figure 6.4D). The aaRIII model with a hydroxide nucleophile 

was generated by converting one Mg2+–bound water into a hydroxide ion and adding an additional 

water molecule to the QM layer to help stabilize the more highly charged active site, resulting in a 

QM region with 162 atoms and a charge of –3. In all models, the MM region contained the remaining 

protein and substrate atoms as well as any water molecules with an atom that falls within 8 Å of 

any solute atom (Figure E.6, Appendix E).  

All QM/MM calculations invoked the ONIOM scheme.109 Optimizations were performed using 

the M06-2X functional110 with the 6-31G(d,p) basis set to treat the QM region, while the MM region 

was modeled with the same force field used for the MD simulations. This approach was chosen 

due its robustness and successes accurately modeling other enzymatic reactions,76, 82, 83, 111-114 

including metal–dependent enzymatic phosphodiester bond cleavage or formation.76, 82, 83 Guesses 

for transition states (TS) were isolated from energy maxima obtained by scanning key reaction 

parameters (i.e., those corresponding to P–O bond formation (r(OWAT–P)) and cleavage (r(O3′–P))), 

which were subsequently subjected to unrestrained transition state optimizations. Frequency 

calculations were conducted to characterize the nature of all stationary points and verify that the 

isolated imaginary frequency was associated with the anticipated transition structure. Frequencies 

were treated as positive if greater than −10 cm−1. Each pathway was verified to be continuous by 

mapping the internal reaction coordinate through scanning the nucleophile–electrophile and leaving 

group distances both to and from each stationary point. The reported reaction Gibbs energies were 

obtained from ONIOM(M06-2X/6-311+G(2df,p):AMBERff14SB) single-point calculations. 

Optimizations were performed with the mechanical embedding (ME) scheme, while single-point 

calculations were performed with the electronic embedding (EE) scheme. To ensure ME 

optimizations do not affect the accuracy of the reaction surface, the mechanistic pathway for the 

aaRIII model with a water nucleophile was fully optimized with EE. Structures optimized with ME 

and EE are highly similar (active site all atom RMSD < 0.3 Å, Figure E.7A, Appendix E) and the 

resulting energy barriers are within 11 kJ/mol (Figure E.7B, Appendix E), supporting the robustness 
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of the ME approach for predicting the structures of this system. QM/MM activation barriers were 

compared to the estimated barrier for the catalytic step (~80–100 kJ/mol) calculated from 

experimental kcat values (1 x 10−1 – 7 x 10−5 s−1) measured at 37 °C under single and multiple 

turnover conditions with the pre-let-7a-1 pre-miRNA substrate.115-117 

All QM/MM calculations were performed using Gaussian 16 (Rev. B.01).118 

 

6.2.3. Free energy of hydroxide binding 

The Gibbs energy difference for binding a hydroxide ion compared to a water molecule at MgA2+ 

for the aaRIII configuration was determined using alchemical thermodynamic integration. 

Specifically, the endpoints were defined as the Dicer–RNA complex with the open coordination on 

MgA2+ filled with waters and the Dicer–RNA complex with an MgA2+–bound water replaced by a 

hydroxide ion. The aaRIII post-equilibration structure was used as a starting point. The transition 

from one endpoint to the other was done in 5 steps, each consisting of a 100 ns simulation. The λ 

values for each step were 0.04691, 0.23076, 0.5, 0.76923, and 0.95308. The final energy difference 

was calculated using numerical integration. This same process was done using a box of 2548 water 

molecules, with one endpoint being a pure water box and the other endpoint having a single water 

replaced with OH−. For both systems, the simulations were repeated in the opposite direction. The 

resulting Gibbs energy values are within 0.3 kJ/mol, showing negligible hysteresis. Block averaging 

was used to estimate the error in the energy. Simulations were run using the same parameters and 

programs as the MD simulations. 
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6.3. Results and Discussion 

6.3.1. Indirect coordination of MgB2+ to the substrate does not yield sufficient charge 

stabilization of the leaving group to permit catalysis 

With only a single crystal structure of Dicer containing Mg2+ ions bound in the active site (PDB 

ID: 2EB1, Figure 6.3C),38 the feasibility of the Mg2+ ion configuration presented in this crystal 

structure upon substrate binding was considered. However, the large Mg2+ separation prevents 

both Mg2+ ions from directly coordinating to the substrate, with only MgA2+ being positioned for direct 

coordination with the scissile phosphate backbone in the Dicer−substrate complex. Nevertheless, 

other two-metal-dependent endonucleases are active with indirect MgB2+−leaving group 

coordination45, 51-53 and single-metal-dependent nucleases have been shown to use indirect 

metal−substrate coordination to cleave the phosphodiester bond.51, 54-56 This includes the case of 

APE1, where an indirectly coordinated Mg2+ ion facilitates catalysis by having a Mg2+−bound water 

donate a proton to the O3′ leaving group during the catalytic mechanism.54, 77 Therefore, a model 

was constructed that maintains the RIIIb ion configuration to explore whether indirect 

MgB2+−substrate coordination can be maintained in a dynamic environment and can effectively 

catalyze phosphodiester bond cleavage. 

Throughout MD simulations on the RIIIb model, MgA2+ remained coordinated to E1705, D1810, 

E1813, a non-bridging phosphate oxygen of the substrate, and two water molecules, while MgB2+ 

is coordinated to D1709 and five water molecules (Figure 6.5). Furthermore, MgA2+ consistently 

positioned a nucleophilic water for attack at the phosphate moiety (r(OWAT–P) = 3.6 ± 0.2 Å for 97% 

of the simulation time). However, two dominant active site conformations emerged that primarily 

differ in the distance between MgB2+ and O3′ of the scissile phosphate, and the orientation of the 

MgB2+–coordinated D1709 (∠(OδCγCβCα), Figure E.8, Appendix E). The first, lower occupancy 

conformation has a long MgB2+−substrate distance (r(MgB2+–O3′)=7.0 ± 0.4 Å; 27% occupancy; 

Figure 6.5A), which does not allow for coordination between MgB2+ and the substrate. Accordingly, 

a MgB2+–activated water is positioned to stabilize the substrate for less than 1% of the time in this 

conformation, suggesting this active site architecture is not conducive for catalysis (denoted 
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MgB2+−NC conformation). The second, higher occupancy conformation positions MgB2+ closer to 

the substrate (r(MgB2+–O3′)=4.7 ± 0.3 Å; 73% occupancy; Figure 6.5B). Although direct MgB2+–

substrate coordination remains absent, this metal binding arrangement permits water to bridge the 

metal and substrate to afford indirect metal–substrate stabilization as has been reported for other 

nucleases (denoted MgB2+−IC conformation).51, 54, 56, 76 Indeed, a MgB2+–coordinated water is within 

3.0 Å of O3′ for 100% of the time this conformer is adopted, which could potentially protonate the 

leaving group during departure as seen for APE1.54 Interestingly, a K1806–substrate hydrogen 

bond rarely forms during the simulations regardless of the MgB2+ orientation (occupancy <2%), 

which raises questions regarding the viability of this MgB2+ metal binding architecture since mutation 

of the corresponding residue in mouse Dicer significantly impacts catalysis.58 Nevertheless, 

QM/MM calculations were performed on the RIIIb model to probe the corresponding catalytic 

mechanism, with the QM/MM starting structure built from a representative MD snapshot in the 

MgB2+−IC conformation with a K1806−non-bridging phosphate oxygen hydrogen bond. 

 

Figure 6.5. MD representative structures of the A) MgB2+−NC and B) MgB2+−IC conformations of 
the Dicer RIIIb active site. Occupancies over the course of the simulation provided (below). 
Distances are reported in Å. 

 

The QM/MM optimized RC retains the Mg2+ coordination observed in the MD simulations, 

including indirect coordination between MgB2+ and O3′ of the substrate (r(O3′–HWAT) = 2.211 Å, 

Figures 6.6A, E.9A and E.10, Appendix E). The water nucleophile bound to MgA2+ is positioned to 

attack the phosphate moiety (r(OWAT–P) = 3.392 Å). K1806 hydrogen bonds with a non-bridging 

phosphate oxygen of the substrate, which is maintained throughout the reaction. The first transition 

state is late, with water far into nucleophilic attack (r(OWAT–P) = 1.963 Å) and a proton on the 
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nucleophilic water being transferred to an unbound water (r(OWAT–HWAT) = 1.771 Å). The resulting 

hydronium ion is stabilized through hydrogen bonds to the phosphate backbone and E1705. This 

transition state results in a very high barrier (253.4 kJ/mol). The first TS leads to an intermediate 

complex, with large leaving group and nucleophilic water–phosphate distances (r(OWAT–P) = 1.820 

Å and r(O3′–P) = 1.795 Å). When single-point and Gibbs energy corrections are taken into account, 

the IC is ~16 kJ/mol higher in energy than TS1 (Figure 6.6A and Table E.2, Appendix E). 

 

Figure 6.6. ONIOM(M06-2X/6-311+G(2df,p):AMBERff14SB)//ONIOM(M06-2X/6-
31G(d,p):AMBERff14SB) calculated Dicer mechanism of action involving a water nucleophile for 
the A) RIIIb and B) aaRIII models. Relative energies reported in kJ/mol. Water molecules 
coordinated to Mg2+ ions that do not participate in the reaction are omitted for clarity (see Figure 
E.9 for detailed coordination). 

 

 The second transition state is also late, with the nucleophile–phosphate bond almost formed 

(OWAT–P distance = 1.684 Å) and the leaving group–phosphate bond significantly extended (r(O3′–

P) = 2.404 Å). Additionally, O3′ of the substrate has partially abstracted a proton from a Mg2+–

coordinated water (r(O3′–HWAT) = 1.399 Å), which helps stabilize the charge on the leaving group. 

The K1806–phosphate hydrogen-bond strengthens slightly over the course of the reaction, with the 

hydrogen-bond distance decreasing from 2.772 Å in the RC to 2.649 Å in TS2. In the PC, the proton 

from the MgB2+–bound water is fully transferred to the substrate (r(O3′···HWAT) = 0.984 Å), the 

nucleophile–phosphate bond formed (r(OWAT–P) = 1.623 Å), and the leaving group–phosphate bond 
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cleaved (r(O3′–P) = 2.751 Å). The energy barrier associated with TS2 is rate limiting and extremely 

high (293.1 kJ/mol, Figure 6.6A and Table E.2, Appendix E), likely at least in part due to inadequate 

stabilization of the charge developing on the phosphate moiety due to the lack of direct MgB2+–

substrate coordination.  

As the QM/MM predicted rate-determining barrier is ~200 kJ/mol above the estimated 

experimental barrier (80–100 kJ/mol),115-117 a Dicer catalytic mechanism involving indirect MgB2+ 

coordination to the substrate is unfeasible. This conclusion is further supported by the low 

occupancy of the K1806–substrate hydrogen bond during the MD simulations, with K1806 expected 

to play a role in catalysis.58 Thus, despite the predicted catalytic mechanism for other 

endonucleases involving similar indirect metal–substrate coordination,51, 54, 56, 76 this metal binding 

geometry in the RNase IIIb domain of Dicer is not conducive for catalysis. This confirms a previous 

proposal that the addition of RNA shifts the location of active site Mg2+ ions to yield a functional 

form.38  

 

6.3.2. Dicer phosphodiester bond cleavage facilitated by direct MgB2+–substrate 

coordination and a MgA2+–bound water nucleophile is kinetically unfavoured 

The high barrier associated with indirect metal–substrate coordination suggests insufficient 

O3′–leaving group stabilization is provided by the water bridging the metal and substrate. 

Therefore, a new model was considered that mirrors the coordination geometry observed in the 

homologous aa-RNase III (PBD ID: 2NUG, Figure 6.3D),49 which decreases the distance between 

the Mg2+ ions and allows both ions to directly coordinate to the substrate to stabilize charge build 

up on the phosphate and facilitate leaving group departure along the nuclease mechanism. Indeed, 

an analogous metal–substrate binding geometry has been reported for other nucleases,41-50  

including HIV RNase H,79 CRISPR-Cas9,70 BamHI,81 and the homologous aa−RNase III.49   

To explore direct metal−substrate coordination in the Dicer active site, MD simulations were 

initiated from the aaRIII conformer, with MgA2+ coordinated to E1705, D1810, E1813, a non-bridging 
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phosphate oxygen of the substrate, and two water molecules, while MgB2+ is coordinated to D1709, 

E1813, a bridging and a non-bridging phosphate oxygen of the substrate, and two water molecules. 

The simulations highlight the conformational flexibility of the Dicer active site, with three distinct 

active site conformers adopted that differ in Mg2+ ion coordination to the substrate (Figure E.11, 

Appendix E). For the majority of the MD simulation time (61%) both Mg2+ ions are bound to the 

substrate, mirroring the aaRIII starting structure, denoted the two Mg2+−bound conformation, or 

2Mg2+−B (Figure 6.7A). This ensures a water nucleophile is correctly positioned with respect to the 

substrate to initiate the reaction (100% occupancy; r(OWAT–P) = 3.4 ± 0.2 Å) and the active site is 

aligned to afford leaving group stabilization (r(MgB2+–O3′) = 2.5 ± 0.2 Å). This conformation 

maintains the Mg2+ ions within 3.5 ± 0.1 Å, which is comparable to the distance reported for other 

enzymes that invoke a two-metal-mediated mechanism.41-50, 119 Additionally, K1806, which is known 

to be critical for the activity of mouse Dicer,58 hydrogen bonds with the substrate phosphate moiety 

for 59% of the time this conformation is adopted, suggesting this dominant conformer is aligned for 

catalysis. A second metal coordination geometry is adopted for 34% of the total trajectory in which 

the coordination of MgA2+ to the non-bridging phosphate oxygen is replaced with coordination to 

water (designated the MgA2+−unbound conformation or MgA2+−U, Figure 6.7B). The loss of direct 

MgA2_–substrate coordination would prevent nucleophilic attack at the substrate as MgA2+ is too far 

from the phosphorus (r(MgA2+−P) = 4.0 ± 0.2 Å). Additionally, this conformer is associated with the 

loss of MgB2+–O3′ coordination, which would significantly diminish leaving group stabilization. 

Therefore, this active site configuration is not catalytically viable. For the remaining simulation time 

(5% occupancy across the total simulation), direct coordination of MgB2+ to the bridging and non-

bridging phosphate oxygens is replaced by coordination to an additional water molecule and D1713 

(denoted the MgB2+−unbound conformation or MgB2+−U, Figure 6.7C) and the K1806 hydrogen 

bond with the scissile phosphate is absent. While indirect MgB2+–substrate coordination is 

maintained in this conformer, our previous QM/MM calculations highlight that indirect coordination 

is not sufficient to enable catalysis. Therefore, only the dominant 2Mg2+−B conformation has the 

potential to be conducive for phosphodiester bond hydrolysis. 
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To determine whether the dominant conformation is catalytically feasible, QM/MM calculations 

were performed from the corresponding representative structure. In the optimized RC, the metal 

ions maintain the coordination observed in the MD simulations (Figures 6.6B, E.7C and E.9B, 

Appendix E). K1806 hydrogen bonds to a non-bridging phosphate oxygen, with this interaction 

being maintained and slightly strengthened throughout the reaction (r(OPhosphate–K1806) is reduced   

 

Figure 6.7. MD representative structures of the A) 2Mg2+−B, B) MgA2+−U, and C) MgB2+−U 
conformations of the Dicer active site for the aaRIII model with a water nucleophile. Occupancies 
over the course of the simulation provided (below).  

 

from 2.651 Å in RC to 2.607 Å in TS2). The water nucleophile is positioned to attack phosphorus 

(r(OWAT–P) = 2.911 Å). As observed for the RIIIb model, TS1 is late (r(OWAT–P) = 2.040 Å) and the 

nucleophilic water has lost a proton (r(OWAT–HWAT) = 1.677 Å) to generate a hydronium ion that is 

stabilized by hydrogen bonding to the phosphate backbone and E1705. This first reaction step has 

a high barrier (146.5 kJ/mol, Figure 6.6B and Table E.2, Appendix E). The IC has long phosphorus 

distances to the leaving group and nucleophile (r(O3′–P) = 1.831 Å and r(OWAT–P) = 1.924 Å) and 

is higher in energy than TS1 after accounting for single-point and Gibbs corrections (168.8 kJ/mol, 

Table E.2, Appendix E). The second transition state is also late (r(O3′–P) = 2.383 Å), with the 
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nucleophile attack nearly complete (r(OWAT–P) = 1.717 Å). This leads to a product complex in which 

the backbone is cleaved (r(O3′–P) = 2.720 Å) and the nucleophile–phosphate bond is fully formed 

(r(OWAT–P) = 1.676 Å). TS2 is associated with the rate-limiting step, with a calculated barrier of 

181.8 kJ/mol (Figure 6.6B).  

Although the barrier for phosphodiester bond catalysis involving direct MgB2+−substrate 

coordination is over 100 kJ/mol lower than that involving indirect MgB2+−substrate coordination, the 

predicted barrier remains significantly higher than the experimental estimates                                   

(~80–100 kJ/mol),115-117 likely a consequence of the lack of a strong base for nucleophile activation. 

Therefore, despite this second mechanism mirroring the catalytically favourable pathway elucidated 

for other two-metal-dependent nucleases (e.g., HIV RNase H,79 CRISPR-Cas9,70 and EndoV51), 

this mechanism is unfeasible for Dicer.  

 

6.3.3. Dicer phosphodiester bond cleavage is catalytically favorable with direct MgB2+–

substrate coordination and a hydroxide nucleophile 

Although the Dicer mechanism involving a water nucleophile that parallels that used by many 

two-metal-dependent nucleases47, 70, 78, 79, 82 is associated with a high energy barrier, other 

nucleophiles are available in a cell. Specifically, hydroxide ions are also available in a cellular 

environment, albeit existing at a much lower concentration than water, and are much stronger 

nucleophiles than water. Indeed, hydroxide nucleophiles are known to be utilized by other two-

metal-dependent nucleases,41, 81, 84, 85, 119-121 including cases where a water nucleophile has proven 

to be insufficient for catalysis.81, 84, 119 Additionally, some hydroxide–dependent nucleases, such as 

Ribonuclease H41 and BamHI,81 have similar active site architectures as Dicer, with 4 D/E residues 

binding two Mg2+ ions in the active site.  
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Scheme 1. Thermodynamic cycle used to calculate the ΔΔGBinding for replacing water with hydroxide 
in the Dicer active site. 

 

 

Thermodynamic integration was used (Scheme 1) to determine the energetic feasibility of 

binding a hydroxide ion in the Dicer active site as has been done for other enzymes,84, 122, 123 

including nucleases.84, 122 Our calculations predict that hydroxide binding is favorable, with a binding 

free energy of –21.7 ± 1.8 kJ/mol (Figure E.12, Appendix E). However, the free energy penalty (ΔG) 

for binding a low concentration ligand needs to be taken into account. With the initial volume (Vi) 

calculated assuming a 1 x 10–7 M concentration of hydroxide in solution and a water density of 

0.997 g/mL, the final volume (Vf) calculated based on two potential hydroxide binding sites on 

MgA2+, and a temperature of 310 K, the free energy penalty (ΔG) is estimated to be 50.1 kJ/mol 

(equation 1). The resulting, total energy cost for hydroxide binding (28.4 kJ/mol) is significantly less 

than the experimental barrier for catalysis (80–100 kJ/mol),115-117 suggesting that binding of a 

nucleophilic hydroxide ion to MgA2+ in the Dicer active site is energetically viable. 

                                                          ∆𝐺𝐺 = −𝑘𝑘𝐵𝐵𝑇𝑇 ln (𝑉𝑉𝑓𝑓
𝑉𝑉𝑖𝑖

)                                                              (1) 

To investigate whether a pathway involving a hydroxide ion nucleophile is catalytically feasible, 

a QM/MM model was built by replacing a MgA2+–bound water in the QM/MM optimized RC with 

hydroxide (Figure E.9C, Appendix E). Due to charge repulsion, the hydroxide nucleophile is 

positioned slightly further from the phosphate in the optimized RC (r(OOH–P) = 3.077 Å) compared 

to the water nucleophile (2.911 Å, Figure E.13, Appendix E). K1806 forms a hydrogen bond with a 

non-bridging phosphate oxygen throughout the reaction, which strengthens as the reaction 

progresses (r(OPhosphate–K1806) decreases by ~0.13 Å). Unlike the previously characterized late TS 
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associated with a water nucleophile, the first transition state corresponding to hydroxide ion attack 

is early, with the hydroxide nucleophile just starting to form a bond to phosphorus (R(OOH–P) = 

2.406 Å). TS1 results in a low barrier of 39.2 kJ/mol. The phosphorane intermediate contains a 

slightly extended phosphorus–hydroxide bond (r(OOH–P) = 1.805 Å) and an elongated phosphorus–

leaving group distance (r(O3′–P) = 1.940 Å). Unlike models involving a water nucleophile, the IC is 

slightly thermodynamically stable compared to TS1 when single-point and Gibbs energy corrections 

are applied, falling 36.8 kJ/mol above the RC (Figure 6.8). TS2 is also earlier than the analogous 

transition state for the pathway involving a water nucleophile, with a long phosphorus–nucleophile 

distance (r(OOH–P) = 1.800 Å) and a short phosphorus–leaving group distance (r(O3′–P) = 

1.967 Å). The stronger nucleophile coupled with direct MgB2+–O3′ coordination for leaving group 

stabilization leads to a low calculated rate-limiting barrier of 45.0 kJ/mol (Figure 6.8). When 

combined with the previously predicted penalty for hydroxide binding in the active site, the total 

energetic cost for the reaction is 73.4 kJ/mol. 

 

Figure 6.8. ONIOM(M06-2X/6-311+G(2df,p):AMBERff14SB)//ONIOM(M06-2X/6-
31G(d,p):AMBERff14SB) calculated Dicer mechanism of action for the aaRIII model with a 
hydroxide nucleophile. Relative energies reported in kJ/mol. Water molecules coordinated to Mg2+ 
ions that do not participate in the reaction are omitted for clarity. 

 

Since a hydroxide nucleophile results in a catalytically viable barrier, MD simulations were 

performed on the corresponding RC to ensure the hydroxide nucleophile bound to MgA2+ does not 

significantly change the active site structural dynamics. Two distinct active site conformations were 

observed (Figure 6.9). In the major conformation (71% occupancy), MgA2+ is coordinated to E1705, 

D1810, E1813, a non-bridging phosphate oxygen of the substrate, one water molecule, and the 

hydroxide nucleophile, while MgB2+ is coordinated to D1709, E1813, a bridging and a non-bridging 
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phosphate oxygen of the substrate, and two water molecules (Figure 6.9A). The hydroxide 

nucleophile is well positioned for nucleophilic attack (r(OOH–P) = 3.4 ± 0.2 Å; 100% occupancy) and 

a hydrogen bond between the substrate and K1806 is formed for 39% of the simulation time. In the 

minor conformation (29% occupancy), the coordination of MgA2+ to the non-bridging phosphate 

oxygen and MgB2+ to the bridging phosphate oxygen are replaced with coordination to water, and 

the K1806–substrate hydrogen bond is absent (Figure 6.9B). These conformations and 

occupancies mirror the 2Mg2+−B and MgA2+−U conformations observed for the models with a water 

nucleophile (Figures 6.7 and 6.9). Indeed, the representative structures of the dominant 2Mg2+−B 

conformation for a water or hydroxide nucleophile are highly similar (active site RMSD = 0.682 Å, 

Figure E.14, Appendix E). Thus, in addition to being energetically viable, binding of the hydroxide 

nucleophile in the Dicer active site does not significantly change the active site structural dynamics. 

 

Figure 6.9. MD representative structures of the A) 2Mg2+−B and B) MgA2+−U conformations of the 
Dicer aaRIII model with a hydroxide nucleophile. Occupancies over the course of the simulation 
provided (below). 

 

Overall, the predicted barrier for the Dicer catalytic mechanism involving a hydroxide 

nucleophile (73.4 kJ/mol) is consistent with the experimental barrier (~80-100 kJ/mol),115-117 

supporting that a hydroxide nucleophile bound to MgA2+ can facilitate the reaction when combined 

with MgB2+ (direct) coordination to D1709, E1813, and the substrate leaving group. An analogous 

two-metal mediated mechanism has been characterized for other phosphodiester bond-cleaving 

enzymes,41, 81, 84 such as Ribonuclease H41 and BamHI,81 which similarly use 4 D/E residues to bind 

two Mg2+ ions in the active site and require a hydroxide nucleophile for activity. It is notable that our 

predicted catalytically active Mg2+ configuration (Figure 6.9A) differs from that found in the crystal 
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structure of the human Dicer RNase IIIb domain in the absence of a substrate (Figure 6.3C), 

suggesting that the Mg2+ ions migrate upon substrate binding. This is not entirely unexpected as 

changes in enzyme structure upon substrate binding are common,124-126 including changes in the 

metal binding configuration.57, 127-129 For example, the EcoRV endonuclease, Mg2+ ions change 

binding sites along the course of the reaction to facilitate nuclease activity.57  Furthermore, there 

are other examples in the literature highlighting that the Mg2+ ion binding configuration in a crystal 

structure differs from that in the catalytically active state.54, 75, 130  

A lysine with unknown function similarly positioned next to the substrate as K1806 in Dicer is a 

common feature of endonucleases (Figure E.2C−F, Appendix E).38, 45, 51, 57-61 Our results clarify the 

role of K1806 in catalysis, forming a hydrogen bond with the scissile phosphate that strengthens 

as the reaction proceeds to stabilize the transition states and intermediate in the catalytic 

mechanism. This is consistent with mutations to the analogous residue in mouse Dicer inhibiting 

catalysis,58 and suggests conserved lysine residues in other endonuclease active sites may have 

a similar role.  

Overall, our combined MD and QM/MM approach provides the first structural description of the 

Dicer RNase III domain bound to the substrate RNA and Mg2+ in a catalytically–conducive 

conformation, confirming that Mg2+ ion binding differs when Dicer is bound or unbound to substrate. 

Our calculations also provide the first characterization of the Dicer catalytic mechanism and clarify 

the role of the active site lysine, which can be applied to other endonucleases. The details obtained 

on the function of active site residues in Dicer obtained in the study will aid the rational design of 

artificial endonucleases. Additionally, the characterized catalytic mechanism will facilitate the 

rational design of modified siRNA as RNAi-based therapeutics.94-96 
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6.3.4. DICER1 syndrome related mutations disrupt Mg2+ stabilization of the substrate in the 

Dicer active site 

As an enzyme that plays an integral role in miRNA biogenesis, Dicer is closely involved in 

maintaining human health.11, 19-24 As such, mutations in the catalytic core of the Dicer RNase IIIb 

domain increase susceptibility to disease,21, 25-30 a genetic disorder called DICER1 syndrome. 

Although these mutations are known to impair miRNA processing,31 a structural rationale for 

reduced enzymatic activity associated with DICER1-syndrome-causing mutants is not currently 

available. With a new, detailed understanding of the structure of the wild-type Dicer–substrate 

complex, active site Mg2+ ion configuration, and catalytic mechanism, DICER1-syndrome-causing 

mutants can be investigated to understand the mechanism of their pathogenic outcomes. In the 

present study, the most common D1709N, D1810Y, E1705K, E1813D, E1813G, and G1809R 

DICER1 syndrome mutants are investigated, which also cover all DICER1 hotspots.25 MD 

simulations initiated from the catalytically–active metal configuration (aaRIII, 2Mg2+−B) suggest that 

none of these mutations cause large-scale changes to the Dicer active site. Indeed, the nucleophile 

positioning for the mutants is comparable to the wild-type enzyme (99–100% occupancy, r(OWAT–

P) = 3.4–3.5 Å). Furthermore, the same three Mg2+−binding conformations observed for wild-type 

Dicer are sampled for the mutants, including the dominant catalytically active (2Mg2+−B) 

conformation, and two inactive conformations with substrate unbinding with a metal (MgA2+−U and 

MgB2+−U); Figures E.10 and E.15, Appendix E). However, the relative stability of the active site 

conformations significantly differs from the wild-type model in a mutant-dependent manner (Table 

6.1).  

Table 6.1. Conformation occupancies for wild-type Dicer and DICER1-syndrome-causing mutants 
observed in MD simulations.1 

Conformation2 Wild-Type3 D1709N G1809R E1813G E1705K D1810Y E1813D 
2Mg2+−B 61−71% 6% 1% <1% 28% 2% 44% 
MgA2+−U 29−34% 94% 99% 20% 52% 41% 21% 
MgB2+−U 0−5% 0% 0% 80% 20% 57% 35% 

1Occupancies are a percentage of frames across all replicas with a specific Mg2+ ion coordination 
(Figures 6.7, 6.9, 6.10, and E.12).  
22Mg2+−B represents the conformation with both metals bound to the substrate, while the substrate 
is unbound to MgA2+ (MgA2+−U) or MgB2+ (MgB2+−U) in the other conformations. 
3Occupancies for wild-type Dicer include both water nucleophile and hydroxide nucleophile models. 
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Despite N1709 having the ability to adopt similar coordination to MgB2+ through a side chain 

oxygen and G1809 not coordinating to a metal in the wild-type enzyme, the D1709N and G1809R 

mutants change the overall charge of the active site. As a result, the mutations significantly change 

Dicer–Mg2+ coordination. Specifically, for both mutants, MgA2+ coordination to the substrate 

phosphate moiety is almost entirely absent throughout the simulation (94–99% MgA2+−U, Figure 

6.10A and B). The resulting active site conformation would render the nucleophilic attack required 

for catalysis infeasible. The significantly decreased occupancy of the catalytically competent  

 

Figure 6.10. MD representative structures of dominant conformations for the A) D1709N, B) 
G1809R, C) E1813G, D) E1705K, E) D1810Y, and F) E1813D Dicer mutants. Distances are in Å, 
and occupancy of correctly positioned nucleophile is reported as a percentage.  
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2Mg2+−B conformation compared to wild-type Dicer rationalizes the reduced activity for these 

DICER1 syndrome Dicer mutants.131-133    

The E1813G, E1705K, and D1810Y mutants alter residues that our calculations highlight 

coordinate to MgA2+. While the D1810Y mutant has similar nucleophile positioning in the dominant 

conformation as the wild-type enzyme (99% occupancy, r(OWAT–P) = 3.6 ± 0.2 Å), the E1813G and 

E1705K mutants lead to less favorable nucleophile positioning (73–86%, r(OWAT–P) = 3.4–3.5 Å), 

reflecting the impact on the MgA2+ environment. Indeed, the E1705K and D1810Y mutants result in 

a moderate increase in the MgA2+−U conformation compared to wild-type Dicer (increased to 41–

52%). All three mutants increase the occupancy of the MgB2+−U conformation (~20–80%, Table 6.1 

and Figure 6.10C–E), a conformation rarely sampled by wild-type Dicer (~5%, Figure 6.7), 

highlighting that both MgB2+ and MgA2+ positioning are impacted. The weakened MgB2+–substrate 

coordination will lead to reduced catalytic activity as direct coordination between MgB2+ and the 

leaving group was shown to be vital for favorable phosphodiester bond cleavage.  Coinciding with 

the increased population of the other conformations, there is a drastic reduction in the occupancy 

of the 2Mg2+−B conformation compared to wild type (~1–28% 2Mg2+−B occupancy, Table 6.1 and 

Figure 6.10C–E). These structural changes are likely the main causes of observed reduced RNA 

processing capabilities.131-133  

As aspartate and glutamate have anionic side chains, E1813D is the only mutation considered 

that maintains the overall charge of the active site. As a result, E1813D is the only mutant that 

maintains the 2Mg2+−B conformation for a significant portion of the simulation (44%, Table 6.1 and 

Figure 6.10F). This starkly contrasts the E1813G mutant, which results in the lowest 2Mg2+−B 

conformation occupancy among all mutants investigated, despite impacting the same residue. 

Nevertheless, the coordination of MgB2+ to the substrate is weakened upon E1813D mutation, with 

the average MgB2+–O3′ coordination distance increasing from 2.5 ± 0.2 Å for wild-type Dicer to 2.9 

± 0.2 Å (Figure 6.10F) due to the shorter aspartate side chain pulling MgB2+ away from the leaving 

group. Indeed, the occupancy of the 2MgB2+−B conformation decreases to 44% from over 61% and 

the occupancy of the MgB2+−U conformation increases to 35% from less than 5% for wild-type Dicer, 
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highlighting that both MgB2+−substrate and MgB2+−Dicer interactions are impacted. Since our 

QM/MM calculations highlighted the requirement of sufficient leaving group stabilization for a viable 

catalytic mechanism, this weakened MgB2+–O3′ interaction is likely primarily responsible for the 

observed negative impact of the E1813D mutation on Dicer activity,131-133 although a slight reduction 

in MgA2+−substrate binding is also observed across simulations upon mutation.  

Taken together, our results provide critical insight into the molecular underpinnings of DICER1 

syndrome. Indeed, the associated mutants all disrupt the active site Mg2+ ion binding configuration, 

particularly metal−substrate coordination that QM/MM calculations reveal are critical for catalysis. 

Nevertheless, the changes in metal binding configuration can take on different forms, namely 

disrupting MgA2+ coordination to the substrate (higher occupancy of MgA2+−U conformation for 

D1709N and G1809R), breaking MgB2+ coordination to the substrate (higher occupancy of MgB2+−U 

conformation for E1813G, E1705K, and D1810Y) or weakening MgB2+–leaving group stabilization 

(longer MgB2+−O3′ distance for E1813D). By affording the first structural descriptions of the active 

site for DICER1 syndrome mutants, our simulations explain why cells with DICER1 syndrome 

hotspot mutations have reduced miRNA biogenesis.131-133 This information is invaluable for the 

rational design of DICER1 syndrome treatments that reactivate the enzyme.  

 

6.4. Conclusions 

The present work provides a structural description of the catalytically-conducive conformation 

of the Dicer RNase IIIb domain bound to the RNA substrate, including the first depiction of the 

catalytically-active Mg2+ binding configuration, and characterizes the previously unknown catalytic 

mechanism. In the functional wild-type Dicer conformation, both Mg2+ ions directly coordinate to 

the RNA substrate, with MgA2+ also coordinating to E1705, D1810, E1813, a water molecule and a 

hydroxide ion, and MgB2+ also coordinating to D1709, E1813, and two water molecules. This 

preferred metal binding architecture is distinct from the Mg2+ ion coordination geometry in the 

crystal structure of the homodimer in the absence of the substrate (PDB ID: 2EB1),38 suggesting 

that Mg2+ ion migration upon substrate binding is critical for catalytic activity. The characterized 
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preferred catalytic mechanism for Dicer phosphodiester bond cleavage uses a hydroxide ion bound 

to MgA2+ as a nucleophile to attack the scissile phosphate, breaking the bond between the 

phosphate and the O3′ leaving group in two steps. The leaving group is stabilized by direct 

coordination to MgB2+, while both Mg2+ ions and K1806 stabilize the charge build up on the 

phosphate moiety during the reaction. The calculated barrier for the reaction (73.4 kJ/mol) is 

consistent with experimental estimates (~80–100 kJ/mol),115-117 and the proposed role for K1806 is 

consistent with the mutation of the analogous residue reducing mouse Dicer activity.58 A similarly 

positioned active site lysine has been identified in other endonucleases,38, 45, 51, 57-61 with this work 

suggesting they may have comparable functions in catalysis. However, more research is needed 

to determine if the substrate−stabilizing role observed for K1806 is conserved in the broader 

endonuclease family. 

 While six mutants were found to disrupt the Dicer active site in ways that would inhibit catalysis, 

the exact impact varies. Indeed, across the mutations, the mutant can disrupt MgA2+–substrate 

coordination (D1709N and G1809R), MgB2+–substrate coordination (E1813G, E1705K, and 

D1810Y), or weakened leaving group stabilization (E1813D). These active site changes would 

prevent catalysis by inhibiting leaving group departure or preventing attack of the nucleophile, 

explaining the reduced Dicer catalytic activity associated with DICER1 syndrome.131-133 Overall, the 

characterization of the Dicer active site structure, catalytic mechanism, and mutant function 

represent important steps in the development of treatments for DICER1 syndrome and other Dicer-

related disorders,11, 19-24 and promises to accelerate the rational-design of new, powerful RNAi-

based therapeutics with better efficacy94-96 and the development of new RNAi based 

biotechnologies.97-99  
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Chapter 7: Conclusions and Future Directions 

7.1. Summary 

The cleavage of nucleic acid glycosidic and phosphodiester bonds is required for a variety of 

processes necessary for cell survival, including DNA repair1 and RNA processing.2-4 These bond 

cleavages are well accepted to be catalyzed by glycosylases and nucleases. However, the 

mechanisms behind the reactions are often unclear. This thesis utilized a collection of 

computational techniques based on classical and quantum mechanics to obtain insights into 

protein−substrate structures and characterize the mechanism of action for different glycosylases 

and nucleases. Specifically, the monofunctional glycosylases MutY, MBD4, and AlkA were 

investigated to clarify controversies regarding the formation of a DNA−protein crosslink during 

catalysis (Figure 7.1). A MAP-related MutY mutant was also studied to gain insight into the  

 

Figure 7.1. Summary of the key aspects of the proposed mechanisms for the five enzymes 
investigated in this thesis. 
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molecular underpinnings of this human disorder. Additionally, this thesis characterized the β-lyase 

mechanism of hOGG1, a first for the bifunctional glycosylase family. Finally, this thesis uncovered 

the atomic level details of the two-metal-mediated phosphodiester bond cleavage facilitated by 

Dicer, which also provided insight into the etiology of DICER1 syndrome-causing mutants. This 

chapter provides a summary of the findings on each enzyme and highlights possible future avenues 

of research. 

 

7.2. Contributions From Thesis 

In Chapter 2, MD simulations and QM/MM techniques initiated from DNA–protein complexes 

representing different stages of the repair pathway were used to map the catalytic mechanism of 

wild-type MutY. This multi-pronged computational approach characterized a DNA–protein 

crosslinking mechanism that is consistent with all previous experimental data5-11 and represents a 

distinct pathway across the broad class of monofunctional glycosylase repair enzymes. In addition 

to clarifying how the crosslink is stabilized by the enzyme and hydrolyzed to release an abasic site, 

my calculations rationalize why crosslink formation is favored over immediate glycosidic bond 

hydrolysis, the accepted mechanism for all other monofunctional DNA glycosylases to date.12-16 

Investigation of Y126F and N146S MutY uncovered the role of these residues in catalysis and  

rationalized the connection between analogous MUTYH mutants and MAP.17 In addition to 

advancing our knowledge of the chemistry associated with a devastating disorder, the structural 

information gained about the distinctive MutY mechanism compared to other repair enzymes 

represents an important step for the development of specific and potent small molecule inhibitors 

as cancer therapeutics. 

While MutY was the first glycosylase discovered to form a DNA−protein crosslink as part of 

catalysis, other enzymes were previously hypothesized to utilize a similar mechanism. In Chapter 

3, the possibility of a MBD4 forming a crosslink was explored, as evidenced by a close contact in 

a mouse MBD4 crystal structure.18 MBD4 is responsible for removing T mispaired with G in CpG 

motifs,18-20 resulting in MBD4 being implicated in MBD4-associated neoplasia syndrome21, 22 and 
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cancer resistance to 5-fluorouracil treatment.23, 24 To provide atomic level structural details of the 

active site conformation and establish the mechanistic pathway, this chapter used a combination 

of abMD simulations and QM/MM calculations to map the MBD4 catalytic mechanism. Although my 

data indicated that the catalytic D560 residue is flexible in the active site, only one conformation 

facilitates 5mC excision. In contrast to evidence for the formation of a DNA−protein crosslinked 

intermediate,18 my modeling suggested catalysis is only viable through a deglycosylation 

mechanism that involves a D560-activated water nucleophile attacking C1′ of T, with a network of 

hydrogen bonds stabilizing the transition state and facilitating nucleobase departure. This proposal 

is fully consistent with experimental mutagenic,18 kinetic,25 crystallographic,25 and stereoscopic 25 

data, and aligns the MBD4 catalytic pathway with UDG26 and several other monofunctional DNA 

glycosylases.12-16  By furthering our knowledge of MBD4 catalysis, this work aids in the future 

development of treatments for MBD4-related genetic disorders and the rational design of transition 

state mimic inhibitors to enhance existing cancer therapies.  

  AlkA is a monofunctional glycosylase responsible for initiating the repair of many alkylated 

bases as part of the BER pathway in bacterial cells.27, 28 Like MBD4, AlkA was previously 

hypothesized to form a DNA−protein crosslinked intermediate in the catalytic pathway based on a 

close contact between D238 and a transition state analogue in a crystal structure.28 In Chapter 4, 

a model of AlkA bound to 3mA was constructed as no structure of the enzyme−substrate complex 

was known. Subsequently, combined MD and QM/MM approaches investigated AlkA interactions 

with 3mA, and mapped multiple catalytic pathways for 3mA excision. MD simulations revealed that 

eight residues comprise the AlkA active site, binding the substrate through non-specific, 

hydrophobic contacts. Substrate promiscuity is likely further promoted by Y273, which can change 

conformation to modulate the binding pocket size. Despite the previous proposal of DNA−protein 

crosslink formation,28 QM/MM calculations suggested that catalysis proceeds through a direct 

hydrolysis mechanism in which D238 activates a water nucleophile that attacks at C1′, consistent 

with experimental kinetic,29 mutagenic,30, 31 and structural data.28 Proper D238 positioning with 

respect to the substrate is supported by a network of interactions between the substrate, W218, 
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W272, and D238. The insight into AlkA substrate binding and catalysis gained from this study can 

push forward the development of small molecule inhibitors as antibacterial agents.  

Together, the details of the catalytic mechanism uncovered for MutY, MBD4, and AlkA allow for 

insights into the function of monofunctional glycosylases, specifically regarding the formation of a 

DNA−protein crosslink. While all three enzymes have been hypothesized to use a crosslinking 

mechanism of action, MutY remains unique among the monofunctional glycosylases, using the 

direct attack of D144 at C1′ to displace the damaged nucleobase rather than activating a water 

nucleophile, which is the preferred mechanism of the other two enzymes. Elucidating the 

mechanisms of MBD4 and AlkA revealed how common active site features of glycosylases can 

impede crosslink formation. For MBD4, the crosslink was thermodynamically unstable, with the 

anionic thymine leaving group being a potent nucleophile for potential reattack at C1′. Conversely, 

in AlkA, crosslink formation was prevented through numerous hydrogen-bonding interactions with 

the catalytic D238, which restricted the residue from approaching C1′ and resulted in crosslink 

formation being kinetically infeasible. Additionally, neither the AlkA nor MBD4 active site contained 

a viable base that could activate a water molecule to hydrolyze the crosslink and eventually 

regenerate the enzyme. Meanwhile, MutY had the perfect combination of features to make crosslink 

formation possible. Since adenine is protonated prior to glycosidic bond cleavage, the leaving group 

is neutral and not a strong nucleophile, making reattack at C1′ by the departed A unlikely. 

Additionally, the residue (E43) that protonates adenine is perfectly positioned to activate a water 

nucleophile for enzyme regeneration. Finally, D144 is positioned in the active site through only a 

single hydrogen bond with N146, allowing adequate flexibility for nucleophilic attack. With all of 

these features needing to occur simultaneously, it is unsurprising that MutY is unique among the 

DNA monofunctional glycosylases in forming the crosslinked intermediate. The discoveries in this 

thesis will aid in the development for inhibitors of these enzymes as anticancer or antibacterial 

drugs and allow for the prediction of a monofunctional glycosylase mechanism based on active site 

features. 
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While MutY is unique among the monofunctional glycosylases in forming a DNA−protein 

crosslink, crosslink formation is ubiquitous among the bifunctional glycosylase family.32-36 However, 

relatively little was known about the β-lyase step during bifunctional glycosylase activity, including 

for the enzyme that initiates the repair of the major DNA damage product (8oG) in humans, 

hOGG1.37 In Chapter 5, a combination of classical MD and QM/MM MD simulations were utilized 

to identify the preferred mechanism of action for the rate-limiting β-lyase step of hOGG1 activity. 

MD simulations revealed that the cleaved 8oG glycosylation product rapidly leaves the active site, 

precluding product-assisted elimination and supporting the allosteric nature of 8oG activators.38 

Instead, lyase activity was discovered to occur in two steps, namely the hydrolysis of a cationic 

imine crosslink followed by the D268-catalyzed elimination of the phosphate group. K249 was 

identified as an alternative base for elimination, rationalizing how the enzyme can accommodate 

D268 mutation.39 This represents the first ever characterized β-lyase mechanism for a bifunctional 

glycosylase, which unifies the literature surrounding hOGG1 lyase activity. The structural details 

uncovered about the mechanism can push forward the development of small molecule inhibitors 

and activators as disease therapeutics.  

Alongside bifunctional glycosylases, nucleases catalyze the cleavage of nucleic acid 

backbones and play vital roles in gene regulation40 and viral defense.41, 42 Specifically, RNAi 

involves several phosphodiester bond cleavage steps and has been exploited in therapeutic 

solutions to selectively prevent protein translation,43 allowing inhibition of otherwise undruggable 

targets. Dicer plays an integral role in RNAi by generating cleaved RNA products that are 

incorporated into the RISC,2-4 with Dicer misfunction being associated with a variety of disorders44-

50 such as DICER1 syndrome.51, 52 In Chapter 6, a combination of MD simulations and QM/MM 

techniques were used to determine the binding pattern of two Mg2+ ions known to be critical for 

Dicer activity,53, 54 characterized the Dicer catalytic mechanism for phosphodiester bond cleavage, 

and explored the misfunction of Dicer mutants associated with DICER1 syndrome.51, 52 My data 

suggested catalysis is only feasible when a hydroxide ion nucleophile is bound to an active site 

Mg2+ ion and both active site Mg2+ ions are directly coordinated to the RNA substrate. 

Phosphodiester bond hydrolysis proceeded through a two-step mechanism with a phosphorane 
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intermediate, which is stabilized by direct Mg2+–substrate coordination and a hydrogen bond with 

K1806. MD simulations suggested that six known DICER1 syndrome causing mutants51, 52 impede 

catalysis by inducing unique active site disruptions that inhibit Mg2+ ion coordination to the 

substrate. Considering that RNAi-based therapeutics require processing by Dicer to be active and 

often contain significant nucleotide modifications, the knowledge of Dicer catalysis unveiled in this 

work will allow for the rational design of modified siRNA drugs that remain Dicer compatible. 

Additionally, this work uncovered the molecular underpinnings of DICER1 syndrome which opens 

the door for further research on this disease.  

This thesis provides insight into the different ways enzymes facilitate phosphodiester bond 

cleavage and how attempting to predict catalytic mechanisms solely based on features of crystal 

structures can lead to erroneous results. My work on hOGG1 revealed the first characterized β-

lyase mechanism for a bifunctional glycosylase. This mechanism conflicted with the previously 

assumed product-assisted mechanism based on a crystal structure that showed the cleaved 

substrate retained in the enzyme active site. On the other hand, this thesis identified a traditional 

two-metal-mediated mechanism for Dicer despite crystal structures showing different metal 

arrangements. Together, this thesis further emphasizes that elucidating enzyme mechanisms 

requires the constructive interplay between experimental and computational techniques. Details of 

future research projects that could provide insight into the function of other members of the 

glycosylase and endonuclease families are provided in the next section. 

 

7.3. Future Directions 

The work done in this thesis has provided critical insights into the function of different 

glycosylases and nucleases. However, the mechanisms of many enzymes in these classes remain 

unexplored and opportunities for experimental and computational studies to corroborate or expand 

on these findings are present. Namely, the work done in Chapter 4 of this thesis has conclusively 

identified the catalytic mechanism of AlkA and uncovered important active site features for binding 

3mA, but questions remain regarding how AlkA accommodates pyrimidine and neutral substrates. 
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In Chapter 4, it is hypothesized that the flexibility of Y272 may modify binding pocket size to match 

the substrate being bound and R22 may play a bigger role in the catalysis of neutral substrates 

than seen for 3mA. To test these hypotheses, MD simulations on AlkA bound to substrates of 

different sizes could be performed, with the previously constructed AlkA model used as a starting 

point. 1N6-ethenoadenine and O2mC would be ideal test cases,55 representing the extremes of 

AlkA substrate accommodation with a large three-ringed and a small single-ringed system. 

Observations on how Y272 interacts with each substrate would reveal whether this residue is 

responsible for the wide range of AlkA substrate sizes. Additionally, since both of these bases are 

neutral, simulations would be able to identify whether AlkA behaves differently when binding neutral 

and cationic substrate (e.g., determine whether R22 is more involved in neutral substrate binding 

compared to cationic substrate binding). The computational work could be combined with 

crystallographic or cryo-EM structures of AlkA bound to different substrates to obtain a holistic 

understanding of AlkA substrate binding. Mutagenic studies to examine the activity of AlkA in the 

absence of Y272 and R22 and with various substrates could also provide insight into how these 

residues impact AlkA substrate promiscuity. Overall, these proposed studies would 

comprehensively identify the features that allow AlkA to target alkylation damage of various sizes, 

both neutral and cationic, improving our fundamental understanding of AlkA function as well as 

identifying features that could allow controlled substrate promiscuity in the development of artificial 

enzymes. 

The methodology used to study monofunctional glycosylases in Chapters 2, 3, and 4 of this 

thesis can be applied to other glycosylases where the mechanism of action is unknown. One 

glycosylase of particular interest is single-strand selective monofunctional uracil DNA glycosylase 

(SMUG1). SMUG1 is responsible for removing uracil and uracil oxidized at the C5 position (e.g. 5-

hydroxymethyluracil, 5-hydroxyuracil, 5-formyluracil, and 5fU) from double-stranded and single-

stranded DNA.56 Indeed, SMUG1 is considered the primary enzyme responsible for 5fU removal in 

vivo,57 which indicates that inhibition of this enzyme could increase the efficacy of 5fU cancer 

treatments. SMUG1 substrate binding is facilitated by F98 and N163 which form specific 

interactions with the substrate nucleobase.58 Moreover, mutagenic studies show N85 and H239 
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play an important role in catalysis (Figure 7.2A).58, 59 Despite this, the mechanism of action for 

SMUG1 is unknown. While crystal structures of Xenopus laevis SMUG1 exist (PDB ID: 1OE6, 

Figure 7.2A),56 there is no crystal structure of human SMUG1 or SMUG1 bound to a DNA 

substrate. As such, homology modeling combined with methodology employed for Dicer in Chapter 

6 would be needed to obtain an initial model for the SMUG1−substrate complex. Subsequent MD 

and QM/MM calculations would identify a catalytic mechanism consistent with available 

experimental data for the removal of uracil analogues from DNA. 

 

Figure 7.2. Crystal structure highlighting the active site of A) Xenopus laevis SMUG1 bound 
to 5-hydroxyuracil (analogous human residues in parenthesis), and B) Nth and C) T4 PDG 
borohydride-trapped intermediates, highlighting a DNA−protein crosslink. D) Cryo-EM 
structure of Ca2+-inhibited Drosha bound to substrate pri-miRNA. 

 

In Chapter 5, it was revealed that product-assisted elimination was not a viable pathway for the 

hOGG1 catalyzed β-lyase step and a mechanism for hOGG1 was characterized where D268 acts 

as a base for the rate-limiting elimination. K249 was also hypothesized to act as the base for 

elimination in the case of the D268Q hOGG1 mutant to account for the negligible change in catalytic 

activity.39 While QM/MM MD simulations showed that K249 is a strong enough base to catalyze the 

reaction, further MD simulations investigating K249 as the general base in the D268Q hOGG1 
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mutant could confirm whether K249 is in position to abstract the C2′ proton or if the change in active 

site results in other residues repositioning to afford this role. Follow up QM/MM or QM/MM MD 

calculations based on the MD results could compare different possible pathways to uncover the 

atomic level details of how hOGG1 retains activity upon D268 mutation. This would underscore that 

hOGG1 does not require a cofactor in the active site for β-lyase activity and set the stage for studies 

to identify the allosteric binding site of 8oG in hOGG1. Molecular docking simulations would be able 

to identify a constellation of potential allosteric binding locations. This could be confirmed through 

cross-correlation network analysis60 and principal component analysis61 on long-timescale MD 

simulations with 8oG bound in the site to identify the interactions and dynamic motions in the 

enzyme that could transmit binding information from the allosteric site to the active site. Identifying 

the allosteric binding site of hOGG1 would have massive implication in the design of hOGG1 

activators as therapeutics for oxidative stress.62-64 

The work in Chapter 5 represents the first time the β-lyase step of a bifunctional DNA 

glycosylase was characterized. However, it is still unclear whether this mechanism is generalizable 

to other bifunctional glycosylases that form similar imine crosslinks or whether this mechanism is 

specific to hOGG1. Nth is a bifunctional glycosylase responsible for repairing oxidative pyrimidine 

damage in bacterial cells.65 Both Nth and hOGG1 form an imine crosslink with a lysine side chain 

as part of their catalytic mechanisms (K121 for Nth).66 Additionally, Nth has two aspartate residues 

positioned near the crosslink (D45 and D139) that could have a similar role to D268 in hOGG1.66 

With a crystal structure of the crosslinked intermediate available (PDB ID: 1ORP, Figure 7.2B),67 

the same methodology used in Chapter 5 can be applied to identify the catalytic mechanism for 

Nth. Based on whether Nth has the same, similar, or different catalytic mechanism compared to 

hOGG1, the generalizability of the hOGG1 β-lyase mechanism for other bifunctional glycosylases 

that form a DNA−lysine crosslink can be inferred. This would set the stage for the study of 

bifunctional glycosylases that form a DNA−protein crosslink with residues other than lysine to 

determine if a similar catalytic mechanism to hOGG1 is utilized. For example, T4 PDG is a 

bifunctional glycosylase responsible for repairing cyclobutane pyrimidine dimers and forms a 

crosslink using the N-terminus of T2.68 Additionally, T4 PDG has a glutamate (E23)68 in the enzyme 
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active site which is positioned similarly to D268 in hOGG1 and could have a similar role in catalysis 

(PDB ID: 2FCC, Figure 7.2C). Indeed, mutation of E23 severely reduces T4 PDG catalytic 

activity.68 Studying these enzymes would significantly expand our understanding of bifunctional 

glycosylases and either allow for the proposal of a general bifunctional glycosylase mechanism or 

show that the β-lyase step is enzyme dependent.   

In Chapter 6, the mechanism of Dicer, an enzyme vital for RNAi, was characterized. However, 

Dicer is not the only enzyme involved in miRNA processing. To generate the pre-miRNA that acts 

as a substrate for Dicer, drosha ribonuclease III (Drosha) cleaves the backbone of primary miRNA 

(pri-miRNA). Similar to Dicer, Drosha misfunction is associated with disease, with mutations to 

residues likely involved in metal binding related to Wilms tumours, the most common childhood 

genitourinary tract cancer.69 Currently, the catalytic mechanism of Drosha is unknown, although 

structural similarities with Dicer suggest it could utilize a similar mechanism.70 A recent cryo-EM 

structure depicts Drosha bound to substrate pri-miRNA (PDB ID: 9ASO, Figure 7.2D).71 However, 

calcium ions were introduced to inhibit catalysis, which could impact substrate binding as was seen 

for the Ca2+−inhibited cryo-EM structure of Dicer.72 Therefore, the same methodology used to 

determine the Dicer Mg2+–binding pattern and mechanism can be applied to Drosha. Additionally, 

in silico mutations can identify how the D1151Y and E1147K mutants associated with Wilm’s 

tumours prevent pre-miRNA biogenesis.69 Considering that Dicer mutations are also associated 

with Wilm’s tumours,69 the results found in Chapter 6 combined with a similar study on Drosha 

would provide a broad understanding of how disruptions in RNAi-related enzymes result in Wilm’s 

tumours and represent a step forward in developing treatments of this disorder. 

 

7.4. Concluding Remarks 

In conclusion, this thesis provides a comprehensive description of the various methods 

enzymes use to cleave glycosidic and phosphodiester bonds in nucleic acids. Specifically, the 

characterized mechanisms of action for MutY, MBD4, and AlkA uncovered a unique mechanism 

involving the formation of a DNA−protein crosslink for MutY and identified active site characteristics 
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that promote or hinder crosslink formation in the glycosylase family. The analysis of hOGG1 

provided the first description of a bifunctional glycosylase β-lyase mechanism. Finally, this work 

clarified the catalytic mechanism of Dicer and provided a rationale for the reduced miRNA 

biogenesis for DICER1 syndrome-related mutants. Overall, the improved description of enzyme 

mechanisms provided in this thesis will aid in the development of transition state analogue inhibitors 

as therapeutics and improves our understanding of RNAi and RNAi-related disorders. Additionally, 

the methodology outlined provides a foundation for future work investigating the mechanisms of 

glycosylases and endonucleases that remain unclear.  
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Appendix A 

Supplementary Information for Chapter 2: Distinctive Formation of a DNA–Protein Cross-
Link During the Repair of DNA Oxidative Damage: Insights into Human Disease from MD 

Simulations and QM/MM Calculations 

Contains Tables A.1−A.9, Figures A.1−A.16, and full computational methods
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Figure A.1. Atom types used in the present work for the Fe4S4 cluster (SF4), Fe4S4-coordinated 
cysteine (CYF), 8oG, and the DNA–protein cross-link. 
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Figure A.2. Representative QM layers used in ONIOM calculations of the A) RC and B) ICCL. The 
QM layer of other RC may contain one less water molecule, while the QM layer of other ICCL may 
contain one more water molecule. 

 

 
Figure A.3. Key ONIOM(M06-2X/6-31G(d,p):AMBERff14SB) hydrogen-bonding distances (Å) and 
angles (in parentheses, °) as well as D144–C1′ distance and ∠(N9C1′D144Oδ) (in parentheses) for 
the RC (snapshots 2–4) and RCH+ (crystal structure and snapshot 1) models.  
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Figure A.4. Relative ONIOM(M06-2X/6-31G(d,p):AMBERff14SB) energy (kJ/mol) as a function of 
the E43Oε···E43Hε distance prior to deglycosylation. Data generated based on the FLRC MD 
snapshot 1, which is representative of FLRC models containing a direct E43···N7 hydrogen bond. 

 

 
Figure A.5. Key ONIOM(M06-2X/6-31G(d,p):AMBERff14SB) distances (Å) and average relative 
Gibbs energies (kJ/mol) during water-mediated protonation at N7 of dA initiated from MD snapshot 
2 (red), MD snapshot 3 (blue), and MD snapshot 4 (green). The average value is in black.   

 

 

Figure A.6. Key ONIOM(M06-2X/6-31G(d,p):AMBERff14SB) bond lengths (Å) for the one-step 
deglycosylation pathway initiated from the FLRC crystal structure (red), MD snapshot 1 (blue), MD 
snapshot 2 (green), and MD snapshot 3 (purple). Average values available in the main text Figure 
2.3A. 
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Figure A.7. Histogram of the distance (Å) between C1′ of dA and closest E43Oε over four MD 
simulation replicas of the DNA–MutY cross-linked intermediate (ICCL) highlighting the peaks 
corresponding to the active (5.5–6.5 Å) and inactive (7–8.5 Å) conformations. 

 

 

 
Figure A.8. MD representative structures and occupancies of the A) active (R(E43Oε···C1′) = 5.5–
6.5 Å) and B) inactive (R(E43Oε···C1′) = 7.5–8.5 Å) E43 conformations of ICCL. The histogram of 
R(E43Oε···C1′) can be found in Figure S7. 

0

0.02

0.04

0.06

0.08

0.1

0.12

0.14

0 2 4 6 8 10

Fr
eq

ue
nc

y

R(E43Oε···C1′) (Å)



208 
 

 

Figure A.9. Histogram of the ∠(C2′C1′Oδ1Cγ) dihedral over four MD simulation replicas for the 
ICCL, highlighting the peaks corresponding to the active (140–220°) and inactive (40–120°, 280–
350°) conformations. 

 

 

 

Figure A.10. Representative structures of the A) active (∠(C2′C1′Oδ1Cγ) = 140–220°) and inactive 
B) ∠(C2′C1′Oδ1Cγ) = 40–120° or C) 280–350° cross-link conformations from MD simulations. The 
histogram of ∠(C2′C1′Oδ1Cγ) can be found in Figure A.9. 
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Figure A.11. Key ONIOM(M06-2X/6-31G(d,p):AMBERff14SB) bond lengths (Å) for the cross-link 
hydrolysis (enzyme regeneration) pathway initiated from the MD snapshot 1 (red), MD snapshot 2 
(blue), MD snapshot 3 (green), and MD snapshot 4 (purple). Average values available in the main 
text Figure 2.5. 

 

 

Figure A.12. Overlay of the MutY active site from the MD representative structures of the wild-type 
(green) and Y126F (yellow) MutY A) RC and B) ICCL. 

 

 

Figure A.13. Histogram of the distance (Å) between C1′ of dA and closest E43Oε over four MD 
simulation replicas of the Y126F DNA–MutY cross-linked intermediate (ICCL). 
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Figure A>14. Histogram of the ∠(C2′C1′Oδ1Cγ) dihedral over four MD simulation replicas for the 
Y126F MutY ICCL, highlighting the peaks corresponding to the active (140–220°) and inactive (40–
120°, 280–350°) conformations. 

 

 

Figure A.15. Representative structures of the A) active (∠(C2′C1′Oδ1Cγ) = 140–220°) and inactive           
(B) ∠(C2′C1′Oδ1Cγ) = 40–120° or C) 280–350°) cross-link conformations from Y126F MD 
simulations. The histogram of ∠(C2′C1′Oδ1Cγ) can be found in Figure A.14. 
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Figure A.16. ONIOM(M06-2X/6-311+G(2df,p):AMBERff14SB)//ONIOM(M06-2X/6-
31G(d,p):AMBERff14SB) bond distances (Å) and relative Gibbs energies (kJ/mol) for the MutY 
catalytic mechanism using the A) EE or B) ME scheme. ME data averaged over relevant models is 
provided.  
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Table A.1. Parameters for non-standard residues used in the present work.a 

Bond Parameters 

Residue Bond Kr                                               
 (kcal mol–1 Å–2) 

Req (Å) 

8oG CB-NA 411.1 1.3910 

SF4 FE-S4 56.8 2.1569 

SF4 SX-FE 49.0 2.2387 

SF4 2C-SX 237.0 1.8100 

Angle Parameters 

Residue Angle Kθ                     

(kcal mol–1 radian–2) 

θeq (deg.) 

8oG C-N*-CB 0.000 125.09 

8oG C-NA-CB 0.000 125.09 

8oG C-CB-NA 69.987 114.11 

8oG CB-CB-NA 69.830 121.38 

8oG H-NA-CB 47.620 119.28 

SF4 2C-SX-FE 72.070 106.05 

SF4 FE-S4-FE 38.510 70.58 

SF4 SX-FE-S4 44.100 112.31 

SF4 S4-FE-S4 36.370 106.42 

SF4 CX-2C-SX 50.000 108.60 

SF4 H1-2C-SX 50.000 109.50 

Dihedral Parameters 

Residue Dihedral Vn/2 (kcal mol–1) γ 
(deg.) 

n 

8oG C -CB-NA-C 0.625 180 2 

8oG C -CB-NA-H 0.625 180 2 

8oG CB-CB-NA-C 0.625 180 2 

8oG CB-CB-NA-H 0.625 180 2 

SF4 2C-SX-FE-S4 0.000 0 3 

SF4 CX-2C-SX-
FE 

0.000 0 3 

SF4 H1-2C-SX-
FE 

0.000 0 3 

SF4 FE-S4-FE-S4 0.000 0 3 
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SF4 N -CX-2C-SX 0.033 0 4 

SF4 N -CX-2C-SX 0.251 0 3 

SF4 N -CX-2C-SX 0.486 180 2 

SF4 N -CX-2C-SX 0.154 0 1 

SF4 SX-2C-CX-C 0.075 0 4 

SF4 SX-2C-CX-C 0.251 0 3 

SF4 SX-2C-CX-C 0.337 180 2 

SF4 SX-2C-CX-C 0.269 180 1 

SF4 SX-FE-S4-FE 0.000 0 3 

SF4 S4-FE-S4-FE 0.000 0 3 

Improper Torsion Parameters 

Residue Dihedral Vn/2 (kcal mol–1) γ 
(deg.) 

n 

8oG C -CA-NA-H 1.0 180 2 

8oG C -CB-N*-CT 1.1 180 2 

8oG N*-NA-C -O 10.5 180 2 

8oG C -CB-NA-H 1.0 180 2 

8oG C -CB-CB-NA 1.1 180 2 

8oG CB-NA-C -O 10.5 180 2 

8oG CB-N*-CB-
NC 1.1 

180 2 

Van der Waals Parameters 

Residue Non-Bond R* (Å) ε (kcal mol–1) 

SF4 FE 1.386 0.013571 

SF4 SX 2.000 0.250000 

SF4 S4 2.000 0.250000 

    
a8oG parameters were adapted from the literature.1 
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Table A.2. Partial charges assigned to non-standard residues in the present work. a 

Residue Atom Name Charge 

Fe-S Cluster Fe  –0.6991  

Fe-S Cluster S4  0.8228  

Cys Coordinating to 
Fe-S cluster 

N  –0.4157  

Cys Coordinating to 
Fe-S cluster 

H  –0.2719  

Cys Coordinating to 
Fe-S cluster 

Cα  0.0213  

Cys Coordinating to 
Fe-S cluster 

Hα  0.1124  

Cys Coordinating to 
Fe-S cluster 

Cβ  0.0660  

Cys Coordinating to 
Fe-S cluster 

Hβ  –0.0485  

Cys Coordinating to 
Fe-S cluster 

Sγ  –0.6120  

Cys Coordinating to 
Fe-S cluster 

C  0.5973  

Cys Coordinating to 
Fe-S cluster 

O  –0.5679  

Cross-Link N  –0.5163  

Cross-Link Cα  0.0381  

Cross-Link Hα  0.0880  

Cross-Link Cβ  0.5431  

Cross-Link Hβ  –0.1224  

Cross-Link Cγ  0.5865  

Cross-Link Oδ-sp3  –0.4639  

Cross-Link Oδ-sp2  –0.5811  

Cross-Link OP  –0.7761  

Cross-Link P  1.1659  

Cross-Link C5′  –0.0069  

Cross-Link H5′  0.0754  

Cross-Link C4′  0.1536  

Cross-Link H4′  0.0843  
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Cross-Link O4′  –0.4612  

Cross-Link C3’  0.4033  

Cross-Link H3′  0.0002  

Cross-Link O3′  –0.5232  

Cross-Link C2′  –0.4531  

Cross-Link H2′  0.1387  

Cross-Link C1′  0.4409  

Cross-Link H1′  0.1177  

8oG P  1.1659  

8oG C5'  0.0375  

8oG O5'  -0.5323  

8oG C4'  -0.0056  

8oG O4'  -0.3058  

8oG C3'  0.3691  

8oG O3'  -0.5470  

8oG C2'  -0.1054  

8oG C1'  0.2073  

8oG N1  -0.4376  

8oG C2  0.6542  

8oG N2  -0.8517  

8oG N3  -0.5066  

8oG C4  0.1209  

8oG C5  0.0649  

8oG C6  0.4688  

8oG O6  -0.5488  

8oG N7  -0.5408  

8oG C8  0.5044  

8oG O8  -0.5150  

8oG N9  -0.0236  

8oG OP1  -0.7761  

8oG OP2  -0.7761  

8oG H5'  0.0781  

8oG H5''  0.0781  
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8oG H4'  0.0625  

8oG H3'  0.0044  

8oG H2'  0.0481  

8oG H2''  0.0481  

8oG H1'  0.0344  

8oG H22  0.3878  

8oG H21  0.3878  

8oG H1  0.3492  

8oG H7  0.4010  
a8oG parameters were adapted from the literature.1 

 

Table A.3. Average RMSD (Å) with standard deviation in parentheses for each MD simulation and 
across the complete data set for wild-type and mutant MutY.a  

Model Replicate 1 Replicate 2 Replicate 3 Replicate 4 Overalld 

Wild-type RCb 2.5 (0.2) 2.6 (0.2) 2.6 (0.2) 2.5 (0.2) 2.6 (0.2) 

Y126F RCb 3.0 (0.3) 3.5 (0.4) 3.3 (0.2) 3.3 (0.5) 3.2 (0.4) 

N146S RCb 3.2 (0.3) 2.7 (0.3) 2.8 (0.2) 3.1 (0.2) 2.9 (0.3) 

Wild-type ICCLc 2.1 (0.2) 2.1 (0.2) 2.3 (0.2) 2.1 (0.2) 2.1 (0.2) 

Y126F ICCLc 2.3 (0.2) 2.7 (0.2) 3.2 (0.4) 3.3 (0.5) 2.9 (0.5) 
aRMSD is relative to the first frame of the corresponding simulation. bReactant complex. cDNA–
protein cross-linked intermediate. dCalculated over all replicas. 
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Table A.4. Average key distances (Å), angles (°), and occupancies (occ., %) across four MD 
simulation replicas for the wild-type and mutant MutY RC. 

 
aThe active site was considered aligned for catalysis when R(D144Oε···C1′) was less than 4 Å and 
∠(N9C1′ D144Oδ) was greater than 95˚. bA bridging water was considered present when a water 
molecule simultaneously hydrogen bonds to D144 and N7 of dA. cResidues were considered to be 
hydrogen bonded when the heavy atom distance was less than 3.0 Å and the hydrogen-bond angle 
fell between 135° and 225°.  dX146=N146 for wild-type and Y126F MutY, and S146 for N146S. 
eBackbone refers to the 5′ phosphate group with respect to the adenine substrate. 

 

Table A.5. Relative Gibbs energy (kJ/mol) for water-mediated protonation at N7 of dA for different 
QM/MM models.a,b 

Model RC TSBridge RCH+ 

Snapshot 2 0.0 8.3 1.1 

Snapshot 3 0.0 –3.0 –23.7 

Snapshot 4 0.0 –2.0 –10.3 

Average 0.0 1.1 ± 6.3 –11.0 ± 12.4 
aEnergies were calculated using ONIOM(M06-2X/6-311+G(2df,p):AMBERff14SB)//ONIOM(M06-
2X/6-31G(d,p):AMBERff14SB) and the ME scheme. bReaction is depicted in Figure S5. 

 

Table A.6. Comparison of important distances (Å) for QM/MM optimized RCH+ complexes produced 
via direct or water-mediated protonation at N7 of dA.a b 

 
aSystems were optimized using ONIOM(M06-2X/6-31G(d,p):AMBERff14SB). bStructures depicted 
in Figures 3, S5 and S6. cAverage of data from CS and MD snapshot 1 models.  dAverage of data 
from MD snapshot 2, 3, and 4 models.   
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Table A.7. Relative Gibbs energy (kJ/mol) barrier for dA deglycosylation and for different RC 
QM/MM models.a,b 

Model RCH+ Rate Limiting TSc ICCL 

Crystal Structured 0.0 23.3 –67.8 

Crystal Structure EEd,e 0.0 71.3 12.1 

Snapshot 1 0.0 53.7 –66.9 

Snapshot 2 0.0 47.4 –60.7 

Snapshot 3 0.0 31.4 –68.7 

Snapshot 4 0.0 49.3 –2.1 

Average One-stepf 0.0 39.4 ± 14.4 –51.4 ± 32.9 

Overall Averageg 0.0 41.2 ± 13.1 –53.0 ± 28.7 
aEnergies were obtained from ONIOM(M06-2X/6-311+G(2df,p):AMBERff14SB)//ONIOM(M06-
2X/6-31G(d,p):AMBERff14SB). ME scheme was used unless otherwise indicated. bReaction is 
depicted in Figures 3 and S6.  cTSConcerted for CS, snapshot 1, snapshot 3 and snapshot 4 models. 
TSDeglyco for snapshot 2 model. dModel was initiated based on the FLRC crystal structure. Snapshot 
2 yields a two-step mechanism shown in Figure 3B. eEE scheme used. fAverage relative energy 
over all models that yield a one-step deglycosylation reaction using the ME scheme. gAverage 
relative energy over all models that use the ME scheme. 

 

Table A.8. Important average distances (Å), angles (°), and occupancies (occ., %) across four MD 
simulation replicas for the wild-type and mutant DNA–MutY ICCL. 

 
aIn the active conformation, ∠(C2′C1′OδCγ) falls between 140° and 220°. bE43 was considered to 
be in the active conformation when R(C1′···E43) is less than 6.5 Å. cActive site is considered aligned 
for catalysis when both ∠(C2′C1′OδCγ) and E43 are in the active conformation. dAverage angle 
present when E43 is in the active conformation. eA water nucleophile was considered present when 
within 3.5 Å of E43 and 4.5 Å of C1′ of deoxyribose. fResidues were considered to be hydrogen 
bonded when the heavy atom distance was less than 3.0 Å and the hydrogen-bond angle fell 
between 135° and 180°. gBackbone refers to the 5′ phosphate group with respect to the cross-link. 
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Table A.9. Relative Gibbs energy (kJ/mol) for DNA–MutY cross-link hydrolysis (enzyme 
regeneration) for different QM/MM models.a,b 

Model ICCL TSW-Attack PC 

Snapshot 1 0.0 103.2 74.1 

Snapshot 1 EEc 0.0 105.4 34.5 

Snapshot 2 0.0 109.4 98.3 

Snapshot 3 0.0 99.3 105.3 

Snapshot 4 0.0 113.9 98.5 

Average MEd 0.0 106.5 ± 6.5 94.1 ± 13.7 
aEnergies were calculated using ONIOM(M06-2X/6-311+G(2df,p):AMBERff14SB)//ONIOM(M06-
2X/6-31G(d,p):AMBERff14SB). ME scheme was used unless otherwise indicated. bReaction 
depicted in Figures 5 and S11. cEE scheme used. dAverage relative energy over all models using 
the ME scheme. 

 

Full Computational Methods 

MD Model Building  

Input models for MD simulations corresponding to the RC and ICCL were generated based on 

crystal structures of the fluorine recognition complex (FLRC, PDB ID: 3G0Q)2 and transition state 

analogue complex (TSAC, PDB ID: 6U7T),3 respectively. The P164C mutation in the FLRC crystal 

structure was reverted to proline and 2′-β-fluoro-2′-deoxyadenosine was converted to dA using 

PyMOL.4 E43 in the RC was assigned a neutral protonation state based on the relative arrangement 

of contact partners in the FLRC and LRC crystal structures,3, 5 and previous PROPKA calculations.1 

In the TSAC model, the proposed DNA–protein cross-link was constructed in GaussView 6.0.166 

by replacing azaribose with 2′-deoxyribose, and forming a covalent bond between C1′ and the Oδ 

of D144. The K230, K231, T232, A233, D288, N289, Y290, and G291 residues in the FLRC model, 

and the Y290, G291, L292, N293, and N294 residues in the TSAC model were manually added 

and adjusted using PyMOL to avoid steric clashes with the remainder of the DNA–enzyme complex. 

Additionally, R11 in the FLRC and R7, E52, K103, E116, R202, K228, K231, D277, K279, Q283, 

Q295, E298, R320, E328, E329, and D337 in the TSAC had partially unresolved side chains, which 

were completed in the models using the PyMOL builder tool4 and then visually moved to prevent 

steric clashes. The N146S and Y126F MutY mutants were subsequently generated from the 
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previously built wild-type MutY models using PyMOL.4 The mutation sites were visually inspected 

to eliminate close atomic contacts. Each structure was solvated with TIP3P water molecules in a 

periodic rectangular prism with sides a minimum of 10 Å from the solute in each direction using the 

LEaP program in AMBER18. In total, 14688 TIP3P water molecules were added in the FLRC 

models and 13258 water molecules included in the TSAC models.7 Sodium ions were added to 

neutralize the system and NaCl was inserted to achieve physiological salt concentration (150 mM) 

as calculated using the SLTCAP calculator.8 As a result, 52 sodium ions and 23 chloride ions were 

added to the FLRC models, and 50 sodium ions and 26 chloride ions were included in the TSAC 

models. The Amber force field was used throughout, with protein residues described using ff14SB 

parameters9 and nucleic acid components modeled using OL15.10 Parameters for the 8oG lesion 

were adopted from the literature,1 while parameters for the sulfur-iron (SF4) cluster and the 

coordinating cysteine (CYF) residues were generated using the MCPB.py program (Tables S1, S2 

and Figure S1), with the system optimized using HF/6-31G(d) as part of the protocol.11 The sulfur 

iron cluster consisted of two Fe(II) and two Fe(III) ions, with an overall charge of −2. The Amber 

parameters for the cross-link were supplemented by the general AMBER force field (GAFF)12 using 

Antechamber (Table S1 and Figure S1).13 RESP charge fitting was used to generate charges with 

the R.E.D.v.III.4 program14 (Table S2) using models built in GaussView 6.0.166 and optimized using 

HF/6-31G(d) to be consistent with the original Amber protocol.  

 

MD Simulation Protocol 

The FLRC and TSAC models were initially minimized in a stepwise manner, using 1000 steps 

of steepest decent followed by 1000 steps of conjugate gradient minimization. First, the solvent 

was minimized, while a 100 kcal mol–1 Å–2 restraint was applied to the solute. Next, the restraint 

was removed from the solute hydrogen atoms. Subsequently, the solute was minimized, while 

applying a 100 kcal mol–1 Å–2 restraint to the solvent. Finally, the entire system was minimized with 

no restraints, using 1000 steps of steepest decent followed by 2000 steps of conjugate gradient 

minimization. Each system was then heated from 10 K, with the temperature increased by 50 K 
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every 20 ps until 310 K. The restraints on the solute were subsequently dropped from        

25 kcal mol–1 Å–2 to 5 kcal mol–1 Å–2 at a rate of 5 kcal mol–1 Å–2 per 20 ps. A final 20 ps equilibration 

step was completed with a solute restraint of 1.5 kcal mol–1 Å–2. For these simulations, the Langevin 

thermostat was used with a collision frequency of 1 ps–1 and an NVT ensemble. As an additional 

equilibration step for the TSAC model, a 100 ns MD simulation step was conducted in which a 

10 kcal mol–1 Å–2 force constant was applied to the DNA–protein cross-link to allow the remainder 

of the system to relax in response to the addition of the DNA–protein cross-link. Following 

minimization, heating, and equilibration, four 1 µs MD production simulations were performed on 

each system. The additional equilibration step and production simulations employed the Langevin 

thermostat with a collision frequency of 3 ps–1 and an NPT ensemble with the pressure set to 1 bar. 

Minimization, equilibration, and production simulations were all performed using AMBER 2018 

pmemd.cuda.7  

    

MD Analysis:  

Trajectory analysis was conducted across all replicas using the cpptraj program in AMBER 

2018.7 Hydrogen bonds were considered to be present between two residues if the heavy atom 

distance was less than 3.0 Å and the hydrogen-bonding angle fell between 135° and 180°. A water 

was considered to bridge two residues when the water simultaneously forms a hydrogen bond to 

both residues. D144 was considered to be in a catalytically conducive position for nucleophilic 

attack at C1′ of dA in the reactant complex when the D144Oδ···C1′ distance was less than 4.0 Å 

and the ∠(N9C1′D144Oδ) was greater than 95˚. A water nucleophile was deemed aligned for 

hydrolysis of the cross-linked intermediate when located within 3.5 Å of E43 and 4.5 Å of C1′ of 

deoxyribose. Representative structures for figures were obtained by clustering across entire data 

sets using the cpptraj program and the heiragglo algorithm. The representative structures of the 

FLRC with a direct E43···N7 hydrogen bond or a bridging water (Figure 2) were obtained by 

clustering the wild-type FLRC MD simulation trajectories based on the minimum E43···N7 distance. 

The representative structure of the TSAC conformation that was aligned for hydrolysis (Figure 4) 
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was obtained by first clustering based on the ∠(C2′C1′D144OδD144Cγ) dihedral angle and 

subsequently the E43–C1′ distance. The representative structure of the reactant complex for the 

Y126F mutant aligned for hydrolysis (Figure 6A) was obtained by clustering the MD simulation 

trajectories based on the D144–C1′ distance. The representative structure of the intermediate 

complex for the Y126F mutant in the inactive conformation (Figure 6B) was obtained by clustering 

the MD simulation trajectories based on the RMSD of the active site residues (E43, F126, D144, 

N146 and the cross-linking deoxyribose). The representative structures for the reactant complex 

for the N146S mutant in the active (Figure 8A) and inactive conformations (Figure 8B) were 

obtained by clustering the MD simulation trajectories based on the D144–C1′ distance. The 

representative structures of the three cross-link conformations of the wild-type (Figure S10) and 

Y126F (Figure S15) MutY intermediate complexes were obtained by clustering the MD simulation 

trajectories based on the ∠(C2′C1′D144OδD144Cγ) dihedral angle. The representative structures of 

the intermediate complexes with active and inactive conformations of E43 (Figure S8) were 

obtained by clustering the MD simulation trajectories of the wild-type TSAC models based on the 

E43–C1′ distance. 

 

QM/MM Methodology 

Due to the high similarity of the MD replica trajectories, QM/MM models of the DNA–protein 

complex were built from 10 snapshots, collected at intervals of 4 ns from the beginning of one 

trajectory corresponding to each of the wild-type MutY reactant complex (FLRC model) and the 

cross-linked intermediate (TSAC model). Each model was analyzed to determine whether key 

residues adopt structural criteria necessary to afford a catalytically conducive complex. Specifically, 

a direct or water-mediated hydrogen bond between the E43 side chain and N7 of dA is required for 

the FLRC model, while the distance between E43 and C1′ of less than 5.5 Å is required in the 

cross-linked intermediate (TSAC model). Models that did not satisfy these criteria were discarded. 

In total, 4 MD snapshots were identified for QM/MM reaction pathway mapping for each catalytic 

stage. In addition, one QM/MM model was built from the solvated FLRC crystal structure as 
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common modeling practice in the literature.15-19 From the wild-type MutY models, Y126F MutY 

mutant models were constructed by mutating Y126 from the wild-type models initiated from the 

FLRC crystal structure and the TSAC snapshot 1. 

The QM region of the reactant complex (FLRC model) contains 134–137 atoms, with an overall 

charge of –4. Specifically, the high-level layer contains E43 truncated at the Cα–Cβ bond, Y126 

truncated at the Cα–Cβ bond, D144 truncated at the Cα–C and Cα–N bonds, N146 truncated at 

the Cα–C bond, V147 truncated at the Cα–N bond, dA truncated at the C–O bonds of C3′ and C5′, 

R31 truncated at the Cγ–Cδ bond, E188 truncated at the Cα–Cβ bond, E192 truncated at the Cα–

Cβ bond, and a water molecule hydrogen bonded to E188 (Figure S2). Three models also contain 

a water molecule that bridges E43 and dA in the QM layer. The QM layer for the cross-linked 

intermediate (TSAC model) contains 111–114 atoms, with an overall charge of –3. Specifically, the 

high-level layer in the intermediate complex contains E43 truncated at the Cα–C bond, Y126 

truncated at Cα–Cβ bond, D144 truncated at the Cα–C and Cα–N bonds, N146 truncated at the 

Cα–C bond, V147 truncated at the Cα–N bond, the cross-linked substrate truncated at the C–O 

bonds of C3′ or C5′, and S42 truncated at the Cα–N bond (Figure S2). The nucleophilic water and 

3 additional water molecules surrounding E43 were also included in the QM region. Three models 

contained an additional water molecule in the QM region near E43 to maintain the E43 conformation 

with respect to the cross-link as characterized by MD simulations. The MM region for all models 

includes the remainder of the enzyme and DNA substrate as well as the closest 1300 water 

molecules to the solute, which results in an approximately 4 Å deep layer of water.  

All QM/MM models were optimized using ONIOM(M06-2X/6-31G(d,p):AMBERff14SB) and the 

mechanical embedding (ME) scheme. Transition state structures were isolated by scanning 

relevant bond distances along the reaction pathway to yield an initial guess and subsequently 

performing unrestrained transition state optimizations. Specifically, the C1′–N9 bond distance was 

scanned in the FLRC models while the C1′–WATO distance was scanned in the TSAC models. 

Frequency calculations were conducted to characterize the nature of stationary points and verify 

that the isolated imaginary frequency was associated with the anticipated transition structure. Each 
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pathway was verified to be continuous by mapping the internal reaction coordinate through 

scanning the nucleophile–electrophile and leaving group distance both to and from each stationary 

point. The reported reaction Gibbs energies were obtained from ONIOM(M06-2X/6-

311+G(2df,p):AMBERff14SB) single-point calculations. 

The ME scheme was used throughout due to the robustness of this approach, the number of 

models and pathways considered in the present work, and previous successes using the same 

methodology for various enzymatic reactions.20-24 To verify that the ME scheme accurately models 

MutY, both the deglycosylation and enzyme regeneration mechanistic pathways were mapped 

using the electronic embedding (EE) scheme (Figure S16, Tables S7 and S9). Due to the similar 

structural and energetic characteristics of the mechanistic pathways modeled using ME, only one 

starting structure for each of the FLRC and TSAC models was used for the EE calculations. For 

the deglycosylation reaction step, the FLRC crystal structure was used as the starting point for EE 

calculations as typically done in the literature. When modeled with EE, the RC contains the same 

direct hydrogen bond between the E43 residue and the N7 of adenine as observed with ME 

optimizations. Although E43 retains the proton in the EE derived RC (Figure S16), the proton is 

transferred concurrently with deglycosylation along the EE characterized pathway, with the proton 

being fully transferred in the transition state. We note that differences in the proton location with 

ME and EE have been previously reported for other DNA repair enzymes.25 The EE deglycosylation 

transition state is later than that obtained using the ME scheme, with D144 being further along in 

attack and the glycosidic bond being stretched by an additional 0.3–0.4 Å, although the reaction 

still falls between ANDN and DN*AN mechanisms (Figure S16). This results in an ~50 kJ/mol increase 

in the EE barrier compared to the corresponding ME model. However, the barrier to cross-link 

formation is still well below the calculated barrier for direct hydrolysis.1 The cross-link hydrolysis 

step was modeled using EE based on snapshot 1 from the MD simulations on the TSAC model 

and the resulting pathway closely matches the ME mechanism. All relevant structural features are 

very similar, with the C1′−nucleophile, C1′−leaving group, and proton transfer distances being 

within 0.2 Å of each other in the ME and EE models (Figure S16). More importantly, cross-link 

hydrolysis remains the rate determining step for the reaction. Moreover, the overall energy barrier 
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calculated with EE (105.4 kJ/mol) is within 3 kJ/mol of that predicted using ME. Thus, the MutY 

mechanisms modeled with EE and ME have the same overall pathway, similar structural features, 

and nearly identical rate-limiting barriers, which validates the use of ME for a greater range of 

models in the main text to permit analysis of averaged data from different reactant complexes. 
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Appendix B 

Supplementary Information for Chapter 3: A Tale of Two Mechanisms: Clarification of the 
Pathway for MBD4 Catalyzed Glycosidic Bond Cleavage Using MD and QM/MM 

Calculations 

Contains Figures B.1−B.11 and Tables B.1−B.3 
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Figure B.1. PES generated from the individual abMD replicates. The two anomalous regions that 
were not included in the average PES are boxed (replicas 2 and 3). The legend is in kJ/mol. 
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Figure B.2. Overlays of A) MD representative structure of the human MBD4 crosslinked 
intermediate (green) and the crystal structure of the mouse MBD4 crosslinked intermediate (PDB 
ID: 4EW4, magenta), and B) abMD representative structure (below conformation, green) and the 
crystal structure of MBD4 bound to pseudouridine-containing DNA (PDB ID: 7KZ0, cyan).  

 

 

Figure B.3. One-step QM/MM hydrolysis mechanism mapped from the crystal structure of human 
MBD4 bound to pseudouridine-containing DNA (PDB ID: 7KZ0) using the ME (black) and EE 
(orange) schemes. Distances are in Å and relative energies (below) are in kJ/mol. 
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Figure B.4. A) Hydrogen-bond occupancies between MBD4 active site residues and the substrate 
thymine from abMD simulations for the D560 below conformation (D560 positioned on the opposite 
side of the deoxyribose as T; purple), the side conformation (D560 in the plane of the deoxyribose 
ring; red), and the inactive conformation (D560 directed away from T; black). Hydrogen-bond 
occupancies between D560 and nearby MBD4 active site residues from abMD simulations for the 
B) side and C) below conformations.  Occupancies are percentages. 
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Figure B.5. QM/MM optimized reactant complexes of the D560 A) side conformation (D560 in the 
plane of the deoxyribose ring) and below conformation (D560 on the opposite side of deoxyribose 
as T) from the B) minimum, C) 1 Å closer, and D) 2 Å closer starting points when mapping the direct 
hydrolysis (left) and crosslinking (right) mechanisms. 
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Figure B.6. MBD4 hydrolysis mechanism characterized from the D560 side conformation (D560 in 
the plane of the deoxyribose ring). Hydrogen-bond distances (Å) to the thymine base are heavy 
atom−heavy atom distances. 

 

 

Figure B.7. A) MBD4 crosslinking mechanism characterized from the D560 below conformation 
(D560 on the opposite side of the deoxyribose as T) for the minimum (black), 1 Å closer (blue), and 
2 Å closer (green) starting points. B) Crosslink saponification mechanism. Hydrogen-bond 
distances to the thymine base (Å) are heavy atom−heavy atom distances. 
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Figure B.8. Histogram of ∠(C2′C1′OδCγ) in the DNA−protein crosslink from classical MD 
simulations on the MBD4 crosslinked intermediate. 

 

 

Figure B.9. Water radial density distribution around D560(Cγ) from classical MD simulations on 
the MBD4 crosslinked intermediate. 
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Figure B.10. MBD4 direct hydrolysis mechanism characterized from the D560 below conformation 
(D560 on the opposite side of deoxyribose as T) using A) the minimum on the abMD PES (black) 
and the point with D560 2 Å (green) or B) 1 Å closer to C1′ of the substrate. Distances in Å. 
Hydrogen-bond distances to the thymine base are heavy atom−heavy atom distances.  
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Figure B.11.  Electron density map for the crystal structure of the mouse MBD4 crosslinked 
intermediate (PDB ID: 4EW4), highlighting the low electron density between D560 and deoxyribose. 

 

Table B.1. Criteria for the abMD frames used to analyze structural features of each MBD4 
conformation. 

Model r(C1′Oδ) (Å) ∠(N1C1′Oδ) (rad) 

Side Conformation Minimum 5.00 – 5.75  1.8 – 2.1  

Below Conformation Minimum 5.25 – 6.00  2.3 – 2.6  

Inactive Conformation Minimum 7.75 – 8.50  2.5 – 2.8  

 

Table B.2. Selection criteria used to cluster abMD framesa to obtain representative structures for 
each MBD4 conformation as QM/MM starting points. 

Model r(C1′Oδ) (Å) ∠(N1C1′Oδ) (rad) 

Side Conformation Minimum 5.25 – 5.50  1.9 – 2.0  

Below Conformation Minimum 5.50 – 5.75  2.4 – 2.5  

Below Conformation 1 Å Closer 4.50 – 4.75 2.4 – 2.5  

Below Conformation 2 Å Closer 3.50 – 3.75  2.4 – 2.5  

Inactive Conformation Minimum 8.00 – 8.25  2.6 – 2.7  

a Frames containing the R468−DNA backbone interaction observed in the crystal structure of MBD4 
bound to pseudouridine-containing DNA (PDB ID: 7KZ0) were used for clustering. 
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Table B.3. Minima on abMD PES corresponding to each MBD4 conformation.a 

Model r(C1′Oδ) (Å) ∠(N1C1′Oδ)  

  (rad) (°) 

Side Conformation Minimum 5.25  1.9  109 

Below Conformation Minimum 5.50  2.4  138 

Inactive Conformation Minimum 8.00  2.6  149 
aSee Figure 3.4 in main text for PES and structures of minima. 
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Appendix C 

Supplementary Information for Chapter 4: Decoding the Catalytic Strategy of AlkA: 
Insights from MD Simulations and QM/MM Calculations 

Contains Figures C.1−C.5 and Tables C.1−C.3
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Figure C.1. Histogram of the dihedral angle formed between N1 and C4′ of 3mA and C4′ and N3 
of the 3′−T with regards to the damaged site used to monitor 3mA binding in the AlkA active site 
over MD simulations. 

 

 
Figure C.2. MD representative structure of A) 3mA flipped out of the AlkA active site and B) the 
Y239 conformation that permits cation−π interactions with the 3mA nucleobase.  
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Figure C.3. Distance between 3mA and different binding pocket residues over MD simulations on 
the AlkA bound to 3mA-containing DNA. 

 

 

Figure C.4. QM/MM AlkA crosslinking mechanism characterized from an MD representative 
structure. Distances in Å. Hydrogen-bonding distances are heavy atom−heavy atom distances. 
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Figure C.5. QM/MM AlkA direct hydrolysis mechanism characterized from an MD representative 
structure. Distances in Å. Hydrogen-bonding distances not to a water molecule are heavy 
atom−heavy atom distances. 

 

Table C.1. Amber atom types and charges assigned to 3mA during MD simulations.a 

Name Atom Type Charge Name Atom Type Charge 

O3 OS −0.5160 N7 NB −0.5529 

P P 1.2120 C5 CB 0.1592 

OP1 O2 −0.7920 C6 CA 0.6290 

OP2 O2 −0.7920 N6 N2 −0.7729 

O5′ OS −0.4875 H61 H 0.4158 

C5′ CJ 0.0096 H62 H 0.4158 

H5′ H1 0.0885 N1 NC −0.5714 

H5′′ H1 0.0885 C2 CQ 0.2546 

C4′ CT 0.0884 H2 H5 0.1727 

H4′ H1 0.0882 N3 nab −0.0148 

O4′ OS −0.2948 C3 CT −0.1518 

C1′ CT −0.0057 H31 H1 0.1142 

H1′ H2 0.1530 H32 H1 0.1142 

N9 N* −0.0180 H33 H1 0.1142 

C8 C2 0.2062 C4 CB 0.0967 

H8 H5 0.1852 C3′ C7 0.1646 

C2′ CT −0.0372 H3′ H1 0.0882 

H2′ HC 0.0741 H2′′ HC 0.0741 

aAtom types are from the Amber OL13 force field unless otherwise specified. bGeneral amber force 
field atom type. 
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Table C.2. Amber non-standard parameters for 3mA. 

Bonding 

Bond Force Constant (kcal mol- Å-2) Equilibrium Value (Å) 

CQ-na 425.8 1.38 

CB-na 420.5 1.384 

CT-na 327.7 1.463 

Angles 

Angle Force Constant (kcal mol-1 rad-2) Equilibrium Value (°) 

N*-CB-na 69.8 127.09 

CB-CB-na 69.1 118.34 

NC-CQ-na 70.6 121.95 

CB-na-CQ 67.4 113.15 

CQ-na-CT 61.9 126.46 

H5-CQ-na 49.6 121.55 

H1-CT-na 49.8 108.78 

CB-na-CT 62.3 124.36 

Dihedral Angles 

Dihedral Divider Barrier (kcal/mol) Phase (°) Periodicity 

na-CB-N*-C2 2 6.6 180 2 

na-CB-N*-CA 2 9.6 180 2 

NB-CB-CB-na 4 14.5 180 2 

CA-CB-CB-na 4 14.5 180 2 

na-CQ-NC-CA 2 9.5 180 2 

NC-CQ-na-CB 4 6.8 180 2 

NC-CQ-na-CT 4 6.8 180 2 

N*-CB-na-CQ 4 1.2 180 2 

CB-CB-na-CQ 4 1.2 180 2 

H1-CT-na-CQ 6 0 0 2 

H5-CQ-na-CB 4 6.8 180 2 

H5-CQ-na-CT 4 6.8 180 2 

H1-CT-na-CB 6 0 0 2 

N*-CB-na-CT 4 1.2 180 2 
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CB-CB-na-CT 4 1.2 180 2 

Improper Dihedral Angles 

Improper Dihedral Barrier (kcal/mol) Phase (°) Periodicity 

H5-NC-CQ-na 1.1 180 2 

CB-CQ-na-CT 1.1 180 2 

CB-N*-CB-na 1.1 180 2 

 

Table C.3. QM/MM energy barrier for AlkA-catalyzed direct hydrolysis of the 3mA glycosidic bond 
to investigate the roles of W272 or W218. 

Residue of Interest Energy Barrier when 
moved to MM layera 

Energy Barrier When 
Mutated to Alaninea 

W218 101.8 kJ/mol 94.1 kJ/mol 

W272 88.8 kJ/mol 88.5 kJ/mol 
aRelative energies obtained by mutating W218 or W272 to alanine in the QM/MM optimized RC 
and TS, optimizing the position of the added hydrogen atom while the rest of the system is fixed, 
and subsequently performing a single-point calculation. Optimizations and single-points used the 
same level of theory as calculations on the wild-type.  
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Appendix D 

Supplementary Information for Chapter 5: Insights Into the Debated Lyase Mechanism of 
Bifunctional DNA Glycosylases From QM/MM MD Simulations: The Case Study of DNA 

Oxidative Damage Repair by hOGG1 

Contains Tables D.1−D.16 and Figures D.1−D.9
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Figure D.1. Histograms of A) ∠(C3′C2′C1′Nζ), B) ∠(C4′C3′C2′C1′), C) ∠(D268CγC1′C2′Nζ), and D) 
∠(D268CγC1′C2′) across MD simulations on hOGG1 bound to a cationic imine crosslink. The first 
(orange), second (blue), third (purple), and fourth (green) most occupied conformations are 
highlighted when applicable. 
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Figure D.2. Histograms of A) ∠(C3′C2′C1′Nζ), B) ∠(C4′C3′C2′C1′), C) ∠(D268CγC1′C2′Nζ), and D) 
∠(D268CγC1′C2′) across MD simulations on hOGG1 bound to the neutral imine crosslink. The first 
(orange), second (blue), and third (purple) most occupied conformations are highlighted when 
applicable. 

 

 

Figure D.3. Potential energy surface from umbrella sampling MD simulations, mapping 8oG 
unbinding from the hOGG1 active site containing a A) cationic or B) neutral imine crosslink. 
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Figure D.4. Average number of hydrogen bonds formed between 8oG and N315 (green), S147 
(blue), or N43 (orange) over the course of the umbrella sampling to model 8oG unbinding from the 
hOGG1 active site for a A) cationic or B) neutral imine crosslink. 

 

 

Figure D.5. Occupancy of stacking interactions between 8oG and F319 (blue) or H270 (orange) 
over the course of umbrella sampling to model 8oG unbinding from the hOGG1 active site for a A) 
cationic or B) neutral imine crosslink. 

 

 

 
Figure D.6. Normalized water density plots across classical MD simulations on hOGG1 bound to 
a A) neutral or B) cationic imine crosslink. Distance is between water and the Cβ, Cγ, Cδ, Cε, Nζ, 
C1′ and C2′ atoms of the imine crosslink. 
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Figure D.7. Bond lengths (Å) in the stationary points along the QM/MM MD elimination reaction for 
hOGG1 bound to a neutral imine crosslink. 

 

 

Figure D.8. Bond lengths (Å) in the RC and theoretical PC along the QM/MM MD elimination 
reaction for hOGG1 bound to a neutral imine crosslink. A representative structure corresponding to 
a CV of 1.5 Å was shown as a representative complex for the hydrolysis reaction. 

 

 

Figure D.9. Bond lengths (Å) for the stationary points along the QM/MM MD elimination reaction 
for hOGG1 bound to a cationic imine crosslink. 
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Figure D.10. Potential energy surface and representative structures of stationary points for the 
phosphate protonation of a cationic imine crosslink post H2′ abstraction. CV defined in Table D.9. 

 

 

Figure D.11. Bond lengths (Å) for the stationary points along the QM/MM MD phosphate 
protonation reaction for hOGG1 bound to a cationic imine crosslink post H2′ abstraction. 

 

 



250 
 

 

Figure D.12. Bond lengths (Å) and bridging water occupancies for the stationary points along the 
QM/MM MD hydrolysis reaction for hOGG1 bound to a post-elimination cationic imine crosslink. 

 

 

Figure D.13. Bond lengths (Å) and bridging water occupancies for the stationary points along the 
QM/MM MD hydrolysis reaction for hOGG1 bound to a cationic imine crosslink. 
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Figure D.14. Bond lengths (Å) and hydrogen bond occupancies for the stationary points along the 
QM/MM MD D268-catalyzed elimination reaction for hOGG1 bound to a hydrolyzed crosslink. 

 

 

Figure D.15. Bond lengths (Å) for the stationary points along the QM/MM MD phosphate 
protonation reaction for hOGG1 bound to a hydrolyzed crosslink after the H2′ abstraction. 

 

 

Figure D.16. Bond lengths (Å) and hydrogen bond occupancies for the stationary points along the 
QM/MM MD K249-catalyzed elimination reaction for hOGG1 bound to a hydrolyzed crosslink. 
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Table D.1. Amber atom types and charges for a neutral imine crosslink.a  

 
aAtoms corresponding to lysine use ff14SB atom types, while atoms corresponding to the abasic 
site use OL15 atom types. bGeneral Amber forcefield atom type. 

 

Table D.2. Amber atom types and charges for a cationic imine crosslink.a 

 
aAtoms corresponding to lysine use ff14SB atom types, while atoms corresponding to the abasic 
site use OL15 atom types. bGeneral Amber forcefield atom type. 

 

Atom Atom Type Atom Charge Atom Atom Type Atom Charge 
P P 1.214 C2′ CT −0.147 

C5′ CT −0.014 C1′ c2b 0.26 
O5′ OS −0.524 O3′ OS −0.514 
C4′ CT 0.073 OP1 O2 −0.791 
O4′ OH −0.618 OP2 O2 −0.791 
C3′ CT 0.000 HO4′ HO 0.430 
H1′ h4b 0.089 H4′ H1 0.123 
H2′ HC 0.086 H5′ H1 0.100 
H3′ H1 0.177 H2′ HC 0.086 
H5′′ H1 0.100 N N −0.365 
CA CX −0.180 CB CT 0.010 
C C 0.680 CG CT −0.009 
O O −0.600 CD CT 0.011 

CE CT 0.094 HG1 HC 0.016 
NZ n2b −0.537 HG2 HC 0.016 
H H 0.242 HD1 HC 0.020 

HA H1 0.147 HD2 HC 0.020 
HB1 HC 0.010 HE1 H1 0.039 
HB2 HC 0.010 HE2 H1 0.039 

Atom Atom Type Atom Charge Atom Atom Type Atom Charge 
C5' CT −0.0026 CA CX 0.0614 
O5' OS −0.5092 C C 0.6271 
C4' CT 0.1082 O O −0.5516 
O4' OH −0.7056 CB CT −0.0852 
C3' CT 0.0881 CG CT −0.0086 
O3' OS −0.5093 CD CT −0.0141 
C2' CT −0.1375 CE CT 0.0223 
C1' c2b 0.2222 NZ n2b −0.2761 
H1' h4b 0.2425 H H 0.2619 
H2' HC 0.1224 HA H1 0.0745 
H2'' HC 0.1224 HB1 HC 0.0465 
H3' H1 0.1475 HB2 HC 0.0465 
H4' H1 0.1410 HG1 HC 0.0237 
HO4' HO 0.4799 HG2 HC 0.0237 
H5' H1 0.0944 HD1 HC 0.0255 
H5'' H1 0.0944 HD2 HC 0.0255 
P P 1.2133 HE1 H1 0.0853 
OP1 O2 −0.7918 HE2 H1 0.0853 
OP2 O2 −0.7918 HZ Hnb 0.3426 
N N −0.4447    
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Table D.3. Amber non-standard bond parameters for the imine crosslinked systems. 

 

 

Table D.4. Amber non-standard angle parameters for the imine crosslinked systems. 

 

 

Table D.5. Amber non-standard dihedral parameters for the imine crosslinked systems. 

 

 

Table D.6. Amber non-standard improper dihedral parameters for the imine crosslinked systems. 

 

 

 

 

 

 

Bond Force Constant (kcal/mol/Å2) Equilibrium Value (Å) 
CT-n2 259.9 1.466 
CT-c2 255.6 1.51 

 

Angle Force Constant (kcal/mol/rad2) Equilibrium Value (°) 
CT-CT-n2 84.1 108.8 
CT-n2-hn 45.9 118.4 
CT-n2-c2 68.5 115.3 
H1-CT-n2 61.1 109.81 
CT-c2-n2 84 123.43 
CT-CT-c2 65.5 111.56 
CT-c2-h4 45.8 119.02 

 

Dihedral Divider Barrier (kcal/mol) Phase (°) Periodicity 
OS-CT-CT-c2 9 1.4 0 3 
CT-CT-CT-n2 9 1.4 0 3 
CT-CT-n2-hn 6 0 0 3 
CT-CT-n2-c2 6 0 0 3 
HC-CT-CT-n2 9 1.4 0 3 
CT-c2-n2-CT 1 10.37 180 2 
H1-CT-n2-hn 6 0 0 3 
H1-CT-n2-c2 1 0.165 180 3 
CT-CT-c2-n2 6 0 0 2 
CT-CT-c2-h4 6 0 0 2 
H1-CT-CT-c2 9 1.4 0 3 
HC-CT-c2-n2 6 0 0 2 
HC-CT-c2-h4 6 0 0 2 
CT-CT-CT-c2 9 1.4 0 3 
OS-CT-CT-c2 9 1.4 0 3 
OS-CT-CT-c2 9 1.4 0 3 

 

Improper Dihedral Barrier (kcal/mol) Phase (°) Periodicity 
CT-h4-c2-n2 1.1 180 2 
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Table D.7. Amber atom types and charges for anionic 8oG. a  

 
a Atom types correspond to the OL15 forcefield. 

 

Table D.8. Start and end points for steered MD simulations on the hOGG1−substrate complex used 
to identify starting points for QM/MM MD umbrella sampling calculations.  

 
aSimulations used a harmonic constant of 200 (kcal/mol)/Å2. 

 

 

 

 

 

 

 

 

 

 

 

Atom Atom Type Atom Charge Atom Atom Type Atom Charge 
N1 NA -0.7641 C5 CB -0.2651 
H1 H 0.3955 C6 C 0.6438 
C2 CA 0.8596 O6 O -0.6762 
N2 N2 -0.9227 N7 NA -0.6292 
H21 H 0.3594 H7 H 0.3614 
H22 H 0.3594 C8 C 0.8682 
N3 NC -0.749 O8 O -0.740 
C4 CB 0.7151 N9 N* -0.8161 

 

Simulation CV Starting CV (Å) Ending CV (Å) 
Neutral Crosslink Elimination H2′−D268Oδ Distance 2.8 0.8 
Neutral Crosslink Hydrolysis WatO−C1′ Distance 3.0 1.0 
Cationic Crosslink Elimination H2′−D268Oδ Distance 2.8 0.9 
Cationic Crosslink Post-
Elimination Proton Transfer 

D268Hδ−O3′ Distance 1.8 0.9 

Cationic Crosslink Hydrolysis WatO−C1′ Distance 3.5 1.0 
Post-elimination Cationic 
Crosslink Hydrolysis 

WatO−C1′ Distance 3.5 1.4 

Hydrolyzed Crosslink D268-
catalyzed Elimination 

r(H2′−D268Oδ)−r(C2′−H2′) −1.5 1.5 

Hydrolyzed Crosslink K249-
catalyzed Elimination 

H2′−D268Oδ Distance 2.7 1.0 

Hydrolyzed Crosslink Post-
elimination Proton Transfer 

D268Hδ−O3′ Distance 2.0 0.9 
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Table D.9. CV and range of CV windows for every umbrella sampling calculation modeling the β-
lyase reaction in the hOGG1−substrate complex. 

 

 

 

Simulation CV CV Range (Å) 
Neutral Crosslink Elimination r(H2′−D268Oδ)−r(C2′−H2′) −1.8−1.5 
Neutral Crosslink Hydrolysis WatO−C1′ Distance 1.0−3.0 
Cationic Crosslink 
Elimination 

r(H2′−D268Oδ)−r(C2′−H2′) −1.8−1.5 

Cationic Crosslink Post-
elimination Proton Transfer 

r(D268Hδ−D268Oδ)−r(D268Hδ −O3′) −0.9−0.8 

Cationic Crosslink Hydrolysis WatO−C1′ Distance 1.4−3.5 
Post-elimination Cationic 
Crosslink Hydrolysis 

WatO−C1′ Distance 1.4−3.5 

Hydrolyzed Crosslink D268-
catalyzed Elimination 

r(H2′−D268Oδ)−r(C2′−H2′) −2.0−2.0 

Hydrolyzed Crosslink K249-
catalyzed Elimination 

r(H2′−D268Oδ)−r(C2′−H2′) −2.0−2.0 

Hydrolyzed Crosslink Post-
elimination Proton Transfer 

r(D268Hδ−D268Oδ)−r(D268Hδ −O3′) −1.0−0.7 
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Appendix E 

Supplementary Information for Chapter 6: How Do DICER1 Syndrome Mutations Disrupt 
Catalysis? Unveiling Dicer Metal Binding Architecture and Mechanism of Action using MD 

and QM/MM Techniques 

Contains Figures E.1−E.15 and Tables E.1−E.2
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Figure E.1. Dicer structure, highlighting the various domains. 
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Figure E.2. Overlay of mouse (purple, PDB ID: 3C4B) and human (green, PDB ID: 2EB1) RNase 
IIIb domains of Dicer highlighting A) the overall structural similarity and B) the similar positioning of 
K1806 and K1790. Crystal structures of the active sites of C) the K38A mutant EcoRV bound to 
DNA, D) MutH bound to DNA, E) human Endo V, and F) the gp2 subunit of Sf6 showing a similarly 
positioned active site lysine (K428) as in Dicer (K1806). 
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Figure E.3. A) Overlay of aa-RNase III (magenta) and Dicer RNase IIIb homodimer (PDB ID: 2EB1, 
green), highlighting key active site residues and differing locations of Mg2+. Overlays of the cryo-
EM structure of Ca2+−inhibited Dicer (cyan, PDB ID: 7XW2) and B) the post-equilibration aaRIII 
model (magenta), and C) the post-equilibration RIIIb model (green). 

 

 

Figure E.4. All-heavy-atom RMSD relative to the first frame over the MD simulations for the A) 
aaRIII and B) RIIIb wild-type Dicer models. The five 500 ns replicates composing each simulation 
are joined back-to-back. 
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Figure E.5. All-heavy-atom RMSD relative to the first frame over the MD simulations for the A) 
D1709N, B) D1810Y, C) E1813D, D) E1705K, E) E1813G, and F) G1809R Dicer mutants. The five 
500 ns replicates composing each simulation are joined back-to-back. 
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Figure E.6. QM/MM RIIIb (left) and aaRIII (right) models used to calculate the Dicer catalytic 
pathway. QM region highlighted in blue. 
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Figure E.7. A) Overlay of key ONIOM(M06-2X/6-311+G(2df,p):AMBERff14SB)//ONIOM(M06-
2X/6-31G(d,p):AMBERff14SB) stationary points for the Dicer catalytic mechanism obtained using 
the aaRIII model employing the mechanical (magenta) and electronic (cyan) embedding schemes 
during geometry optimization. Calculated Dicer mechanism using B) electronic embedding and C) 
mechanical embedding during optimizations for the aaRIII model. Distances and RMSDs are 
reported in Å. Relative energies are reported in kJ/mol. 
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Figure E.8. Histogram of the fractional occupancy of the distance (Å) between MgB2+ and the 
substrate O3′ leaving group, and the ∠(OδCγCβCα) dihedral angle in D1709 (°) over the MD 
simulations for the Dicer RIIIb model. MD representative structures of conformations can be found 
in Figure 6.5. 
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Figure E.9. ONIOM(M06-2X/6-31G(d,p):AMBERff14SB) optimized reactant complexes, 
highlighting MgA2+ (left) and MgB2+ (right) coordination for the A) RIIIb and B) aaRIII models involving 
a water nucleophile, and C) aaRIII model involving a hydroxide nucleophile. 
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Figure E.10. ONIOM(M06-2X/6-311+G(2df ,p) :AMBERff14SB)//ONIOM(M06-2X/6-
31G(d,p):AMBERff14SB) calculated Dicer catalytic mechanism involving a water nucleophile 
obtained using the RIIIb model. Distances reported in Å. Water molecules coordinated to Mg2+ ions 
that do not participate in the reaction are omitted for clarity. 
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Figure E.11. Histogram of the fractional occupancies of the distance between MgA2+ and MgB2+ and 
the substrate non-bridging phosphate oxygen over the MD simulations with the aaRIII model 
highlighting three conformations. MD representative structures of the three conformations can be 
found in Figure 6.7. 

 

 

Figure E.12. Average ∂V/∂λ from thermodynamic integration simulations at different λ values for 
the alchemical transformation of water into hydroxide in A) Dicer and B) bulk solvent.   
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Figure E.13. ONIOM(M06-2X/6-311+G(2df ,p) :AMBERff14SB)//ONIOM(M06-2X/6-
31G(d,p):AMBERff14SB) calculated Dicer catalytic mechanism involving a hydroxide nucleophile 
obtained using the aaRIII model. Distances reported in Å. 

 

 

Figure E.14. Overlay of MD representative structures of the active (2Mg2+−B) conformation of the 
Dicer aaRIII model containing a water (magenta) and hydroxide (white) nucleophile coordinated to 
MgA2+. RMSD is reported in Å. 
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Figure E.15. MD representative structures for the 2Mg2+−B (left), MgA2+−U (middle), and MgB2+−U 
(right) conformations for the A) D1709N, B) G1809R, C) E1813G, D) E1705K, E) D1810Y, and F) 
E1813D Dicer mutants. 
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Table E.1. RESP charges for a hydroxide ion calculated at the HF/6-31G(d) level of theory.  

Atom Name Charge 

O –1.2049 

H1   0.2049 

H2   0.0000 

 

Table E.2. Relative energies of key stationary points for the RIIIb and aaRIII Dicer models.  

Structure RC TS1 IC TS2 PC 

RIIIb Uncorrecteda 0.0 126.1 124.1 154.8 69.8 

RIIIb Correctedb 0.0 253.4 269.5 293.1 221.3 

aaRIII Uncorrected  

(Water Nucleophile)a 

0.0 62.2 61.4 77.6 74.5 

aaRIII Corrected  

(Water Nucleophile)b 

0.0 146.5 168.8 181.8 158.3 

aaRIII Uncorrected 
(Hydroxide Nucleophile)a 

0.0 15.1 –12.8 –12.8 –90.1 

aaRIII Corrected 
(Hydroxide Nucleophile)b 

0.0 39.2 36.8 45.0 28.9 

aEnergies were calculated using ONIOM(M06-2X/6-31G(d,p):AMBERff14SB) with the ME scheme. 
bEnergies were calculated using ONIOM(M06-2X/6-311+G(2df,p):AMBERff14SB)//ONIOM(M06-
2X/6-31G(d,p):AMBERff14SB). The EE scheme was used for single-point calculations and a Gibbs 
energy correction was included. 
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