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Abstract
The rumen of beef cattle houses a diverse community of microorganisms that impact feed
digestion, nutrient accessibility, host health, and waste production. Fibrolytic enzymes, probiotics,
and prebiotics are promising candidates for next-generation feed additives, with the goal of
inducing beneficial changes to the rumen microbiome. Current methods to investigate the
mechanistic interactions between bacteria and feed glycans are “indirect” and lack the required
sensitivity to validate probiotic-prebiotic application. To address these limitations, I have extended
fluorescent glycan conjugates (FGCs) to visualize polysaccharide uptake in bacterial isolates and
complex ecosystems at the single-cell level. Yeast α-mannan (YM) was conjugated to 6aminofluorescein and fed to pure cultures of Bacteroides thetaiotaomicron VPI-5482, a wellstudied intestinal symbiont that metabolizes YM, and closely related bovine-adapted bacterial
isolates. Uptake of FGCs, coupled to complementary genomic and transcriptomic analysis,
provided direct evidence of individual genotypes endowed with YM metabolic potential in pure
and complex culture.
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Chapter 1
Literature Review
1.1 Feed efficiency
Ruminants produce meat and milk from vegetal biomass, providing significant sources of
protein, vitamins, and minerals for humans. As such, ruminant livestock are a vital part of food
security for the increasing global population of consumers [1]. Canada ranked sixth in beef
exporting nations in 2017 (excluding live slaughter) [2]; exporting over 640,000 cattle to the United
States alone [3]. Beef production and exportation face increasing challenges, such as limiting the
use of antibiotics [4, 5], minimizing land and water usage [6], and reducing greenhouse gas (GHG)
emissions [7]. To address these issues, organizations, such as the Beef Cattle Research Council
(BCRC), are investing in research that aims to provide novel solutions [8, 9]. “Feed Grains” and
“Feed Efficiency” are top priorities to the beef industry, advocating for the development of
innovative technologies to increase feed conversion efficiency and protein output, while limiting
the use of finite resources and the unnecessary production of GHGs and other waste byproducts.
Feed efficiency is the amount of valued product generated from a portion of feed intake,
most commonly measured as feed conversion ratio (FCR) or residual feed intake (RFI) [10]. FCR
is the ratio of consumed feed to live-weight increase, while RFI measures the difference between
actual feed consumed and theoretical feed intake. More efficient cattle gain more weight from
consuming less feed than expected, which translates into reduced feed costs. Feed is the major
production cost in the cattle industry, with an estimated 50-70% of funds spent on feedstuff. Much
of the energy stored in the fiber- and carbon-rich feed is not digested or is wasted as methane, a
powerful GHG that contributes to climate change. Indeed, increasing feed efficiency and fiber
digestibility has been shown to have positive economic and environmental impacts through
improved animal performance with reduced feed intake and methane emissions [9, 11]. Boaitey et
al. estimated that with every 1% reduction in feed intake (kg fed day -1), net returns and GHG
1

emissions will increase by 2.3% and decrease by 33.46 tonnes, respectively [11]. However,
improvements to feed efficiency are constrained due to a limited understanding of feed utilization
in the ruminant digestive system and of efficient methods to manipulate this ecosystem for
increased live-weight gain.

1.2 The rumen
The gastrointestinal tract (GIT) of mammals contributes to many physiological processes
[12], such as nutrient absorption, waste excretion, and pathogen regulation. Ruminants, such as
Bovinae (cattle, bison) and Ovinae (sheep), have evolved efficient digestive systems composed of
four compartments that precede the small and large intestines: the rumen, reticulum, omasum, and
abomasum. The rumen is the primary fermentation chamber; microbial depolymerization of
complex feed fibers begins in this compartment. The esophagus facilitates bidirectional movement
of feed and is critical for regurgitation and rumination when the consumed biomaterial requires
further mastication; a process commonly referred to as “chewing the cud”. The reticulum follows
the rumen and is sometimes considered an anterior sac of the rumen, as movement of ingesta is less
restricted between the two compartments. The omasum has specialized folds that increase surface
area to promote water and fatty acid absorption. Finally, the abomasum most resembles the stomach
of monogastric animals due to its production of hydrochloric acid and digestive enzymes.
Ruminants primarily consume a diet of plant glycans. Thus, to optimize access to carbon
stored in plant fibers, ruminants rely on the rumen microbiota, as it is critical for the digestion and
metabolism of feed by the animal. Rumen microorganisms, most notably bacteria, anaerobic fungi,
and fibrolytic protists, depolymerize polysaccharides into oligosaccharides and monosaccharides
which are transported into microbial cells for further saccharification or direct entry into glycolysis
and fermentation pathways. Short chain fatty acids (SCFAs) are byproducts of microbial
fermentation and are often used by host epithelial cells or transported to the liver for
gluconeogenesis. It is estimated that up to 70% of bovine caloric demand is derived from SCFAs
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[13]. As such, the rumen community is crucial for feed digestion and energy production in ruminant
animals.
1.2.1 The rumen microbiome
The foregut chambers, primarily the rumen and reticulum, accommodate a diverse
community of microorganisms associated with nutrient accessibility [14], host health [15], and
waste production [11]. Ruminants are robust herbivores due to the evolution of this key symbiotic
relationship. The rumen provides the microflora an anaerobic, carbon rich environment and, in turn,
microbial metabolites provide the host with absorbable energy and nutrients [13]. Foregut
fermentation is not unusual in other mammals, however individual microbiomes exhibit significant
variation and diversity due to evolutionary divergence [16]. The ruminant digestive system is more
elaborate than monogastric systems due to the physiology of the rumen, process of rumination, and
expanded role of the microbiome in fiber digestion and feed efficiency.
The bovine diet is a cornucopia of carbohydrates that sustain a dense community of
bacteria, fungi, protozoa, and archaea [12, 17, 18]. Henderson et al. reported the microbiome
compositions of 32 ruminant species across the globe and found that four bacterial phyla dominated
the majority of samples: Bacteroidetes, Firmicutes, Fibrobacter and Proteobacteria [19]. The most
abundant bacterial taxa in the samples were Prevotella, Butyrivibrio, Ruminococcus,
Lachnospiraceae, Bacteroidales, and Clostridiales, accounting for 67.1% of total bacterial
sequencing data. The composition of the rumen microbiome is influenced by many intrinsic,
environmental, or therapeutic factors, such as diet, host genetics, and antibiotics [20, 21].
Traditionally, cataloguing the species present in the rumen microbiota was performed using
culture-dependent methods developed by Robert Hungate, who is often referred to as the father of
rumen microbiology [22]. Despite the large extent of studies performed, bacteria cultivated using
Hungate’s anaerobic isolation techniques are estimated to represent less than 20% of bacterial
communities in the rumen [23]. Recent advances in culturing methods and sequencing technologies
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have resulted in geometric increases in the amount of sequencing data, providing previously
unobtainable information on the diversity of microorganisms that live in these communities.
In addition to revealing the identity of an unprecedented number of species from the
rumen microbiota, next-generation sequencing techniques, such as shotgun whole genome
metagenomics and metatranscriptomics analyses, have also resulted in the identification of
extensive datasets of uncharacterized genes. Bioinformatic pipelines and phylogenetics have
become key toward deconvoluting the accurate prediction of gene functions [24]. For example,
using metagenomics, Hess et al. determined the abundance of bovine rumen bacteria that encode
expansive collections of carbohydrate-active enzymes (CAZymes), identifying over 27,000
putative genes [25]. More recent investigations have expanded this number to over 69,000 using
genome assemblies [26]. These studies underpin the vast catalytic potential of the rumen
microbiome, particularly in the context of improving feed digestibility.
1.3 Feed additives
Despite the robust catalytic capabilities of the rumen microbiota, conversion of dietary
polysaccharides into milk and meat is inefficient, resulting in significant loss of potential energy
from feed [14]. In this respect, manipulating the rumen microbiome to refine feed efficiency can
address recent challenges affiliated with sustainable beef production [15]. Probiotics [20],
prebiotics [27], and fibrolytic enzymes [28] are promising feed interventions for improving animal
productivity, as each have the potential to increase the metabolizable energy from feed and promote
growth.
1.3.1 Probiotics
Probiotics are living microorganisms that, when ingested in adequate quantities, improve
GIT health [20]. This can be achieved through multiple avenues [29, 30], such as: supporting a
healthy microbial community, displacing pathogens [31], improving digestion and weight gain [32,
33], managing pH [34], producing SCFAs [35] and promoting mucosal immunity [36]. Efficacy of
4

probiotics depends on many parameters, such as dose, length of administration, and life stage of
the animal [30]. Consistent treatment of probiotics promotes rapid colonization of beneficial
bacteria that can increase fiber digestibility, exercise host immunity, and prevent pathogen
settlement early in the life of the animal, with decreased effects later in life [30, 37]. Although
significant advances have been made in the field of rumen microbiology, understanding the
function of rumen microbiota remains elusive.
Results of rumen manipulation experiments are often ineffective, with only a few examples
of compelling successes [38]. The ‘mimosine story’ is a common example of an investigation into
the function of rumen bacteria that resulted in the development of a novel probiotic [38]. Leucaena
leucocephala is a nutrient rich perennial legume plant and common cattle feed in tropical countries
[39]. In the 1960s, cattle farmers in Australia were interested in adopting the leguminous plant as
a feedstock for cattle; however, L. leucocephala contains the compound mimosine, which is
converted to the toxin 4-hydroxy-4(H)-pyridone (DHP) in the rumen. DHP had a negative impact
on Australian cattle, including weight loss, salivation, loss of appetite, and decreased animal
performance [40]. Interestingly, goat and cattle populations in Maui, Hawaii displayed resistance
to the toxicity of this compound. The protection came from the presence of Synergistes jonesii in
the rumen microbiota of resistant populations, which facilitates the degradation of DHP [41].
Introducing DHP-degrading bacteria into the microbiomes of non-resistant ruminants neutralized
the toxic side effects of L. leucocephala [40, 42]. This is an excellent example of how the rumen
ecosystem can be manipulated with live microbial adjuncts to improve animal performance and
welfare.
1.3.2 Prebiotics
Prebiotics are dietary compounds that are indigestible to host enzymes and shift the GIT
microbial community to a composition that is more beneficial for the host [43]. Generally,
prebiotics are selectively used to stimulate a bloom of beneficial bacteria that provide host benefits,
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such as changing pH through SCFA production [34], priming the community for members more
adept at utilizing feed [30], improving animal performance [27], and colonization resistance [44].
The theory behind prebiotics is supported by the nutrient-niche hypothesis described by Freter et
al.: host diet, as it relates to nutrient accessibility in the GIT, drives microbial species to adopt an
ecological role (i.e. niche) that provides them with a competitive advantage [45]. Furthermore, the
link between host dietary carbohydrates and microbiota composition and activity is wellestablished [39, 46, 47]. In this regard, prebiotics, typically carbohydrates, support a healthy GIT
through the modulation growth and/or displacement of select microbial species [30].
Fructooligosaccharides (FOS) and α-mannanoligosaccharides (MOS) are the most widely
used and studied bovine prebiotics, and are often used as supplements in calf milk replacer to
increase carcass weight and alter SCFA production [27, 48]. MOSs\ also mimic the structure of
host epithelial high-mannose N-glycans (HMNGs) and are used to disrupt the attachment and
effacement of pathogens to host epithelial cells [27, 49]. However, MOS has been shown to have
other effects on the rumen of cattle as well. For example, Diaz et al. supplemented grain-based
diets of Holstein steers (n=3) with a live yeast (Saccharomyces cerevisiae) probiotic or MOS, which
resulted in an increase of ruminal pH and decreased levels of lipopolysaccharide and serum amyloid
A in the blood, all of which lead to decreased inflammation [34]. High grain diets tend to decrease
rumen pH and promote inflammation, thus live yeast and MOS could be used to treat these side
effects.
Prebiotics impact the digestive systems of mono- and polygastric animals differently [30].
This is likely attributed to microbial and host-specific processes, host physiology, and diet [50].
Notably, combining probiotic and prebiotic supplements, a process referred to as synbiotics [43,
51], may improve their efficacy by introducing a unique nutrient that is specific to the metabolic
capabilities of the probiotic. Selective prebiotics provide a competitive advantage to the probiotic
strain and increase their abundance in the GIT ecosystem. Further investigation into the role of
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probiotics, prebiotics, and synbiotics in the rumen ecosystem is required before they will be fully
adopted as solutions for contemporary livestock production.
1.3.3 Fibrolytic enzymes
Mammals only genetically encode enzymes that aid in the depolymerization of a few
dietary carbohydrates, such as starch and sucrose [52]. Therefore, ruminants rely on enzymes
possessed by rumen microorganisms to digest high molecular weight, complex carbohydrates.
Diverse, competitive microbial ecosystems have favored the evolution of unique enzymes,
pathways, and foraging strategies for harnessing energy from complex carbohydrates [53, 54]. In
this regard, application of exogenous enzymes to feed glycans can facilitate depolymerization and
the release of absorbable energy from feedstocks [55]. Holtshausen et al. found a 10.7% increase
in milk production efficiency of Holstein dairy cattle fed an alfalfa diet supplemented with a high
concentration (1.0 mL kg-1) of the developmental fibrolytic enzyme, Econase [56]. This effect was
concentration-dependent, as the low enzyme treatment (0.5 mL kg-1) did not result in a significant
change in efficiency. Application of fibrolytic enzyme to the diets of finishing steers that contained
30% wheat DDGS, was shown by He et al. to improve starch digestion, protein metabolism, feed
efficiency, and cattle health [57]. In this regard, improvements to feed digestibility and efficiency
may result from supplementing enzyme activities that are limited within the rumen.
1.4 Carbohydrates
Carbohydrates are the most prevalent class of biomolecules and are fundamental to the
structural integrity and physiology of all living organisms. Polysaccharides are vital structural
components of plant fibers common in livestock feed and are the major contributor to plant
biomass. Common plant polysaccharides include cellulose, xylan, pectin, and starch. Some of most
structurally complex carbohydrates are rhamnogalacturonan II (RGII) [58] and yeast α-mannan
[59], which have diverse composition, stereochemical linkages, and / or branching. To digest fungal
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cell wall and plant fibers, which are especially complex glycans, a wide diversity of enzyme
activities is required.
1.4.1 Yeast mannan
The cell wall of the common baker’s yeast, Saccharomyces cerevisiae, is a matrix of βglucan, chitin, and mannan; which also have propensity to cross-link with each other [60]. βglucans are β-1,3 and β-1,6-linked glucose polymers of the yeast cell wall that extend up to ~1,500
residues. Chitin is a homopolymer of β-1,4-linked N-acetylglucosamine (GlcNAc) and makes up
less than 2% of the yeast cell wall dry mass [60, 61]. N-linked and O-linked mannoproteins
comprise approximately 40% of the yeast cell’s dry mass. Yeast α-mannan (YM) is a complex
polysaccharide that forms N-linkages to cell wall proteins and is a homopolymer of α-mannose
residues [61] (Figure 1.1). YM has an extensive α-1,6 linked backbone (>150 units), adorned with
α-1,2-mannose side chains capped by α-1,3 linked mannose [59]. Phosphodiester bonds are
occasionally integrated between a secondary side chain branching from the C6 of the α-1,2mannose residues. The side chains of YM are densely packed, which restricts enzyme accessibility
[59]. Thus, complete YM saccharification requires the combined effort of functionally distinct
enzymes (Figure 1.2).
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Figure 1.1 Glycosidic linkages between mannose residues of yeast α-mannan (YM).
(A) α-mannose. (B) α-glucose. (C) β-mannose. (D) β-glucose. (E) N-acetylglucosamine
(GlcNAc). (F) α-mannose with O2, O3, and O4 hydroxyl groups involved in YM linkages are
highlighted using the colour scheme shown in (G). (G) Structural schematic of YM. Coloured
bars indicate discriminatory linkages, Green circles = mannose, Blue circles = glucose, Blue
squares = GlcNAc.
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Figure 1.2 Model Bacteroides thetaiotaomicron utilization of mannan from Saccharomyces
cerevisiae.
(A) Three MAN-PULs encoded in the genome of B. theta VPI-5482 [59]. Gene direction is
indicated by arrows, and sizes representative relative length. Colour scheme indicates different
functions for genes, which are labeled in the figure legend. (B) Model of YM and YM-product flow
through the YM-degradation system. Depolymerization of YM initiates on the surface of the cell
and products are transported through the SusC-like transporter into the periplasm. Complete
depolymerization of YM-products by α-mannanases, α-mannosidases, and glycosidic phosphatases
occurs in the periplasm. Mannose is transported into the cytoplasm by an MFS transporter. A
signature YM oligosaccharide binds to the HTCS regulator and increases transcription of MANPULs.
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1.4.2 Yeast mannan derived commercial products
Interest in YM and its polymers began in the 1980’s due to its potential therapeutic
properties against enterobacteria [62-64]. Enteric pathogens, such as enterotoxigenic Escherichia
coli (ETEC), produce lectins that bind to mannose-containing glycans that decorate the surface of
mammalian gastrointestinal epithelial cells [65]. Polymers of YM mimic host mannans and bind to
the lectins attached to the bacterial cell wall; this prevents the pathogen from colonizing and
effacing the host epithelial tissue.
YM is a component of commercial prebiotics, such as Alltech’s Bio-Mos® [64], as well as
dried distillers grains with solubles (DDGS) [66]. Bio-Mos® has been sold commercially since the
early 1990s and is produced by the extraction of MOS from the cell surface of S. cerevisiae.
Similarly, DDGS contains S. cerevisiae natively found on maize (corn), among other yeasts and
enzymes, and is a co-product of corn fermentation and ethanol production. DDGS has been used
as an alternative feed for livestock and is thought to be a nutritious feed alternative containing
neutral detergent fiber (NDF) and crude protein (CP) [28].
1.5 Carbohydrate-active enzymes
CAZymes are enzymes that are categorized into five classes that catalyze the
saccharification, biosynthesis, or modification of glycans and their derivatives: glycosyl
transferases (GTs), polysaccharide lyases (PLs), carbohydrate esterases (CEs), auxiliary activities
(AAs), and glycoside hydrolases (GHs) [67]. Diversity in the monosaccharide composition,
stereochemical linkage, and branching of complex carbohydrates has promoted the evolution of
highly specific CAZymes. GTs catalyze the formation of glycosidic linkages. PLs act by βelimination to cleave polysaccharides containing uronic-acid groups. CEs catalyze the hydrolysis
of carbohydrate esters. AA is a class of enzymes with redox activity that work in tandem with other
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CAZymes. The largest family of CAZymes is the GHs, which depolymerize carbohydrate
substrates by hydrolysing glycosidic linkages.
Hydrolysis of a glycosidic linkage is catalyzed by two amino acid residues in GH enzymes;
a general acid (e.g. glutamic acid) acts as the proton donor and a nucleophile/base (e.g. aspartic
acid) [67]. There are two primary catalytic mechanisms of GHs: single displacement and double
displacement, which either invert or retain the anomeric configuration at C1, respectively.
According to the CAZy database [67, 68], GHs are divided into over 160 sequence-related families
[68], further categorized into subfamilies that often display similar catalytic specificities [67].
Members of the same family have conserved tertiary structure, mechanism, and catalytic residues;
however, this does not necessarily translate into functional redundancy. In polyspecific families,
members can be further partitioned into subfamilies that can differ in mode of action (e.g. endoverses exo-hydrolysis) or substrate specificity [69-72]. This property can make functional
characterization of CAZymes within the same family challenging. For example GH92s, an enzyme
family that has been shown to be heavily involved in the digestion of α-mannans, have been shown
to be active on -1,2, -1,3, -1,4, -1,6 linked and -1-mannosyl-phosphate substrates; whereas
members of GH76 and GH125 families are currently classified as exclusive endo--mannanases
and exo--1,6-mannosidases, respectively [59, 73]. Functional redundancy within a family,
however, may simply reflect a limited sample size of characterized activities. In silico tools, such
as SACCHARIS (Sequence Analysis and Clustering of CarboHydrate Active enzymes for Rapid
Informed prediction of Specificity) [24], will facilitate rapid and accurate prediction of CAZyme
function, especially in polyspecific families. Some microbes encode polysaccharide utilization loci
(PULs), which are co-regulated gene clusters that can include GHs, regulators, carbohydratebinding proteins, and transporters that work together to depolymerize a specific carbohydrate [53].
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1.6 Polysaccharide utilization loci
The starch utilization system (Sus) of Bacteroides thetaiotaomicron (B. theta) was the first
PUL to be characterized [53, 74, 75]. PULs are distinguished by the presence of a TonB-dependent
transport (TBDT) and surface glycan binding protein (SGBP) complex [76], commonly referred to
as the susC/D-like pair, which is responsible for binding to carbohydrates on the outer cell
membrane and importing them into the periplasm [53]. SusR-like, hybrid two-component system
(HTCS), and ECF-sigma/ant-sigma are the three systems that can regulate a PUL [53]. GHs
depolymerize a polysaccharide into signature products that are recognized by the periplasmic
domain of the regulator and cause a signal cascade that results in PUL upregulation. Complete
depolymerization of oligosaccharides produces monosaccharides that are imported into the
cytoplasm of the cell through a major facility superfamily (MFS) transporter. PULs encode all the
necessary CAZymes to degrade chemically distinct polysaccharides and these systems represent
relatively unexplored repositories of enzymes and enzyme activities that was previously limited by
our inability to culture the vast majority of gut microbes. However, with new –omics techniques
and next-generation sequencing, we can now use bioinformatics to map PULs and the CAZy
database to annotate predicted functions of CAZymes [53, 67, 68, 76]. While PULs have been
found in many commensal bacterial species residing in the gut, members of Bacteroidetes encode
a plethora of PULs in their genomes [53], with over 30,000 predicted PULs for the specialized
degradation of complex carbohydrates identified in the phylum [67, 68, 76].
1.6.1 A model of YM depolymerization
Typically, one polysaccharide activates one PUL [53]. YM is an exception to this rule as
it was shown to activate multiple PULs within the same bacterium (Figure 1.2A) [59]. In addition,
YM-PULs are promiscuous as they target α-mannans derived from the cell walls of different yeast
species. This may reflect the complexity of mannans found across yeast species as S. cerevisiae,
Schizosaccharomyces pombe, and Candida albicans display structural heterogeneity, and therefore,
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diverse enzymes are necessary to recognize and cleave these substrates. Importantly, the subtle
changes to PUL architecture in strain variants may result in differential foraging strategies and
provide individual strains with fitness advantages within complex communities.
Cuskin et al., characterized three PULs encoded in B. theta VPI-5482 that are responsible
for depolymerizing YM: MAN-PUL1, MAN-PUL2, and MAN-PUL3 [59] (Figure 1.2A).
Together, the PULs encode 15 enzymes, SGBP, SusC-like transporter, and HTCS regulator/sensors
that coordinate the complete saccharification of S. cerevisiae YM (Figure 1.2). The extracellular
enzyme GH99, an endo-α-1,2-mannosidase, is bound to the outer membrane of B. theta VPI-5482
and hydrolyses the YM branches into man-α-1,3-man disaccharides, decluttering the backbone.
Upon removal of a few branches, an endo-α-1,6-mannanase (GH76) can cleave the exposed
backbone to generate products that can be imported through the SusC-like transporter. Once in the
periplasm, stochastic hydrolysis of YM occurs. Specifically, mannose-6-phosphatases cleave the
phosphodiester bond, and endo-α-1,2/3-mannosidases (GH92), exo-α-1,2-mannosidases (GH38),
endo-α-1,6-mannanases (GH76), and exo-α-1,6-mannosidases (GH125) hydrolyse the remaining
linkages. Finally, released mannose residues are imported into the cytoplasm through an MFS
transporter.
MAN-PULs may impose an energetic debt that hinders cell fitness in YM deficient
environments. As reported in Cuskin et al., mutant strains lacking the three MAN-PULs or MANPUL2 outcompete the wild type strain in gnotobiotic mice fed a glycan-free diet [59]. Alternatively,
when mice are fed a diet rich in YM, the wild type B. theta strain outcompetes mutant strains. These
results, alongside the expansive collection of YM utilizing machinery, support the hypothesis that
YM metabolism provides a competitive advantage to B. theta VPI-5482 [77]. Although wellstudied for human intestinal symbionts, investigation of YM utilization and its derivatives, such as
Bio-Mos® and DDGS, in ruminant microbes is lacking. Understanding the relationship between
rumen microbiota and feed ingredients is essential to develop and validate novel probiotic and
prebiotic treatments.
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1.7 Fluorescent glycan conjugates
Traditional techniques to study interactions between the microbiota and dietary
carbohydrates rely on indirect methods, such as growth kinetics, genomics, and enzymology [59,
78]. Generally, these techniques are slow, expensive, and indirect. In this regard, the development
of fluorescent polysaccharides (i.e. fluorescent glycan conjugates; FGCs) may provide a novel
molecular tool to visualize polysaccharide utilization by rumen microbiota, which will facilitate
selection of species with particular metabolic capabilities that can be further investigated for novel
CAZymes.
Production of fluorescent carbohydrates is lagging behind fluorescently labelled proteins
and nucleic acids [79]. This is likely attributed to the structural complexity and variability of
complex carbohydrates, making site-specific labelling difficult. There is also concern regarding
label interference of carbohydrate-protein interactions. Regardless of these challenges, many
fluorescence techniques have been developed to study carbohydrates in biological systems,
including boronic acid-based fluorescent detection, fluorogenic labelling agents, and fluorescentlylabelled glycolipids [79]. Many of these techniques label the reducing end of oligosaccharides, with
a focus on mono- and oligosaccharides. An alternative and highly versatile technique was
established by Glabe et al. in 1983, in which the fluorescent probe fluoresceinamine (FLA) was
conjugated to a variety of polysaccharides [80]. The hydroxyl group of a carbohydrate becomes
activated when mixed with cyanogen bromide. Subsequently, FLA is coupled to the activated
product via its amino group. These fluorescein derivatives are stable and exhibit activity equal to
underivatized polysaccharides when used in inhibition assays.
FGCs were initially used to study the interaction between polysaccharides and marine
bacterial enzymes. In the 1990’s, fluorescent polysaccharides were injected into samples of marine
sediments, providing a means to measure the hydrolysis rates of extracellular bacterial enzymes
found naturally in these samples [81, 82]. Using this approach, Arnosti found differential rates of
hydrolysis of two labelled polysaccharides, FLA-laminarin and FLA-pullulan, across a range of
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sediment depths [81], which showcased the utility of FGCs as tools to investigate complex
interactions between bacteria and carbohydrates. The two FGCs used in the study were found to be
easily and rapidly detected, unaffected by background noise of dissolved organic carbon (DOC),
reliable over time and within a broad range of concentrations, and effective at environmentally
relevant concentrations. Arnosti further revealed the versatility of fluorescein derivatives by
refining labelling procedures and demonstrating their efficacy with a more diverse range of
substrates, including sulfated polysaccharides [83]. More recently, metabolic strategies and
potentials of marine bacteria were investigated and will be described below.
1.7.1 Investigating microbial communities with FGCs
It was assumed that FGCs were too bulky to be imported into the intracellular space of
bacterial cells, thus hydrolysis by extracellular and/or cell-surface enzymes was the sole activity
being measured [81]. As the depolymerization of polysaccharides took place outside the cell,
byproducts could be shared with near-by microbes; a nutrition acquisition strategy known as the
‘distributive’ mechanism. Two decades later, with use of FGCs, this hypothesis was challenged;
Reintjes et al., incubated ocean water collected from five oceanic provinces with one of three
fluorescently-labelled polysaccharides and, using fluorescence in situ hybridization (FISH), were
able to visualize uptake of three FGCs by marine bacteria using super-resolution structured
illumination microscopy (SR-SIM) [84]. The polysaccharides used in the study were laminarin,
xylan, and chondroitin sulphate, structurally diverse glycans commonly utilized by marine bacteria.
The high-resolution imaging of SR-SIM provided images displaying the uptake of FGCs into the
periplasm or paryphoplasm of marine bacteria identified using FISH that belong to three distinct
phyla: Bacteroidetes, Planctomycetes, and Proteobacteria. Using this technique, Reintjes et al.
demonstrated that for these bacteria, the glycans used in the study are hydrolysed first by
extracellular enzymes before being transported into the cell, preventing carbon loss to the
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surrounding microbes. Previous to this data, an alternative polysaccharide uptake strategy had only
been suggested via extrapolations from metagenomic data [85].
Reintjes et al., hypothesized that the uptake of high-molecular-weight polysaccharides is
homologous to the ‘selfish’ mechanism described by Cuskin et al. in 2015 [59]. This foraging
strategy is bacteria and glycan specific and is dependent on the architecture of the pathway and
bacterial cell wall morphology. ‘Selfish’ mechanisms result in limited depolymerization of a
polysaccharide on the cell surface and rapid importation of products into the periplasm for further
enzymatic cleavage. By changing the site of hydrolysis to the periplasm, the cell prevents the
diffusion of lost products. Evolution of this strategy, as described in the Sus-like paradigm of gut
Bacteroides [53, 77], is suggested to increase fitness by preventing loss of high energy products,
opposing the ‘distributive’ strategy of nutrient uptake. The impact of this finding is significant, as
it called for a re-evaluation of previous models of carbohydrate dynamics in marine ecosystems
and refocusing how bacterial carbohydrate metabolism is measured.
1.7.2 FGCs in microbiome research
FGCs have proven beneficial in studies surveying enzyme activity and tracing complex
carbohydrate dynamics in environmental samples. The high-resolution detectability, versatility,
lack of interference of substrate function, and structural stability of fluorescein derivatives make
them promising candidates as tools to investigate microbe-glycan interactions in complex
communities, such as within the rumen. Use of these first-in-class molecular probes could provide
direct evidence of bacterial genotypes endowed with specific glycan metabolic pathways, and
provide a technique to correlate metabolic phenotypes with genotypes. In this manner, direct
visualization of FGC uptake at the single-cell level could help determine the distribution of
functionally divergent pathways within the genomes of rumen bacteria.
Probiotic, prebiotic, and exogenous enzyme applications in the livestock industry, although
promising strategies, have been hindered by slow characterization of sequencing data and lack of
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reliable molecular tools to inform selection of relevant microbes. This thesis considers FGCs as a
first-in-class molecular tool to provide rapid detection, visualization, and quantification of
bacterial-glycan interactions that can be used to inform microbiome research useful for ruminant
digestive health and the beef industry.

1.8 Hypothesis
As a fungal cell wall polysaccharide, YM is present in many feedstuffs provided to
livestock and is a nutrient available in diverse ecosystems, including the rumen microbiome. The
ability of rumen bacteria to grow with YM as a carbohydrate source suggests the bacteria encode
the requisite machinery (CAZymes, transporters, and regulators) to utilize and metabolize this
complex glycan substrate. These interactions between bacteria and nutrient source can be taken
advantage of to develop new tools for directly monitoring polysaccharide dynamics in complex
samples and visualizing bacterial interactions with the substrate. This project aims to test the
hypothesis:
Bovine-adapted B. theta strains have PUL systems tailored for the metabolism of YM in the
rumen, and the accumulation of YM-FGCs in the periplasm can be visualized directly using
fluorescence.

1.9 Objectives
1. Use growth profiling, whole genome sequencing, and RNA-seq to characterize utilization of
YM by B. theta strains isolated from bovine rumen and fecal samples (Figure 1.3B)
2. Produce fluoresceinamine – YM conjugates (FLA-YM) for use as molecular-based probes.
3. Visualize the uptake of FLA-YM by bovine-adapted B. theta strains using super resolution
fluorescence microscopy (Figure 1.3C).
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Figure 1.3 Graphical representation of thesis objectives.
(A) Collection of bacterial isolates from the rumen of cattle. (B) Selective isolation and
characterization of rumen bacteria growth profiles, including genomic and transcriptomic analysis.
(C) Visualize YM utilization capabilities using FLA-YM.
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Chapter 2
Mechanistic insights into differential growth phenotypes of bovine-adapted Bacteroides
thetaiotaomicron strains using comparative genomics, transcriptomics, and fluorescent
glycan conjugates
2.1 Introduction
Ruminants have evolved foregut digestive systems specialized for the metabolism of plant
cell wall material. The rumen houses a dense and diverse microbial community consisting of
bacteria, ciliated protozoa, anaerobic fungi, and bacteriophages [86]. A core rumen bacterial
microbiome has been described [87], which is predominantly comprised of Prevotella,
Butyrivibrio,

Ruminococcus,

Lachnospiraceae,

Ruminococcaceae,

Bacteroidales,

and

Clostridiales [19, 88]. Previously, the bovine rumen was estimated to contain over 27,000
carbohydrate-active enzyme (CAZyme) genes [25, 89], a number that has been recently increased
to over 69,000 genes identified from assembled genomes [26]. Despite this diversity of sequence
and catalytic function, the microbial conversion of plant cell walls is suboptimal with only 10-35%
of consumed carbohydrates being converted into meat and milk [14]. In this regard, improving the
efficiency of microbial digestion with direct-fed microbials, such as Bacteroides spp., and selective
feeds may help address the emerging challenges associated with sustainable livestock production
[20]. Despite current efforts, our elementary understanding of bacteria-carbohydrate interactions in
the rumen has limited the successes of supplementing livestock feed with live microbial adjuncts
(i.e. probiotics) and selective carbohydrates (i.e. prebiotics) to improve digestion of feedstuffs.
The genomes of Bacteroides spp. encode dedicated carbohydrate metabolic systems called
polysaccharide utilization loci (PULs) [90]. The starch utilization system of Bacteroides
thetaiotaomicron VPI-5482 (B. theta VPI-5482) was the first PUL to be described [91]. Recently,
a series of PULs found in Bacteroides spp. that colonize diverse ecosystems have been identified
that metabolize glycans with diverse chemistries [18]. PULs are distinguished by the presence of a
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TonB-dependent transporter coupled to a surface glycan binding protein (SGBP), referred to as the
SusC/D-like complex, and other associated proteins that modify or bind the target glycan [53, 59].
Each of these gene products function together in an orchestrated cascade to release and assimilate
monosaccharides from the target substrate. PULs can operate through a ‘distributive’ mechanism,
which releases products (i.e. ‘public goods’ [92]) to the community; or a ‘selfish’ mechanism [59],
which limits product loss by concentrating substrate depolymerisation within the periplasm [53].
Recently, PUL-prediction [76] and whole-PUL characterization [58, 59, 93, 94] have become highpriority approaches for the discovery of new CAZyme families and catalytic activities. Genomic
and biochemical characterization of distinct PULs has proven indispensable for establishing the
molecular basis of unique metabolic abilities, insights that differentiate the saccharolytic potential
of Bacteroides at the species [94, 95] and strain level [78, 96, 97].
Glycoside hydrolases (GHs) are a class of CAZymes that cleave glycosidic bonds by acid-base
catalysis [98]. GHs have been reported that hydrolyse carbohydrates with diverse compositions,
degrees of polymerization, linkage chemistries, branching, and rheological properties [99].
Currently, GHs are divided into over 160 sequence related families and are taxonomic clusters that
display conserved folds, mechanisms, and catalytic residues. Computational tools designed to
improve predictive accuracy in CAZyme families will help to streamline the characterization of
enzymes that are essential for dismantling dietary glycans in the rumen [24, 76, 100].
Yeast -mannan (YM) is a mannose-rich glycoprotein found on the surface of
Saccharomyces cerevisiae [59] and is synthesized by a collection of glycosyl transferases that act
in sequence [101]. YM consists of a Man8-GlcNAc2 core that is conserved with mammalian highmannose N-glycans (HMNGs). Extending from this core, there is an -1,6-mannan backbone
decorated by short -1,2 side-chains terminated with -1,3 mannosyl residues. These side-chains
can be further branched through 1,6-mannophosphate esters [101]. The glycan composition and
linkage chemistry of mannnoproteins vary between species [77, 102]; for example,
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Schizosaccharomyces pombe has truncated side-chains and is enriched in -1,2-galactose. YM and
its derivative oligosaccharides (i.e. -mannanoligosaccharides, MOS) have been shown to induce
a variety of beneficial physiological effects in livestock [103-105]. YM is a component of several
commercial prebiotics, including Bio-Mos® [106], as well as alternative feedstocks, such as
distillers grains with solubles (DGS) [107]. DGS is a by-product of bioethanol production from
grains (e.g. corn) for fuel and beverages. Wet or dried DGS (WDGS or DDGS, respectively)
residues can be used directly as alternative livestock feeds [28, 108] or further fractionated to
increase nutritional content or recover coproducts [109].
Digestion of YM requires the combined action of several enzymes active on distinct
linkages, including -mannanases, -mannosidases, and glycosidic phosphatases [77]. These
enzymes are commonly classified in GH76, GH92, and GH125 families [59, 73, 110]. Previously,
the human intestinal bacterium B. theta VPI-5482 was shown to possess three PULs (MANPUL1,2,3) that fostered growth on YM and additional α-mannans derived from other yeast species
through a selfish mechanism [59]. Comparative growth profiles for a library of Bacteroidetes
demonstrated that YM metabolism is dispersed throughout the phylum, but is was most proficient
in a collection of B. theta strains [59]. Examination of Bacteroides xylanisolvens NLAE-zl P352
strains isolated from pigs reared on a diet infused with DGS revealed that the MAN-PUL1 cassette
was encoded on a transposable element, suggesting that aspects of YM metabolism can be
exchanged between strains [59]. This is consistent with reports that specialized metabolic abilities
can be transferred to intestinal Bacteroides spp. from species that occupy ecologically distinct
habitats [78, 96, 111]. The acquisition of CAZymes or pathways that endow microorganisms with
suitable metabolic machinery for unlocking underexploited nutrient streams facilitates their
persistence in highly competitive ecosystems.
Surveying microbiome communities at the genus and species levels does not provide a
comprehensive assessment of metabolic proficiency. In this regard, coupling biochemical system-
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based approaches to microbial genetics can provide more accurate predictions of metabolic
abilities. Cross-disciplinary tools, such as fluorescent glycan conjugates (FGCs) [83, 84], which
provide ‘direct’ evidence of glycan-metabolism relationships within individual cells, can illuminate
competitive nutrition dynamics at the single-cell level. Here, I have conducted a multi-layered study
of the evolution and function of YM metabolism in bovine-adapted B. theta strains (B. thetaBov) .
These strains adopt one of two growth phenotypes, referred to as “High Growers” (HG) and
“Medium Growers” (MG). Using genomics, transcriptomics, and CAZyme fingerprinting analyses,
I have identified two major MAN-PUL architectures; however, these do not correspond with the
HG and MG phenotype. Therefore, I have adapted the use of FGCs to develop a method for
quantifying glycan uptake to reveal new insights in transport efficiencies and growth phenotypes.
2.2 Results
2.2.1 Isolation and growth profiling of YM-utilizing B. thetaBov strains
To isolate pure bacterial cultures that can utilize YM, rumen and fecal communities were
enriched with YM, Bio-Mos®, or DDGS and streaked on selective YM (YM-MM) plates. Single
colonies were observed on the YM-MM plates within 24 h and new colonies formed up to 96 h
(Figure 2.1A). In total, 50 bacterial strains were collected from the enriched rumen and fecal
cultures. Pure cultures of each mannan-degrading (MD) isolate was subjected to multiple rounds
of streak plating, assigned a reference number (e.g. isolate #8 = MD8), and characterized by 16S
analysis. 16S rRNA gene sequences were run through the NCBI BLASTN [112] database to
determine their closest relatives. Nine isolates were further studied due to their propensity to grow
on YM (OD600 > 0.3): MD8 (rumen enriched with Bio-Mos®), MD11 (rumen enriched with YM),
MD13 (rumen enriched with YM), MD17 (rumen enriched with YM), MD28 (feces enriched with
YM), MD33 (feces enriched with Bio-Mos®), MD35 (feces enriched with Bio-Mos®), MD40 (feces
enriched with Bio-Mos®), and MD51 (feces enriched with DDGS). All nine isolates shared the
highest homology to B. theta; however, there was variation at the strain level (Table 2.1). MD
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isolates are classified and denoted as bovine-adapted strains of B. theta, or B. thetaBov. These data
are unsurprising, as Bacteroides spp. are among the predominant bacterial colonizers of the gut in
mammals, and B. theta strains (e.g. KPPR-3 and NLAE-21-C579) have been previously isolated
from bovine rumen and fecal samples [25, 113]; however, characterization of carbohydrate
metabolism was minimal.
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Table 2.1 Alignment of 16S rRNA gene sequences from mannan-degrading B. theta strains
isolated from bovine rumen and fecal samples blasted against the NCBI database.

Related bacterial strain(s) with the highest identity are shown.
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Figure 2.1 YM utilization by B. thetaBov isolates.
(A) Colonies of rumen bacteria grown on YM-MM plates. Plate shown represents a 1:106 dilution
of rumen sample. Figure courtesy of Adam D. Smith. (B) Growth profiles of B. theta VPI-5482,
B. theta ΔMAN-PUL1/2/3, and nine rumen isolates grown on 0.5% YM. (C) TLC analysis of
post-growth supernatants (50 h) of MD isolates grown on 0.5% YM. B. theta = strain VPI-5482,
ΔMAN = B. theta ΔMAN-PUL1/2/3.
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The proficiency of bovine isolates to utilize YM was investigated in pure cultures grown
in liquid media with YM as the sole carbon source. 41 of the 50 isolates did not display reproducible
growth in liquid YM culture and/or were classified as “Low Growers”, having a peak OD 600 < 0.2
after 50 h of growth (data not shown). Nine rumen isolates were observed having a peak OD 600 ≥
0.4 (Figure 2.1B). Based upon their growth phenotypes, these nine isolates, along with B. theta
VPI-5482, were divided into two categories: “Medium Growers” (MG) and “High Growers” (HG).
MD11MG, MD28MG, MD33MG, and MD35MG classified as MG (i.e. MD##MG); whereas, MD8HG,
MD13HG, MD17HG, MD40HG, MD51HG, and B. theta VPI-5482 were classified as HG (i.e.
MD##HG). Both phenotypes displayed biphasic growth, which was consistent with previous
observations [59]. A decline in OD600 followed the first growth peak, lasting ~20 h and ~13 h for
MG and HG, respectively, followed by a second growth phase. The initial MG peak reached an
OD600 ~0.4 at 9 h, with isolates ranging from 0.75-0.8 at ~50 h. The HG strains reached a peak
OD600 of ~0.7 during the first phase of growth and reached OD600 of ~0.8 at 30 h.
Post-growth supernatants were analyzed by thin layer chromatography (TLC) to assess the
depolymerisation profile of YM in the media (Figure 2.1C). Pure mannose was used as a control.
The YM-MM negative control demonstrates that there are no free mannooligosaccharides or
mannose in the substrate, and YM can be visualized as a dense signal at the origin. The B. theta
MAN-PUL1/2/3 deletion mutant (∆MAN-PUL1/2/3) did not grow and demonstrated that the
knock-out mutant cannot release products into the media. B. theta VPI-5482, MD8HG, MD13HG,
MD17HG, MD40HG, and MD51HG generated similar product profiles, with a noticeable loss of YM
staining and faint detection of oligosaccharides and mannose. The MGs displayed a different
product profile; each of the strains had residual YM in the post-growth media and the accumulation
of mannose was clearly visible for MD28MG, MD33MG, and MD35HG, which suggest there may be
differences in how YM is sequentially metabolised by these strains. To determine if these
phenotypes could be explained by their genetic content, the genomes of all nine rumen isolates
were sequenced.
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2.2.2 PUL delineation and comparative CAZomics
Whole genome sequencing and de novo assembly was performed to identify genes
implicated in YM utilization systems. SPAdes assembly output is shown in Table 2.2. 16S rRNA
gene sequencing is limited in its ability to delineate bacterial species and strains [114]. To further
resolve species identity, average nucleotide identity (ANI) based on BLAST+ was calculated using
the SPAdes assembled contigs and B. theta reference genomes in JSpeciesWS (Table 2.3) [115,
116]. The results were similar to the 16S rRNA gene sequence data, as each bovine isolate shared
the highest (>97%) identity with multiple strains of B. theta (i.e. 7330 and VPI-5482). These results
confirm that the bovine isolates are indeed strains of B. theta.
Reconstruction of the three YM-specific PULs and alignment with B. theta VPI-5482
determined a high-level of synteny between all strains (Figure 2.2A). MAN-PUL 2 and 3 are
absolutely conserved; MAN-PUL1 is only present in B. theta VPI-5482, MD33MG, and MD35MG.
The HMNG-PUL, which is not active on YM [59], is present in all nine isolate genomes. Based
upon genomic sequence, therefore, PUL architecture and the presence or absence of MAN-PULs
do not explain the differences in growth phenotypes.
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Table 2.2 SPAdes de novo genome assembly output of nine B. thetaBov isolates sequenced by
Illumina MiSeq PE150bp.

Number of contigs does not include contigs ≤ 1000 bp.
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Table 2.3 ANIb output of B. thetaBov assembled contigs blasted to characterized B. theta
strains from the JSpeciesWS genome reference database.

30

Figure 2.2 GH76 and GH92 profiles across B. thetaBov isolates.
(A) Synteny of MAN-PUL1,2,3 and HMNG-PUL of B. theta and nine B. thetaBov strains. Length
of genes are to scale and arrows indicate directionality. GH76s are indicated with coloured
triangles, whereas GH92s are indicated with coloured circles. MAN-PUL1 = Green, MAN-PUL2
= Blue, MAN-PUL3 = Yellow, and the HMNG-PUL = Red. (B) Mannose linkages within YM
targeted by GH76 or GH92 enzymes. The red oxygen represents the cleaved glycosidic bond.
Phylogenetic trees of all GH92 (coloured circles) (C) and GH76 (coloured triangles). (D) Using
SACCHARIS [24], GH76 and GH92 sequences from bovine isolate MAN-PULs are embedded
into trees of characterized sequences extracted from CAZy [67, 68]. Activities assigned to
characterized enzymes within each clade for GH92 are listed; GH76 has only been described to
possess endo-α-1,6-mannanase activity. (E) GH92 (top) and GH76 (bottom) fingerprints for each
bovine isolate. Black lines represent characterized GH enzymes published in the CAZy database;
red lines represent each family member identified in the strain. Bracketed numbers indicate the
total number of enzymes within each strain. Identical trees are connected with lines. Trees courtesy
of Jeffrey Tingley.
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To determine if there were differences in the amino acid sequence and evolution of
homologous enzymes, GH76 and GH92, two GH families known to be involved in YM
depolymerisation (Figure 2.2B; [59]), were analyzed by SACCHARIS (Figure 2.2C & D) [24]. For
both GH76 and GH92, every sequence within MAN-PUL1, 2, and 3 displayed the highest level of
amino acid sequence conservation with its syntenic homolog. Thus, each PUL is under selective
pressure to function as an intact system. To investigate if this is relationship is conserved for other
α-mannan degrading PULs, I used a genome-wide approach, previously referred to as CAZome
fingerprinting [24], which predicts the entire range of catalytic activities encoded within a family
or genome. As shown in Figure 2.2E, each bovine isolate encodes between 24 and 26 GH92s and
8 or 9 GH76s within its genome. When total enzymes from each family were embedded into
phylogenetic trees comprised of all characterized enzymes within each GH92 and GH76 family,
there were differences between the strains (Figure 2.2E). Only MD11MG and MD28MG, and MD17HG
and MD51HG displayed identical phylogenetic trees for GH76; whereas, every GH92 tree was
unique. Notably, these patterns are the result of sequence divergence, and total enzyme numbers
(Figure 2.2E). Similar differences were observed for other α-mannan active enzyme families
(GH38, GH99, and GH125; data not shown), suggesting that despite the high-level of conservation
within the MAN-PUL proteins, there may be metabolic specialization in α-mannan consumption
that exists between these strains.
2.2.3 RNA-seq: assembly, quantitation, and comparative analysis
RNA-seq was performed on B. theta VPI-5482, MD33MG, and MD40HG cells cultured on
both mannose and YM to determine if differential patterns in MAN-PUL expression could provide
insights into the MG and HG growth phenotypes. Log2 expression ratios were calculated using
DESeq2 [117] to normalize YM transcript expression to mannose. MAN-PUL2 and 3 displayed
increased expression in all three bacteria and MAN-PUL1 similarly increased in B. theta VPI-5482
and MD33MG (Figure 2.3A); this is consistent with what was previously reported for B. theta VPI-
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5482 [95]. The MAN-PUL gh, susC-like, and susD-like genes displayed the highest log2 expression
values across the B. theta VPI-5482, MD33MG, and MD40HG transcriptomes (Figure 2.3A & B),
which is consistent with previous PUL expression data [118]. Within the MAN-PULs, highest
levels of expression (log2 fold-change) were observed in the MAN-PUL3 susC-like (5.4) and susDlike (5.5) genes in B. theta VPI-5482; BT_2629 (GH92; 7.7) and BT_3792 (GH76; 7.7) homologs
in MD33MG; and the BT_3784 (GH92; 7.7) homolog in MD40HG (Figure 2.3B). Statistical analyses
of the MAN-PUL1,2,3 susC-like TPM values showed a significant difference (p < 0.05) between
the YM expression of B. theta VPI-5482 and the two B. thetaBov strains, with no statistical
difference (p > 0.05) of expression of the same genes in the mannose treatment. The MD33 MG
transcriptome was noticeably more dynamic than the other two strains, having higher numbers of
genes with increased or decreased expression (Figure 2.3A). As a HG, B. theta VPI-5482 was
predicted to have a similar expression profile as MD40HG. Somewhat surprisingly, B. theta VPI5482 MAN-PUL expression was at least a 2 log2 fold-change lower relative to MD33MG and
MD40HG (Figure 2.3B).
In addition to activation of the MAN-PULs, each transcriptome had regions that were
repressed (Figure 2.3A). B. theta VPI-5482 displayed down-regulation (log2 fold-change < -3.5) of
many genes, including PUL22, which is predicted to target dietary fructans (BT1758-1763) [94,
119]. Similarly, MD33MG and MD40HG repressed a homologous cluster of fructan-degrading genes
when grown on YM (log2 fold-change < -3.5). This suggests that there may be a YM-catabolite
repression effect between these two polysaccharides. Interestingly, this effect was not conserved
when the cultures were grown on mannose. In MAN-PUL2, BT_3775-BT_3776, which encodes a
biosynthetic gene cluster, displayed the lowest expression levels of all the genes. This is consistent
with what was reported previously (Figure 2.3B) [95].
PUL regulators are typically expressed at basal levels and regulated differently than
enzymes and transporters [95, 120]. This was observed for BT_3853 in all three bacterial strains,
which encodes the Sarp/OmpR regulator gene from MAN-PUL3 (-0.2 < log2 fold-change > 0.3; p
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> 0.05). In contrast, BT_2628, the HTCS from MAN-PUL1; and BT_3786, the HTCS from MANPUL2 were both moderately upregulated (log2 fold-change > 2.6; Figure 2.3B). However, induction
of regulator gene expression is not uncommon; previously, the PUL43 HTCS was also reported to
be activated when induced by oat-spelt xylan relative to xylose (log2 fold-change = 3.30) [118].
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Figure 2.3 RNA-Seq analysis of B. theta VPI-5482, MD33MG, and MD40HG cultured in
YM.
(A) Log2 expression ratios of each transcript of B. theta VPI-5482, MD33MG, and MD40HG. Length
of transcriptomes is indicative of genome size (B. theta VPI-5482 = 6.26 Mb, MD33MG = 6.28 Mb,
MD40HG = 6.16 Mb). (B) Expression levels of MAN-PUL1,2,3 and HMNG-PUL genes. Red
indicates an increase in transcript expression compared to the control, while green is a decreased
expression; grey represents gene transcripts not present in the corresponding genome. (C) Bar
graph represents log2 fold-change of CAZymes and SusC/D/E-like proteins in MAN-PUL1,2,3 and
HMNG-PUL encoded in the genomes of B. theta VPI-5482 (white), MD33MG (grey), and MD40HG
(black). Log2 fold-change compares gene expression of YM cultures normalized to mannose, N=3,
p≤0.01; except BT3853 and HMNG-PUL gene expression is not significantly (p > 0.05) different
between the two treatments. *Significantly different (p < 0.05) TPM expression of the susC-like
genes between B. theta VPI-5482 and B. thetaBov strains, courtesy of Timothy Schwinghamer;
statistical comparison of other MAN-PUL genes between strains were not calculated.
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2.2.4 Relatedness of transporters in MG and HG strains of B. thetaBov
The similar syntenic structures and gene sequences with YM-specific PULs, and the similar
patterns in MAN-PUL expression between strains show that the phenotypic growth differences do
not arise from MAN-PUL architecture or expression. To further investigate the cause of the two
MG and HG phenotypes, differences in transport efficiency were assessed. The sequences from the
MAN-PUL2 SusC-like (BT3788) and SusD-like (BT3789) homologs from each strain were aligned
(Figure 2.4A). The SusCD-like trees displayed a different clade pattern than the 16S rRNA tree
(Figure 2.4A-C). In the 16S rRNA gene tree, there is no apparent relationship between sequence
relatedness and growth phenotypes. The closest relative to B. theta VPI-5482 (a HG) is MD33MG,
and the sequences from the HG and MG strains are distributed stochastically throughout the tree.
In contrast, for the SusC-like and SusD-like amino acid alignments, there is a clear partitioning that
relates to growth phenotype (Figure 2.4B & C). HGs share 100% sequence identity (Table 2.4
shows SusC-like alignments; SusD-like data not shown) and form a distinct clade in the
phylogenetic trees produced using amino acid sequences; MGs similarly cluster with each other,
with the exception of one amino acid change in the SusD-like sequence. This relationship suggests
that changes in SusC-like or SusD-like primary structure, a complex that is responsible for transport
of YM-products into the periplasm, may contribute to the differential growth phenotypes. To
visualize the amino acid differences, a theoretical model of the MD33MG SusCD-like complex was
predicted based on a previously published B. theta structure [121] (Figure 2.4D & E). Colour
differentiation was used to highlight the amino acid changes between the HG and MG proteins, and
displayed multiple sites of amino acid differences distributed throughout the proteins. Amino acid
changes could affect structural and functional variability of the SusCD-like complex between the
MG and HGs, resulting in different uptake efficiencies of the surface YM products. Therefore, I
decided to investigate if of FGC accumulation is different between the B. theta VPI-5482, MD33MG,
and MD40HG strains.
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Figure 2.4 Sequence comparisons between B. theta and bovine isolates.
(A) 16S rRNA gene sequence comparison of B. theta VPI-5482 and B. thetaBov strains. Scale
represents number of nucleotide changes across horizontal axis. Amino acid sequence relatedness
of the (B) SusC-like and (C) SusD-like proteins encoded in MAN-PUL2. Bootstrap values
indicated at branch points. Scale represents number of amino acid substitutions. Trees courtesy of
Jeffrey Tingley. (D) Homology model of MD33MG SusC-like protein and (E) SusC/D-like pair
(modelled to PDB: 5FQ6 [121]) displaying cartoon and surface of SusC-like transporter in cyan,
with residues that are divergent between MG and HGs highlighted in magenta; MG SusD-like
protein shown in green with amino acid differences highlighted in yellow. Peptide ligand from
the reference SusCD complex displayed as red sticks. Models courtesy of Dr. Darryl R. Jones.
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Table 2.4 Percent identity matrix of the MAN-PUL2 SusC-like amino acid sequences from
isolated B. thetaBov strains generated by MUSCLE [76].

1B.

theta strain VPI-5482.
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2.2.5 Uptake of fluorescent glycan conjugates by B. thetaBov strains
FGCs have been used to study interactions with marine bacteria [84] and the human
intestinal bacterium B. theta VPI-5482 [122]. To determine if FGCs can be used to study the
interactions between YM and bovine-adapted strains of B. theta. MD33MG and MD40HG were
incubated with 6-aminofluorescein-YM conjugates (FLA-YM) or unlabelled YM (YM-MM) for
72 h. Following incubations with the probes, cells were stained with DAPI and Nile Red to visualize
cellular DNA and membranes. Subsequently, samples were imaged by super-resolution structured
illumination microscopy (SR-SIM). Cells cultured in YM-MM or cells sampled at 0 h in FLA-YM
did not show an increase in cellular fluorescence (Figure 2.5). FLA-YM signal accumulated within
MD33MG and MD40HG cells by 24 h and maintained fluorescence after 72 h incubation (Figure
2.5). FLA-YM signal was at the periphery of the cells and co-localized with the membrane.
Heterogeneity of FLA-YM uptake within populations was observed, suggesting there is
heterogeneity in cellular responses between cells. These results are consistent with previous results
of FLA-YM accumulation in B. theta VPI-5482 [122]. In this regard, FGCs can be used to study
differential metabolic responses in clonal populations.
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Figure 2.5 Single-cell visualization of FLA-YM uptake in MD33MG and MD40HG.
Cells counter-stained to localize DNA (DAPI) and membranes (Nile Red) within individual cells.
FLA-YM accumulation was observed heterogeneously in B. thetaBov strains incubated with FLAYM. Time point taken 72 h post-incubation with unlabelled YM (YM-MM) or FLA-YM.
Samples visualized by SR-SIM. Images courtesy of Dr. Greta Reintjes.
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2.2.6 Rate of FLA-YM uptake by B. thetaBov isolates
To determine if uptake can be differentiated between the two different growth phenotypes,
samples of B. theta VPI-5482, MD33MG and MD40HG were collected at 5 min, 10 min, 15 min, 20
min, 30 min, 1 h, 2 h, 4 h, and 24 h. Cellular accumulation and uptake of FLA-YM was determined
using flow cytometry (10,000 events measured per sample). B. theta VPI-5482, MD33MG, and
MD40HG cells start to uptake FLA-YM within 5 min of incubation (Figure 2.6A); however, the
three strains display differences in FLA-YM accumulation (Figure 2.6B) and rate of uptake (Figure
2.6C). The fluorescence intensity measures the accumulation of FLA-YM in each individual cell
in a sample (Figure 2.6B). Fluorescence of the three strains increases from 0 to 120 min, peaks at
120 min, and declines from 120 min to 1440 min (Figure 2.6B). MD33 MG had the lowest
fluorescence intensity values at each time point, with a peak value of 5011. MD40HG displayed the
highest fluorescence intensity, peaking at 13,581. B. theta VPI-5482 showed a fluorescence
intensity between the two bovine strains for each time point, with a peak value of 9,786. Large
standard deviations in each sample were observed due to heterogeneity of fluorescence intensity
between individual cells (Figure 2.6B). The percent of cells displaying uptake of FLA-YM showed
a similar pattern to single-cell accumulation, with more MD40HG cells showing uptake more rapidly
(22% at 5 min), B. theta VPI-5482 cells having an intermediate rate of uptake (9% at 5 min), and
MD33MG cells showing a slower rate (2% at 5 min) (Figure 2.6C). A difference in FLA-YM uptake
was observed between the three strains, with HG displaying a higher fluorescence intensity and
percentage of fluorescent cells than the MG at each time point.
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Figure 2.6 Quantification of FLA-YM uptake over time using flow cytometry.
Bar graph represents percentage of total (A) B. theta VPI-5482, (B) MD33MG, and (C) MD40HG
cells incubating with FLA-YM for 0 to 1440 min. Green = FLA-positive cells, grey = FLAnegative cells. Line graph shows the mean cell fluorescence of FLA-positive (solid line) and
FLA-negative (broken line) cells. Standard deviation bars shown. N = 10,000. Flow cytometry
data courtesy of Dr. Greta Reintjes.
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2.3 Discussion
The rumen houses a dense and diverse microbial community [86] consisting of a bacterial
microbiome [87] that specializes in the saccharification of plant and fungal polysaccharides.
Despite sequence diversity and catalytic potential of over 69,000 predicted CAZymes encoded in
the rumen microbiome [26], bacterial utilization of dietary glycans is suboptimal [14]. In this
regard, improving the efficiency of microbial digestion through direct-fed microbials (i.e.
probiotics) and selective feed additives (i.e. prebiotics) may help address the emerging challenges
associated with sustainable livestock production [20].
Effects of probiotic and prebiotic supplements on live weight gain and feed efficiency in
ruminants have been met with inconclusive results. Research trials tend to overlook mechanisms
of action through which probiotics and prebiotics act, often focusing instead on health and
productivity measures, such as ruminal pH, live weight gain, and volatile fatty acid production [56,
108, 123, 124]. Very little empirical data is available for interpreting the beneficial outcomes of
these dietary interventions for livestock. Advanced methods, such as culturomics, genomics,
transcriptomics, and bioinformatics will be useful for developing evidence-based probiotics and
prebiotics for beef production.
To discover bacteria within the rumen with a propensity for digesting YM, rumen samples
were enriched with YM and incubated anaerobically. Bacterial isolates were selected for and
isolated from these communities by dilution plating on nutrient restrictive, YM-containing media
(Figure 2.1A). Nine of the 50 defined mannan-degrading isolates showed a higher degree of YM
metabolic potential based on growth analysis (OD600 > 0.4). Interestingly, two definitive growth
phenotypes were observed, referred to here as MG (Medium Grower) and HG (High Grower) (Fig.
2.1B). Analysis of the spent supernatants of cultures grown on YM (Fig.2.1C) revealed that HGs,
including B. theta VPI-5482, depleted more of the polymeric substrate, and released very little
oligosaccharides into the media. This profile is consistent with selfish metabolism that was
previously reported for B. theta VPI-5482 [59]. Sharing of liberated carbohydrate products, or
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“public goods”[125], within a community has been referred to as distributive metabolism [53, 77].
Previously, Bifidobacterium adolescentis, a bacterium that cannot metabolize xylan, proliferated
when cultured with Bacteroides ovatus, a xylanolytic bacterium. It was determined that B.
adolescentis grew on simple xylan products released into the media [97]. A growing body of
evidence suggests that this feeding strategy is dependent on the complexity of the glycan substrate
[97]. In Bacteroidetes, structurally complex glycans appear to be transported into their periplasm
where they are saccharified by a collection of enzymes tailored for the recognition and cleavage of
substrate specific linkages and chemical modifications [58, 59, 84]. In contrast, the MG strains
consumed less YM substrate and released mannose into the media (Figure 2.1C), suggesting they
are less efficient at converting YM into energy and they may foster the growth of other bacteria on
mannose derived from YM in a community.
To determine if these growth phenotypes resulted from the acquisition of enzymes with
different functions or PULs with different architectures, the genomes of four MG (MD11 MG,
MD28MG, MD33MG, and MD35MG) and five HG (MD8HG, MD13HG, MD17HG, MD40HG, and
MD51HG) strains were sequenced and assembled. Alignment of the MAN-PULs from each genome
revealed a high-level of synteny between the nine B. thetaBov strains and B. theta VPI-5482 (Figure
2.2A). MAN-PUL2, MAN-PUL3 and HMNG-PUL were completely conserved in gene content
and pathway structure between all the isolates (Figure 2.2A). Somewhat surprisingly, MAN-PUL1
was only observed in B. theta VPI-5482, MD33MG, and MD35MG. It was anticipated that the
acquisition of an additional PUL (i.e. MAN-PUL1) may provide a fitness advantage associated
with the HG phenotype. However, the observation that MAN-PUL1 is found in B. theta VPI-5482
(a HG) and in only two of the four MG strains, suggests that the enzymes (BT2620, BT2622,
BT2623, BT2629, BT2630, BT2631 and BT2632) and transporter (BT2626) encoded with this
pathway do not catalyze rate-limiting reactions or transport processes during YM metabolism.
Furthermore, MAN-PUL2 was previously determined to be the cardinal PUL for YM metabolism
[59]. B. theta VPI-5482 MAN-PUL2 deletion mutants had a complete loss of growth phenotype;
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in contrast, deletion of both MAN-PUL1 and 3 produced only a delayed growth profile [59]. YM
metabolism is widespread in human gut Bacteroidetes, which was attributed to the consumption of
domesticated yeast [77]. Growth proficiency of these bacteria was also reported to vary between
species and strains, which may have resulted from multiple gene transfer events between gut
Bacteroides spp.. The data presented here, however, suggests that differential growth phenotypes
and modes of feeding (i.e. selfish vs. distributive), cannot be accurately predicted solely from the
analysis of PUL structure.
The sequential roles of enzymes within a pathway and the targeting of enzymes to different
compartments of the cell can have significant consequences for how substrates are modified. In this
regard, “keystone” [126] or “vanguard” [93] enzymes have been described as foundational enzymes
for providing access to a complex glycan substrate. Keystone enzymes tend to be surface exposed,
endo-acting enzymes that cleave large, complex glycans into products that can be transported into
the cell. For YM digestion, BT2623 and BT3792 have been identified as surface exposed endo-αmannanases (GH76s) required for the generation of YM-fragments that can be transported. Without
these activities, YM would be refractory to transport, and the cell would be unable to use YM
subunits as an energy source. Sequence divergence of the cell surface enzymes could change their
activity and the depolymerization profile of polysaccharides outside the cell. Thus, methods to
improve the accuracy of functional prediction of CAZymes are extremely useful for helping to
decode large sequence datasets. In this regard, clustering family members into sub-families has
been shown to provide insight into sequence-function relationships [69-72]. Similarly, Jones et al.
has developed an automated pipeline that embeds unknown user sequences into phylogenetic trees
built from biochemically characterized family sequences [24].

This pipeline, called

“SACCHARIS”, can aid in the functional prediction of uncharacterized sequences from genomic
and transcriptomic datasets. In this study, SACCHARIS was used to phylogenetically compare
rumen B. thetaBov and previously characterized α-mannan-active GH sequences.
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To determine if sequence heterogeneity within MAN-PUL GHs could be responsible for
influencing the sequence or rate of YM modification, GH92 and GH76 sequences were extracted
from all of the MG and HG genomes. GH92 is a polyspecific family known to be active on diverse
α-mannosyl linkages [73]; GH76 is a family of endo-α-mannanases (Figure 2.2B) [24, 59]. When
aligned with the characterized CAZy sequences from each family, the MAN-PUL sequences from
the rumen isolates display strict conservation with the B. theta VPI-5482 GH92s (Figure 2.2C) and
GH76s (Figure 2.2D), including the keystone GH76s BT2623 and BT3792. This pattern is not
conserved across the entire genome, however, as each strain displayed a unique pair of GH92/GH76
CAZyme fingerprints (Figure 2.2E). Unique profiles were also observed for other α-mannosyl
cleaving GH families (i.e. GH38, GH99, and GH125; data not shown), suggesting that although
there is strict conservation of YM metabolism encoded within MAN-PUL1,2,3, there is strain-level
specialization in the consumption of other fungal or host α-mannan substrates. In this regard,
CAZyme fingerprinting is a valuable approach for identifying enzyme additions and deletions that
exist in related strains; information that can streamline biochemical characterization.
Following the observation that GH sequences encoded within MAN-PULs were conserved,
I reasoned that the MG and HG growth phenotype may result from differential regulation of the
MAN-PULs. Increases in the transcript levels of SusC/D-like or keystone enzymes (e.g. GH76),
may improve the conversion efficiency of YM into mannose. Differences in transcript levels could
result from substrate recognition, promoter structure, HTCS affinity, or catabolite effects [119, 127129]. MAN-PULs are described as promiscuous PULs because they can be activated by structurally
diverse α-mannans [59]. Phenotypic growth differences could be explained by nutrient
specialization within B. thetaBov strains. Decreased MAN-PUL transcript expression in MG isolates
would be indicative of PULs that are less sensitive to YM from S. cerevisiae; whole transcriptomes
of HG and MG strains were sequenced and analyzed to test this hypothesis.
As expected, the MAN-PUL1,2,3 in B. theta VPI-5482 and MD33MG, and MAN-PUL2,3
in MD40HG; were activated when grown on YM (Figure 2.3A & B) with similar expression patterns
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for GHs and transporters (Figure 2.3C). B. theta VPI-5482 is model bacterium, well adapted for
use in laboratory environments. In this regard, along with the a 2-fold decrease in transcript
expression of MAN-PUL2 proteins relative to MD33MG and MD40HG (Figure 2.3C), suggests that
B. thetaBov strains, which were selectively isolated solely for their ability to degrade YM, may be
better adapted for metabolism of α-mannans. However, the significantly (p < 0.05) lower transcript
expression of B. theta VPI-5482 MAN-PUL genes, specifically the susC-like genes relative to
MD33MG, does not correlate with the differential growth phenotypes. A closer look at the individual
transcripts revealed that every MAN-PUL gene is activated by YM, except for the MAN-PUL3
HTCS, BT_3853 (Figure 2.3B). This is a common observation, as regulator genes tend to be
independently regulated at basal levels [95, 120]. Moderate HTCS transcript activation was
observed for MAN-PUL1 and 2, however, a result that is consistent with what was described for
BXY_29350 [118] and BT_3172 [127]. Although the impacts of HTCS induction on PUL function
are not known, it may be important for regulating or augmenting the expression of keystone
enzymes or transport machinery.
Previously, it was shown that the amino acid homology of a SusD-like protein involved in
fructan utilization is relatively low between two strains of B. theta, despite few taxonomic
differences seen in their 16S rRNA taxonomy [130]. This suggested that PUL genes can evolve
independently, which was further supported in the sequence comparisons of the B. thetaBov isolates.
The clear divergence of the MAN-PUL2 SusC-like and SusD-like amino acid sequences between
HG and MG isolates did not reflect 16S phylogeny (Figure 2.4A-C). In addition, this divergence
was not seen in the MAN-PUL3 SusC-like and SusD-like protiens, which showed 99% identity
shared between all nine isolates. Thus, differences in the MAN-PUL2 transporter may play a role
in the differential growth phenotypes of the bovine isolates. Alignment of the primary structure of
the HG and MG proteins determined that there are regions of highly conserved sequence punctuated
by regions of heterogeneity (data not shown). A theoretical model of the MAN-PUL2 SusC-like
and SusD-like proteins displays the sections of amino acid divergence between the HG and MG
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sequences (Figure 2.4D & E). Modifications to protein structure could result in functional
variability between the HG and MG SusC/D-like complexes. Differences in transport proteins may
prevent sufficient import of GH76 end-products, which would impact the rate of depolymerization
into small oligosaccharides and mannose. This is supported by the pronounced mannose signal
observed in the MG relative to HG supernatants (Figure 2.1C). B. theta VPI-5482 displays a similar
growth profile (Fig. 2.1B) and feeding strategy (Figure 2.1C) to the HG group of bovine-adapted
B. thetaBov isolates, while the MG phenotype adopts a distributive, less efficient feeding strategy
(Figure 2.1C). RNA-seq analysis displayed similar patterns of MAN-PUL expression between B.
theta VPI-5482, MD33MG, and MD40HG, with few outliers, suggesting differential expression of
MAN-PUL proteins is not the cause of the growth phenoypes. Comparative sequence analysis
highlighted amino acid differences between the MAN-PUL2 SusC- and SusD-like proteins in the
MG and HGs that may contribute to less efficient import of depolymerized YM, which was further
investigated using FGCs.
Previously, FGCs, paired with SR-SIM, have been used to study interactions between
glycans and marine bacteria from the phyla Bacteroidetes and Planctomycetes [84], and more
recently, between YM and RGII FGCs and B. theta VPI-5482 [122]. Specifically, FLA-YM and
FLA-RGII uptake into the periplasmic space of B. theta VPI-5482 was visualized. Therefore, to
determine if FGCs could be used in a similar manner to study glycan uptake in rumen bacteria,
MD33MG and MD40HG were incubated with FLA-YM. SR-SIM analysis determined that both
strains contained FLA-YM signal (Figure 2.5), similar to what was observed by Hehemann et al.
[122]. Importantly, the FLA co-localized with the Nile Red membrane stain, suggesting that the
probe accumulates in the periplasmic space.
The observation that interactions of FLA-YM with HG and MG strains can be visualized
(Figure 2.5) suggested that FGCs could be used to study rates of uptake. Therefore, I decided to
conduct a time course analysis on MD33MG and MD40HG FLA-YM uptake. Following activation
on YM, MD40HG displayed a more rapid uptake and accumulation of FLA-YM, with the highest
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fluorescence intensity (2,683) and percentage of stained cells (22%) relative to the other strains
after 5 min; whereas, MD33MG, required 30 min to reach a similar level (2,203) of intensity and
fluorescent cell count (16%) (Figure 2.5B & C). These results suggest that transport of YM products
is rate-limiting and supports the hypothesis that uptake efficiencies may be responsible for
differential growth phenotypes. Potentially, transport inefficiencies could be attributed to SusC/Dlike effects, as their sequences are differentially conserved between the MAN-PUL2 transport
proteins encoded in the B. thetaBov MG and HG strains.
Based upon the fructan PUL and the MAN-PULs, an emerging pattern suggests that the
selection pressures governing carbohydrate metabolism operate independently of taxonomy. The
acquisition of PULs, or combinations of PULs (Fig. 2.2A), within Bacteroides spp. has been
hypothesized to occur by horizontal gene transfer and is linked to spatial and cultural dietary habits
[78, 111]. Functional diversification within Bacteroidetes, therefore, is consistent with the
“Nutrient Niche Hypothesis” proposed by Freter et al. [45], which suggests that metabolic abilities
are determined by the creation and filling of ecological nutrient niches. In this regard, the rumen
represents a complex and dynamic system to study the evolution of carbohydrate metabolism
shaped by responses to dietary regimes.
2.4 Conclusion
This study presents a combination of omic-based and fluorescent glycan methods to study
differential YM growth phenotypes displayed by two groups of rumen B. thetaBov isolates. The HG
phenotype is associated with higher growth densities, selfish metabolism, and faster YM uptake
kinetics; whereas, the MG phenotype displays an early growth plateau, a release of mannose into
the media, and slower YM uptake kinetics. Somewhat surprisingly, these physiological properties
and feeding strategies cannot be explained by PUL architecture, CAZyme sequence, or transcript
expression levels. Analysis of the proteins involved in YM transport revealed there is sequence
heterogeneity in both the SusC-like and SusD-like proteins of MAN-PUL2; differences which may
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affect uptake efficiencies. This possibility was supported by the use of FGCs to visualize YM
interactions and quantify its transport kinetics. Importantly, this is the first time FGCs have been
used to visualize uptake of glycans by rumen bacteria at the single-cell level and to study uptake
kinetics of glycans by B. theta strains. In this regard, this study represents a methodological
platform to study interactions between chemically distinct glycans with bacteria from diverse
ecosystems, and to develop evidence-based probiotics and prebiotics for applications in livestock.
2.5 Materials and Methods
2.5.1 Isolation of bovine-adapted mannan-degraders
Bovine rumen and fecal samples were collected and enriched by Dr. Trevor Alexander’s
group. In vitro batch culture experiments using ruminal and fecal inoculant were enriched with the
following substrates: Bio-Mos® (1% W/V), corn DDGS (1% W/V; DDGS), or YM (1% W/V).
Three biological replicates for each sample were incubated anaerobically at 39°C on a rotary shaker
for 24 h. Bacteria were isolated from the enriched batch cultures by streaking onto nutrient
restricted media supplemented with 0.5% YM to select for YM-degraders. Serial dilutions of the
batch cultures (100-10-6) were similarly streaked on YM plates. Plates were incubated anaerobically
(atmosphere: 85% N2, 10% CO2, 5% H2) for up to four days. After 24-96 h of incubation, single
colonies were selected and inoculated in nutrient rich Brain Heart Infusion (BHI) medium: 3.7%
Bacto™ Brain Heart Infusion (BD; 237500), 8.3 mM L-cysteine, 10mL/L hemin (0.77 mM hemin
in 0.01M NaOH), and 0.2% NaHCO3. Overnight cultures were centrifuged and resuspended in 0.8
mL glycerol (50%) and stored at -80 °C. In total, 50 YM-degrading bacterial isolates were
characterized for their propensity to metabolize YM. Nine of these isolates were selected for
detailed analysis in this study.

2.5.2 Growth profiling of bovine isolates
Bovine isolates, wild type B. theta VPI-5482, and a mutant B. theta strain lacking MANPULs 1, 2, and 3 (MAN-PUL1/2/3; donated by Dr. Elizabeth Lowe, Newcastle University) [59]
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were cultured overnight in tryptone-yeast-glucose (TYG) medium : 1% Bacto™ Tryptone (BD;
211705), 0.5% Yeast Extract Bacteriological (VWR; J850), 4.1 mM L-cysteine, 0.2% glucose, 0.1
M KPO4 pH 7.2, 2.2 µM vitamin K3, 40 µL/mL TYG Salts (2 mM MgSO4·7H2O, 119 mM NaHCO3,
and 34.2 mM NaCl), 28.8 µM CaCl2, 1.4 µM FeSO4, 4.4 µM resazurin, 1 µL/mL (v/v)
histidine/hematin (1.9 mM hematin, and 200 mM L-histidine, 1000X stock solution). All growth
incubations were performed in anaerobic conditions (atmosphere: 85% N2, 10% CO2, 5% H2) at
37°C in a vinyl anaerobic chamber (Coy Lab Products). The overnight cultures (OD 600 1.0-1.4)
were diluted to an of OD600 0.05 in 2X Bacteroides minimal medium (MM), pH 7.2: 200 mL/L
(v/v) 10X Bacteroides salts solution pH 7.2 (999 mM KH2PO4, 30 mM NaCl, 17 mM (NH4)2SO4),
20 mL/L (v/v) Balch’s Vitamins pH 7.0 (36.5 µM ρ-aminobenzoic acid, 4.5 µM folic acid, 8.2 µM
biotin, 40.6 µM nicotinic acid, 10.5 µM calcium pantothenate, 13.3 µM riboflavin, 14.8 µM
thiamine HCl, 48.6 µM vitamin B6, 73.8 nM vitamin B12, and 24.2 mM thioctic acid), 20 mL/L
(v/v) Amino Acid Solution (5 mg/mL amino acids: alanine, arginine, asparagine, aspartic acid,
cysteine, glutamic acid, glutamine, glycine, histidine, isoleucine, leucine, lysine, methionine,
phenylalanine, proline, serine, threonine, tryptophan, tyrosine, and valine), 20 mL/L (v/v)
Purine/Pyrimidine Solution pH 7.0 (1 mg/mL adenine, guanine, thymine, cytosine, and uracil), 20
mL/L (v/v) Trace Mineral Solution pH 7.0 (1.7 M ethylenediaminetetraacetic acid, 12.2 M
MgSO4·7H2O, 3 MnSO4·H2O, 17.1 M NaCl, 359.7 mM FeSO4·7H2O, 901.1 mM CaCl2, 347.7 mM
ZnSO4·7H2O, 40.1 mM CuSO4·5H2O, 161.7 mM H3BO3, 41.3 mM Na2MoO4·2H2O, and 84.1 mM
NiCl2·6H2O), 4.4 µM vitamin K3, 2.9 µM FeSO4·7H2O, 14.4 µM CaCl2, 2 mM MgCl2·6H2O, 7.4
pM vitamin B12, 16.5 mM L-cysteine, and 2 µL/mL (v/v) histidine/hematin. Wells of 300 µLflatbottomed 96-well microtiter plates (Falcon) were filled with 100 µL of sterilized 1% (w/v) YM
(Sigma, St. Loius, USA; M7504) or mannose with 100 µL inoculant (n=4). Negative control wells
consisted of 100 µL 2X MM combined with 100 µL 1% (w/v) YM or mannose and were used to
normalize curves against buffer effects. 100 µL bacterial suspension was used as inoculant to get
starting OD600nm ~0.025. Plates were sealed with polyurethane Breathe-Easy gas-permeable
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membranes (Sigma; Z390059). Absorbance (600nm) of each well was measured with a Biotek Eon
microplate reader and recorded on Biotek Gen5 software every 10 minutes for 50 hours. Mean (±
standard deviation) of each condition (n = 4) was visualized using GraphPad Prism 6.
Post-growth cultures were harvested and centrifuged. Supernatants were taken and 6 µL
was ran on a silica sheet in 2:1:1 (butanol:d2H2O:acetic acid) running buffer. The plate was dried
at ambient temperature. Orcinol (diluted to 1% in a solution of 70:3 ethanol:sulfuric acid) was used
as a stain. Once the plate was dry, it was activated in an oven at 120˚C and imaged.
2.5.3 Genome sequencing, assembly, and annotation of B. thetaBov strains
16S rRNA gene sequencing was done on 50 bovine bacterial isolates to determine
taxonomic classification using universal primers: 5’-AGR GTT TGA TCM TGG CTC AG-3’ and
5’-GGT TAC CTT GTT ACG ACT T-3’. Of these isolates, nine were chosen for whole genome
sequencing using Illumina MiSeq PE150bp based on growth profiles (OD600 > 0.3) and 16S rRNA
sequencing results. Genomes were assembled using SPAdes de novo assembly [131]. The K-mer
value in SPAdes was chosen from (21, 33, 55, 77 - defaults for 150bp reads). Quality reporting of
the assemblies was done using Quast [132]. SPAdes assembly N50s, largest contigs, and number
of contigs shown in Table 2.2. Isolate contigs were blasted against the reference genome B. theta
VPI-5482 for MAN-PUL1,2,3, and the HMNG-PUL using NCBI BLAST (2.7.1) [133]. SPAdes
contig assemblies were aligned with the JSpeciesWS reference B. theta genomes to calculate
average nucleotide identity based on BLAST+ (ANIb) [115, 116] (Table 2.3).
2.5.4 PUL delineation and comparative CAZomics
Isolate contigs were run through EMBOSS GetORF [134] in order to determine open
reading frames; this data was run through the dbCAN [100] HMMscan in order to pick out CAZyme
sequences. CAZyme sequences were put through SACCHARIS [24] (Sequence Analysis and
Clustering of CarboHydrate Active enzymes for Rapid Informed prediction of Specificity), a novel
in-house designed pipeline that produces phylogenetic trees of gene sequences based on percent
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identity. User sequences of CAZymes and associated modules, such as CBMs, can be paired with
known CAZy sequences from the CAZY database [135], trimmed to their catalytic domain with
dbCAN, aligned with MUSCLE [136], and fitted for the best phylogenetic tree using Prottest3
[137] to find the appropriate amino acid replacement model, and either RAxML [138] or FastTree
[139] to generate the final tree. GHs from families 38, 76, 92, 99, and 125 identified in the genomes
of the MD isolates were analyzed by SACCHARIS. Phylogenetic trees were developed using
FastTree, and newick file outputs were viewed using FigTree [140] (Figure 2.2).
2.5.5 RNA-seq: assembly, quantitation, and comparative analysis
B. theta VPI-5482, MD33MG, and MD40HG were each inoculated into three tubes containing
5 mL of TYG media. Overnight cultures of B. theta VPI-5482, MD33MG, and MD40HG (OD600 1.01.4) were diluted with 2X MM to an OD600 0.05. 100 µL of 1% YM or mannose was added to six
wells of diluted culture aliquoted from the same overnight stock, to a final volume of 200 µL. This
step was repeated three times for a total of three replicates (each divided among six wells) for each
bacterial strain and treatment. Cells were harvested during exponential phase (OD600 0.4-0.8). Six
wells were pooled and added to an equal volume of RNAprotect (Qiagen). The mixture was
vortexed for 5 sec and incubated for 5 min at room temperature. After incubation, the protected
cells were centrifuged (10 min; 2,800 x g). The supernatant was decanted and pellets were stored
at -80°C until further processing.
RNA was extracted and purified using a GeneJET RNA Purification kit (Thermo
Scientific) within 1 week of storage. RNA was sent to Génome Québec for Illumina HiSeq 4000
PE100bp sequencing. Using Geneious v11.1.2 [141], each set of reads was mapped to their
previously assembled genomic sequence, or in the case of B. theta VPI-5482, to the genomic
sequence from the NCBI database (NC_004663). Expression levels were calculated as transcript
expression (transcript per kilobase per million; TPM) for each growth treatment. Ambiguously
mapped reads were counted as partial matches. The Geneious DESeq2 [117] plugin was used to
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compare the expression levels between the two treatments, producing log2 expression ratios and pvalues. A generalized linear mixed model was used to calculate statistical differences of TPM
values between the MAN-PUL1,2,3 susC-like genes of each bacterial strain.
2.5.6 Sequence comparison and modelling of SusCD-like proteins
MUSCLE was used to align MAN-PUL2 and 3 SusC-like and SusD-like amino acid
sequences of each isolate and calculate percent identity (Table 2.4). 16S rRNA gene and MANPUL2 SusC-like and SusD-like amino acid phylogenetic trees were generated using the Maximum
Likelihood method and Tamura-Nei model [142]. Evolutionary analyses were performed by
MEGA X [143]. Trees with the highest log likelihood are shown in Figure 2.4A, B, and C. MD33MG
SusC-like and SusD-like protein structures were predicted based on PDB 5FQ6 (BT2261-2264
SusCD complex) [121] using the PHYRE2 server [144] and modelled with PyMOL (v2.0) as
cartoon and surface features. Residues identified in the MUSCLE alignment to be different between
HG and MG SusC-like and SusD-like sequences were differentially coloured (Figure 2.4D & E).
2.5.7 Generation of FLA-YM conjugates
A previously defined protocol [83, 84] was used to generate fluorescently labelled YM (FLAYM), with slight variations. To chemically activate the polysaccharide, 350 µL 0.81 M Cyanogen
bromide (CNBr; 97%; Sigma C91492) was added to 2 mL 2% YM. For ~5 min, pH was monitored
and maintained above 9.5 with additions of 0.25 M NaOH. Activated YM was separated from
CNBr using Sephadex® G-50 gel filtration medium in a column coupled to a Bio-Rad BioLogic LP
Multistatic peristaltic pump (flow rate: 1 mL min-1). The mobile phase consisted of 0.2 M sodium
tetraborate decahydrate pH 8.0 (≥99.5%, Sigma S9640). Activated YM was eluted into a vial
containing 2.0 mg Fluoresceinamine Isomer II (FLA; ~95%; Sigma O7985) wrapped in aluminum
foil and incubated for ~24 h at ambient temperature. To remove excess FLA and purify labelled
YM, the reaction mixture was loaded onto Sartorius Vivaspin 15R columns (5,000 MWCO;
VS15RH11) and centrifuged (210 x g). Columns were repeatedly topped up with distilled H2O and
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centrifuged until a clear filtrate was observed. The purified FLA-YM was lyophilized, covered in
aluminum foil and stably stored (~4°C) until further use.
2.5.8 Uptake of FLA-YM by strains of B. thetaBov
Wild type B. theta VPI-5482, B. theta MAN-PUL1/2/3, and rumen isolates MD33MG, and
MD40HG were inoculated in TYG and grown as described above. Cells were harvested in
exponential phase (OD600 ~1.0) and centrifuged (4,700 x g) for 5 min, the supernatant was removed,
and pellets resuspended in 2 mL 2X MM for the first two washes. After the third centrifugation,
pellets were resuspended in 2 mL MM with 0.5% YM (B. theta VPI-5482, MD33MG, and MD40HG)
or 0.5% glucose + YM (B. theta ΔMAN-PUL1/2/3) as the sole carbon source (not conjugated to
FLA) to prime bacterial metabolism of YM. After ~18 h incubation, cultures were centrifuged and
washed three times, with the final resuspension in 2 mL 2X MM. 300 µL of the resuspended pellet
was aliquoted into 0.2% unlabeled YM or FLA-YM. 20 µL of the 2X MM resuspension was used
as the 0 h time point, as the cells were not exposed to FLA-YM. 40 µL aliquots of each condition
were taken at two additional time points: 24 h and 72 h. The cells were centrifuged (10 min; 2,300
x g) and the pellet was fixed in 1% formaldehyde (FA; Sigma; F8775) in 1X phosphate-buffered
saline pH 7.4 (PBS; 137 mM NaCl, 2.7 mM KCl, 10 mM Na 2HPO4), at 4°C for 18-24 h. The fixed
cells were centrifuged (10 min; 2,300 x g) and washed in 1X PBS. The samples were centrifuged
and stored at 4°C in the dark until visualized by SR-SIM (Figure 2.5).

2.5.9 Rate of FLA-YM uptake by B. thetaBov isolates
B. theta VPI-5482, MD33MG, and MD40HG were grown in TYG and prepared as described
above. After 24 h growth, cultures were divided into 2 mL 0.5% YM or mannose to create activated
and non-activated populations, respectively. Cells were harvested in exponential phase (OD600 0.61.0), centrifuged (10 min; 2,300 x g), and resuspended in 2 mL 2X MM. 300 µL of the resuspension
was added to 1 mL 2X MM. 20 µL of each treatment sample was aliquoted into 1 mL 1% FA and
used as the T0 timepoint. FLA-YM or YM was then added to each culture and additional time
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points of 40 µL were taken at 5 min, 10min, 15 min, 20 min, 30 min, 1 h, 2 h, 4 h, 8 h, and 24 h
and visualized by SR-SIM (Figure 2.6).
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2.5.10 Visualization of FLA-YM uptake
Super-resolution microscopy were performed as described in [122]. Briefly, 30 µL of fixed
cells were fixed to poly-D-lysine-coated #1.5 coverslips (0.17mm thick) at 40˚C. The coverslip was
rinsed with d2H2O to remove residual salts. Samples were counter-stained for 10 min and 25 min
with 1 ng µL-1 WS 4’,6-diamidino-2-phenylindole (DAPI) and 2 ng µL-1 WS Nile red, respectively.
Cells were washed with 18 MΩcm-1 after each stain and mounted with 4:1 Citifluor/VectaShield
mounting solution. Cells were then visualized using a Zeiss ELYRA PS.l (Carl Zeiss). Lasers with
wavelengths 561, 488, and 406 nm and optical filters BP 573-613, BP 502-538, and BP 420-480 +
LP 750 were used. Using Plan-Apochromat x63/1.4 oil objective, Z-stack images were taken.
Images were processed using the ZEN2011 (Carl Zeiss, Germany) software.
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Chapter 3
Future Directions
This project has used a combination of genomics, transcriptomics, bioinformatics, and
FGCs to investigate the interaction between YM and B. theta strains isolated from rumen and fecal
samples of cattle, referred to here as B. thetaBov. This work builds upon previous studies that used
FLA-YM and FLA-RGII to visualize uptake in B. theta VPI-5482 [122], and a variety of FGCs to
visualize glycan uptake in pure cultures of marine bacteria [84]. Beyond these applications, I
foresee that FGCs could be used in future studies, including to visualize single-cell glycan
metabolism in complex communities, generate metabolically enriched metagenomes, and tract
passage of FGCs through the gastrointestinal tract of mice using non-invasive whole body imaging.
Each of these applications will be discussed in more detail below.
3.1 Visualization of individual cell glycan metabolism in complex communities
In this and previous studies [84, 122], FGCs were used in pure culture. Adding FGCs to
complex microbial communities, however, has the potential to discriminate between cells that
interact with and metabolize the labelled glycan. Subsequently, taxa within the community can be
identified using fluorescence in situ hybridization (FISH) and enumerated using flow cytometry to
determine the proportions of taxonomic groups in different samples. In this regard, I have
conducted a preliminary study to explore the utility of FLA-YM to label microbial cells within
rumen communities. Samples were extracted from cannulated sheep that were either fed a control
diet (did not contain α-mannan), or one of two diets that were enriched with either DDGS or BioMos®. Preliminary SR-SIM images revealed a diversity of cell morphologies and that FLA-YM
signal is enriched in samples that were supplemented with DDGS and Bio-Mos® (Figure 3.1).
Therefore, it appears that this approach may provide an effective way to directly visualize
interactions between glycans and intestinal bacteria, which could be useful for identifying new
prebiotics.
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Figure 3.1 Rumen communities fed different diets incubated with FLA-YM.
Sheep reared on control diets (CTRL), or diets enriched with DDGS or Bio-Mos®. Samples were
incubated with FLA-YM (green) for 24 h anaerobically at 37˚C and visualized by SR-SIM.
Samples counter-stained with DAPI (blue) to localize cellular DNA. Images courtesy of Dr. Greta
Reintjes.
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3.2 Fluorescence assisted cell-sorting to generate metabolically enriched metagenomes
FGC-labeled microorganisms within complex communities (Figure 3.1) can also be sorted
and characterized. I hypothesize that these sorted microbiomes would be enriched with genes
encoding transport and enzyme machinery tailored for the metabolism of FGC-associated glycans.
Fluorescent assisted cell sorting and sequencing (FACSeq) of intestinal microbiomes, therefore,
provides a culture-independent method to enrich natural microbial communities for CAZyme
sequences of interest and provide a novel method for CAZyme bioprospecting.
3.3 Non-invasive whole-body imaging
FGCs have the potential to be used as in vivo molecular probes to monitor the passage of
prebiotic glycans through the gastrointestinal tract of mice. This information may be useful for
measuring transit time and the spatial distribution of glycan metabolism. To investigate the
potential of this technology, a preliminary study has been conducted. Conventional c57bl/6 mice
with an agnotobiotic gut microbiota were fed a diet ± YM for two weeks and then gavaged with a
sample that contained ± 3% FLA-YM. Non-invasive whole-body imaging was performed at 3 h
(Figure 3.2A). Fluorescent signal was detected in mice reared on diets ± YM (Figure 3.2A). There
did appear to be a retention of signal in the small intestine in the mice that were fed YM in their
diets (Figure 3.2B). In the future, follow-up experiments that include 3 h, 5 h, 9 h, and 24 h time
points will be done to determine if activated communities delay the passage of FGCs through the
GI tract over longer periods of time.
To investigate if changes in FGC uptake by intestinal bacteria was influenced by diet,
cecum samples were collected, fixed, and visualized using epifluorescence. There was a higher
density of FGC signal in the activated communities (Figure 3.2C), which was similar to what was
observed in pure culture (Figure 2.5) and sheep rumen communites (Figure 3.1). Therefore, it
appears that FGCs represent versatile tools to investigate glycan-bacterial interactions and can be
used at levels ranging from the entire digestive system down to single-cells. In the future, coupling
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FGC applications to -omics technologies, such as FACSeq or meta-transcriptomics and metaproteomics will provide next-generation approaches to characterize the function of microbiomes.
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Figure 3.2 Visualization of FLA-YM transport through murine gastrointestinal tracts.
(A) Mouse fed control diet and gavaged with H2O. (B) Mouse fed control diet and gavaged with
FLA-YM. (C) Mouse fed YM diet and gavaged with FLA-YM. (Top Left) Whole body imaging
of mice overlaying fluorescence and x-ray scans (ventral side of mice are shown). (Top Right) Ex
vivo fluorescence scan of dissected gastrointestinal tracts (major anatomy labelled) showing FLAYM signal. Fluorescence intensity scale shown beneath each image; grey = no fluorescence
detected, red = lowest fluorescence signal, magenta = highest fluorescence signal. Images courtesy
of Dr. Bjoern Petri. Bacteria extracted from mice ceca were visualized by epifluorescence
microscopy; cells were counterstained with DAPI (Bottom Left) to identify individual cells
accumulating FLA-YM (Bottom Right) signal.
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